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ABSTRACT 

 Obesity is associated with an increase in low grade systemic inflammation. Skeletal 

muscle of individuals with obesity undergo numerous biochemical and morphological alterations 

including an increase in ectopic lipid accumulation in skeletal muscle and increased macrophage 

infiltration. Increased intermuscular adipose tissue and macrophages contribute to skeletal 

muscle inflammation and insulin resistance by secreting elevated proinflammatory cytokines and 

lipids. This also contributes to reduction in skeletal muscle quality, increasing the susceptibility 

of muscle to damage and impairing the regenerative response to muscle. Exercise training can 

reduce inflammation and improve skeletal muscle quality. Importantly reductions in 

inflammation occur without change in adiposity. Peroxisome proliferator activated receptor  

coactivator 1- (PGC-1exerts protective effects on skeletal muscle against damaging insults 

and may improve muscle regeneration. 

 The primary aim of my dissertation was to determine the mechanisms that lead to deficits 

in skeletal muscle integrity and regeneration in persons with obesity. In Chapter 1, an 

introduction to the various physiological, pathological, and clinical topics is provided. In Chapter 

2, we investigated how exercise training and obesity independently alter skeletal muscle 

extracellular vesicle (EV) miRNA (miR) content. We found that obesity alters EV miR content 

indicative of altered anabolic signaling, while exercise training altered EV miR content in a 

manner indicative of reduced inflammation. In Chapter 3, we report that overexpression of PGC-

1reduces cardiotoxin induced damage of primary human myotubes but limits the ability of 

undifferentiated cells to reenter the cell cycle and produce progeny that could aid in the 

restoration of myotubes. In Chapter 4, we demonstrate that exposure to an obesogenic 

environment increases cardiotoxin induced damage of primary human myotubes from obese 

donors. In this study we also found that the restoration of myotube fusion index was reduced in 

lean and obese subjects when incubated with obesogenic media. In Chapter 5 is a review and 

summary of the outcomes described in Chapters 2-4, a discussion of the limitations of these 

experiments, and a discussion of future directions. 
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CHAPTER 1. REVIEW OF THE LITERATURE 

Obesity 

 Obesity (BMI ≥ 30 kg/m2), poses a significant public health concern. In 2008, the cost of 

obesity was estimated to be $147 billion (1) and despite concerted efforts to combat obesity, 

rates are continuing to rise; as of 2018, 42.4% of the U.S. adult population was considered obese, 

up from 30.5% in 2000 (2). Obesity is associated with numerous chronic diseases such as insulin 

resistance, Type 2 Diabetes mellitus, metabolic syndrome, cardiovascular disease and numerous 

cancers. Skeletal muscle comprises approximately 40% of body mass, is the largest secretory 

organ in lean humans (3) and accounts for approximately 80% of insulin stimulated glucose 

disposal under normal conditions (4).  

 Obesity has been associated with numerous biochemical and morphological changes in 

skeletal muscle. Skeletal muscle of individuals with obesity is associated with an increase in 

macrophage infiltration and ectopic lipid accumulation (5, 6). Young humans with obesity have 

increased skeletal muscle fiber cross sectional area (FCSA) (7), which is more pronounced in 

type II, glycolytic fibers, suggesting that obesity causes a hypertrophic response within type II 

fibers (7). Despite larger muscle FCSA, muscle quality is reduced in obese individuals, 

characterized by reduced whole muscle and fascicle strength, an increased likelihood of 

functional limitations (8, 9) and reduced skeletal muscle fiber membrane integrity, increasing the 

susceptibility and extent of muscle damage (10). The regenerative capacity of obese skeletal 

muscle is impaired as well (11, 12), which can be attributed to reduced satellite cell (SC) 

proliferation and altered cell signaling pathways governing the regenerative response (13-17).  

  

Inflammation 

 Obesity is characterized by a heightened and sustained inflammatory response, altering 

cell signaling and morphology and contributing to the development of chronic disease (3, 18, 

19). The obese inflammatory phenotype is associated with an increase in circulating 

inflammatory cytokines such as interleukin-6 (IL-6), tumor necrosis factor  (TNF- and C-

reactive protein (CRP) and an increase in skeletal muscle and adipose tissue macrophage number 

and activity (20, 21). Adipose tissue oxygen levels are reduced, due to reduced angiogenic 

stimuli, increased vasoconstriction, or decreased total blood flow in obesity (22). It is unclear if 

the hypoxic state of adipose tissue directly contributes to chronic inflammation in obesity, 
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however hypoxia may be responsible for the increased macrophage infiltration in adipose tissue 

(23). The increase in inflammatory cells in adipose tissue is directly correlated with the 

hypertrophy of adipocytes, contributing to increased secretion of circulating cytokines (21). 

 Similar to adipose tissue, macrophage infiltration into skeletal muscle of subjects with 

obesity is greater (24-26). Increased macrophage infiltration is related to the rise in ectopic 

intramuscular lipid accumulation in skeletal muscle of persons with obesity as macrophages tend 

to cluster around these lipid droplets (25). Obesity also alters the skeletal muscle secretome in a 

manner consistent with increased inflammatory signaling. The expression of IL-6 is reduced and 

TNF- is increased in the skeletal muscle of humans with obesity (27). In contrast to most 

cytokines secreted from adipocytes and inflammatory cells, cytokines produced by skeletal 

muscle, termed myokines, are regulated via exercise, exert predominantly anti-inflammatory 

effects and can improve glucose disposal and lipid metabolism (3). Skeletal muscle is unique 

from other tissues in that it can produce IL-6 in a TNF independent manner, indicating that 

muscle produced IL-6 contributes to metabolic improvements (28). Skeletal muscle derived IL-6 

exerts beneficial effects on whole body metabolism via the activation of AMP protein kinase 

(AMPK) (29). IL-6 also exerts inhibitory effects on TNF- and IL-1 production (30).   

 Peroxisome proliferator-activated receptor  coactivator 1(PGC-1) is a transcriptional 

coactivator that regulates the expression of genes involved in energy metabolism and is 

considered to be the master regulator of mitochondrial biogenesis (31). Increasing PGC-1 

increases mitochondrial density, metabolic enzymes integral for -oxidation and lipolysis, and 

promotes an oxidative, slow twitch muscular phenotype (32, 33). The expression of PGC-1 is 

reduced in obese subjects, which is associated with an increase in the proportion of type II fibers, 

impairments in substrate metabolism, and contributes to the chronic inflammatory response that 

accompanies obesity (34). PGC-1promotes an anti-inflammatory environment in skeletal 

muscle and may play a key role in regulating the polarization of M2 macrophages (35, 36). As a 

result of these factors, PGC-1 is a promising therapeutic target to prevent the progression of 

chronic disease associated with obesity. 

 

Skeletal Muscle Regeneration 

Skeletal muscle is a post-mitotic tissue with high stability and minimal nuclei turnover. 

Minor skeletal muscle damage occurs as a result of normal daily activities resulting in a very 
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slow turnover of nuclei in affected muscle fibers; it is estimated that only 1-2% of myonuclei are 

replaced every week (37). However, mammalian skeletal muscle is capable of an extensive and 

rapid regeneration process that occurs in response to muscle damage (38). SCs are a major group 

of resident stem cells located between the basal lamina and sarcolemma (39, 40). SCs are usually 

mitotically quiescent with few mitochondria and a large nuclear to cytoplasmic ratio (41). 

Quiescent SCs are typically characterized by their expression of paired box 7 (Pax7) but not 

myoblast determination protein 1 (MyoD) or Myogenin (42). SCs are the source of nuclei in 

skeletal muscle and are vital for the regeneration of adult skeletal muscle (43, 44). 

Muscle injury that leads to fiber necrosis will result in a myogenic/regeneration response 

consisting of SC activation, proliferation, differentiation, fusion and ultimately the regrowth of 

muscle fibers to their original size within three weeks (38, 45). Fiber necrosis is caused by 

disruptions in the myofiber sarcolemma which results in an increase in the permeability of the 

myofiber membrane. Disruptions in the myofiber membrane are often reflected by an increase in 

serum levels of muscle proteins such as creatine kinase, however, this is not always indicative of 

true myofiber damage (46, 47). 

The acute inflammatory response is a crucial aspect of the early response to muscle 

damage. Firstly, neutrophils invade the injury site, promoting inflammation by releasing 

cytokines that may attract additional inflammatory cells (38, 48, 49). Pro-inflammatory M1 

macrophages then infiltrate the damaged fibers and clear debris through phagocytosis, while 

augmenting the inflammatory response by secreting inflammatory cytokines such as TNF- (50). 

Following resolution of the initial pro-inflammatory response to muscle damage, M1 

macrophages will polarize to anti-inflammatory M2 macrophages. M2 macrophages play a 

critical role later in muscle regeneration, secreting anti-inflammatory cytokines and other 

molecules that stimulate SC differentiation and extracellular matrix (ECM) remodeling (51). 

Effective transition from pro-inflammatory M1 macrophages to anti-inflammatory M2 

macrophages is vital for proper muscle regeneration (51). Prolonged expression of pro-

inflammatory macrophages can exacerbate muscle damage and delay functional recovery (51, 

52). 

Following damage to the sarcolemma and the SC niche, the influx of calcium and growth 

factors from the ECM, lead to the mobilization and activation of SCs (40, 53, 54). SCs are 

capable of extreme motility; localized damage at one end of the muscle fiber stimulates SC 
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migration to the regeneration site from all along the fiber (55). Activated SCs or myoblasts, are 

characterized by rapid expression of the myogenic transcription factors, MyoD and myogenic 

factor 5 (Myf5) (56, 57). SCs are able to upregulate MyoD and Myf5 independently of one 

another, suggesting that these two transcription factors have different functions in adult 

myogenesis (41). MyoD is important for the differentiation of SCs. MyoD deficient mice exhibit 

reduced muscle mass and an impaired muscle regeneration response (58). Interestingly, Myf5 

deficient mice display a hypertrophied phenotype and reduced myoblast proliferation (59, 60). 

Therefore, it appears that a predominance of Myf5 expression directs the SC towards enhanced 

proliferation and delayed differentiation, and a predominance of MyoD drives the myoblast 

toward early differentiation. This is exemplified by the differential expression of MyoD and 

Myf5 during different stages in the cell cycle; MyoD expression peaks in G1 while Myf5 

expression peaks at the G0 and G2 phases (61). Increased expression of MyoD does not always 

lead to differentiation of myoblasts. Pax7 decreases the transcriptional ability of MyoD, making 

the ratio of Pax7 to MyoD vital for the determination of SC fate (62). This regulation of SC fate 

by MyoD and Myf5 captures one of the unique features of SCs, the ability to self-renew through 

symmetric and asymmetric cell division. Asymmetric cell division gives rise to two different 

daughter cells, one stem cell and one cell destined for differentiation; symmetric cell division 

gives rise to two daughter stem cells (41, 63).  

SCs that enter the myogenic differentiation program, either fuse to the damaged muscle 

fibers or to one another, forming new myofibers. The myogenic differentiation program is an 

irreversible process that is driven by the sequential expression of key transcription factors, 

including Myogenin and myogenic factor 6 (MRF4), that upregulate muscle-specific structural 

and contractile genes, such as myosin, actin and troponin (42, 64, 65). The expression of these 

muscle-specific genes is vital for the proper formation and function of regenerating skeletal 

muscle. Upon exiting the cell cycle, SC fusion occurs in two stages. First, differentiated SCs fuse 

to one another or the damaged fiber, second, additional myoblasts are incorporated into the 

nascent myofiber, resulting in a mature myofiber with many nuclei, and contractile proteins (41). 

 

Regulation of Skeletal Muscle Regeneration 

 The janus kinase (JAK)/ signal transducer and activator of transcription (STAT) pathway 

plays a critical role in muscle regeneration regulating the expression of myogenic factors via 
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cytokine receptor activation. In SCs, increases in IL-6 result in an increase in MyoD and STAT3, 

leading to early differentiation and reduced proliferation of SCs (66). Chronic elevations of IL-6 

and STAT3 are associated with muscle wasting which may be due to exhaustion of the SC pool 

(66, 67). Further, the inhibition of the JAK/STAT pathway results in increased SC function and 

muscle regeneration following cardiotoxin injury (68). However, local and transient production 

of IL-6 appears to be necessary during muscle regeneration. In IL-6 knockout mice, muscle 

hypertrophy of the plantaris is blunted following surgical section of the distal tendon of the 

lateral and medial gastrocnemius. This blunted hypertrophic response appears to occur due to 

reductions in STAT3 activation and was further confirmed in SCs in vitro (69). Therefore, it 

appears that of effects IL-6 exerts during muscle regeneration are due to the tissue of origin and 

transience of expression. 

 The Wingless/ Integrated (Wnt) signaling pathway has diverse effects on the proliferation 

and differentiation of SCs during skeletal muscle regeneration (70, 71). Wnt signaling promotes 

myogenic commitment and terminal differentiation in adult myogenesis. Treatment of 

regenerating muscle and cultured myoblasts with Wnt3a, increases desmin expression and the 

size of newly formed tubes in vivo and in vitro (72). The opposite effect is observed when 

secreted frizzled-related protein 3 (sFRP3), an inhibitor of Wnt signaling, is administered (72). 

-catenin directly interacts with MyoD to enhance the transcriptional binding capacity of MyoD, 

making -catenin necessary for MyoD function (73). The Wnt ligands have also been proposed 

to induce SC proliferation. The activation of Wnt ligands promotes SC proliferation during 

muscle regeneration, whereas inhibitory Wnt ligands reduce proliferation by sequestering β-

catenin in the cytoplasm (71). Axis inhibition protein 2 (Axin2) is essential for the differentiation 

of myoblasts to occur, due to its role in sequestering β-catenin in the cytoplasm (70). Therefore, 

Wnt signaling is a key component of skeletal muscle regeneration, due to its effects on the 

proliferation and differentiation ability of SCs.  

 

Obesity and Skeletal Muscle Regeneration 

Mounting evidence from models of obesity and type II diabetes indicate that muscle 

regeneration and muscle fiber integrity are diminished in these conditions (10-12, 15, 74). 

Critically, these models suggests that SC function is compromised in obesity (52). In obese 

Zucker rats, SC proliferation is reduced, and so is the size of the plantaris and soleus muscles. 
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However, SC proliferation appears to be restored with loading, leading to hypertrophy of the 

muscle fibers in obese Zucker rats. Despite the hypertrophic response, the muscle weights of 

obese rats are still lower than lean rats following loading (75). Following mechanical load 

induced muscle damage, obese rodents display greater membrane disruptions than lean rodents 

(10). The disruptions in fiber integrity in obese skeletal muscle may be due to increased 

intramuscular lipids, inflammatory cells and fibrosis among other factors (5, 6, 76). 

Obesity dysregulates the acute inflammatory response following muscle damage, which 

may exacerbate muscle damage and blunt the regeneration process. Obese mice present with 

reduced skeletal muscle IL-6 and MyoD mRNA compared to lean mice (15). Three days 

following cardiotoxin injury, lean mice exhibit 14-fold, 4-fold and 5-fold increases in TNF-a 

mRNA, p-STAT3, and phosphorylated protein kinase B (AKT) respectively. However, there are 

no observed differences in the obese injured mice (15). These results suggest that the acute 

inflammatory response to muscle damage is diminished in obese animals despite chronic 

inflammation. 

Wnt signaling is proposed to play a critical role in the regulation of skeletal muscle of 

insulin-resistant individuals (13, 14). There is evidence that Wnt signaling is dysregulated during 

obesity, which may cause impairments in muscle regeneration. In obesity prone rodents, the Wnt 

ligands and downstream target genes, c-myelocytomatosis (c-Myc), Insulin receptor substrate 1 

(IRS-1), Myf5 and MyoD are reduced compared to obesity resistant rodents when both are fed a 

high fat diet. Nuclear -Catenin, IRS-1 and phosphorylated AKT are all decreased in obesity 

prone rodents as well (14). Whether a decrease in Wnt signaling is associated with reduced 

skeletal muscle regenerative capacity in obese humans remains unclear. 

Mitochondrial biogenesis is a crucial regulatory event during muscle regeneration (77), 

that is accompanied by an increase in PGC-1 signaling and oxidative capacity (78). Blocking 

PGC-1 expression results in incomplete regeneration, characterized by smaller muscle FCSA 

and an increase in fibrotic tissue formation (79). Lower PGC-1 in obese humans may contribute 

to impairments in the myogenic response via blunted mitochondrial biogenesis. 

 

Extracellular Vesicles and Intercellular Communication 

 Skeletal muscle is the largest secretory organ in lean humans. Myokines secreted from 

skeletal muscle exert potent autocrine, paracrine and endocrine effects. Recently, the method 
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through which skeletal muscle can communicate with distal tissues has been expanded to include 

extracellular vesicles (EVs). EVs are membrane bound particles that are secreted by cells and are 

currently divided into 3 subtypes: exosomes, microvesicles and apoptotic bodies (80). Currently, 

the lack of consensus regarding distinct markers for EV subtypes and the associated difficulty 

validating the efficacy of EV isolation methods to yield pure subpopulations, necessitates the use 

of the term ‘EVs’ for all isolated extracellular vesicles (81). Following secretion, EVs enter the 

extracellular fluid and can be up took by neighboring cells or enter the circulation and be 

endocytosed by a distant cell (82-84). EVs have a bilayer lipid membrane and contain a variety 

of molecules including microRNA, mRNA and proteins (83, 84). EV contents can be reflective 

of their original cell source but often are enriched in certain protein, lipids and RNAs, which 

suggests that EVs are assembled to transport unique molecules for a specific purpose (82).  

 MicroRNAs (miR) are a family of evolutionarily conserved, short (20-22 nucleotide), 

single-stranded, non-coding RNAs that post transcriptionally regulate gene expression (85). 

miRs are transcribed by RNA Polymerase II, forming a primary miR transcript (pri-miR) (86, 

87). The RNase III ribonuclease, Drosha, is a regulator of miR formation and executes the 

initiation step in miR processing, resulting in the formation of a precursor miR (pre-miR) (88). 

The nucleocytoplasmic shuttler protein, exportin-5, transports the pre-miR into the cytoplasm 

(89). In the cytoplasm, the endonuclease, Dicer cleaves the pre-miR to produce a 20-22 

nucleotide double stranded RNA molecule where one strand is incorporated into the RNA-

induced silencing complex and the other is marked for degradation (90). The mature miR binds 

through imperfect base pairing to its target mRNA, resulting in the inhibition of translation or the 

degradation of the targeted mRNA (85, 87, 91). miRs bind to their target mRNA through 

imperfect base pairing granting miRs the unique ability to target numerous mRNAs (92).  

 miRs are expressed in a tissue specific manner; consequently, miR that are expressed in 

only skeletal muscle are referred to as myomiR. The myomiR family (miR-1, -133a, -206, -208a, 

-486, and -499) is heavily implicated in the maintenance, repair and homeostasis of skeletal 

muscle (87, 93). Increased expression of miR-1, -206 and -486 reduces the proliferative potential 

of myoblasts, but enhances myogenic differentiation in vitro (94, 95), whereas increased 

expression of miR-133a promotes the opposite effect (96). The myomiRs appear to be vital for 

the proper functioning of skeletal muscle; miR-133a knockout in mice leads to impaired exercise 

tolerance, mitochondrial biogenesis and muscle fiber maintenance (97).  
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Exercise Training  

 Reducing chronic inflammation is the most important factor for the prevention of insulin 

resistance and diabetes in obese subjects. Lifestyle interventions that combine exercise and 

dietary changes are the most effective at reversing obesity and reducing chronic inflammation. 

Exercise training alone has been demonstrated to reduce both local and systemic inflammation in 

patients with type II diabetes. However, it appears that the greatest reductions in chronic 

inflammation occur as a result of concurrent (aerobic and resistance) exercise training (98-100). 

Importantly, exercise training mediated reductions in inflammation occur independent of weight 

loss or changes in adiposity (101). 

 Exercise training also exerts a protective effect on skeletal muscle against future 

damaging insults, known as exercise preconditioning (102). The exercise preconditioning effect 

can be attributed in part to the exercise dependent increase in PGC-1 increasing mitochondrial 

density and associated mitochondrial antioxidant capacity (31). Increased PGC-1 that 

accompanies exercise training may also exert beneficial effects on muscle regeneration in obese 

subjects. Overexpressing PGC-1 in mice accelerates the resolution of necrosis and the early 

inflammatory response by increasing the polarization of pro inflammatory, M1 macrophages to 

anti-inflammatory, M2 macrophages (103). Exercise training also increases the number and 

function of SCs, accelerating SC response to injury and enhancing muscle regeneration (104). 

PGC-1 appears to mediate some of the beneficial effects of exercise training on SC function. 

Overexpression of PGC-1 remodels the SC niche, improving the proliferative potential of SCs 

(105), and the knockdown of PGC-1 in myoblasts completely inhibits myotube formation 

(106). Together this indicates the vital role that PGC-1has on regulating muscle damage and 

regeneration. 

 Within the field of EV biology it is hypothesized that skeletal muscle EVs modulate the 

beneficial systemic effects of physical exercise. At the onset of exercise, there is a rapid release 

of EVs into the circulation that slowly returns to resting levels within 90 to 180 minutes 

following exercise termination (107); suggesting that EVs released as a result of physical 

exercise can be up took by various target cells. EVs are released from skeletal muscle during and 

following exercise and are likely contributors to the post exercise increase in circulating EVs 

(82, 108, 109). Previously we have demonstrated that skeletal muscle EVs are capable of 
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exerting potent paracrine effects on cells within the skeletal muscle compartment (110); 

however, the endocrine effects of skeletal muscle EVs are not certain. The impact that exercise 

and disease have on skeletal muscle EV contents is unclear and little work has been performed 

that examines these differences.   
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Abstract 

Obesity is associated with chronic inflammation characterized by increased levels of 

inflammatory cytokines. Extracellular vesicles (EVs) contain a variety of molecules including 

microRNAs (miR), mRNAs, and proteins. Typically, miRs act through post-transcriptional 

regulation of mRNA targets via mRNA degradation and/or translational repression. Exercise 

training can reduce chronic inflammation. Purpose: The current study examined if obesity and 

concurrent exercise training alter skeletal muscle: (1) EV miR content, and (2) inflammatory 

signaling. Methods: Vastus lateralis biopsies were obtained from sedentary lean (LN) and 

sedentary individuals with obesity (OB) for analyses of targeted whole skeletal muscle mRNA 

and skeletal muscle derived EV miR (via small RNA-seq) before and after seven days of 

concurrent aerobic and resistance training. Results: Pathway analysis of skeletal muscle derived 

EV miRs indicates that: 1) obesity alters EV miR targeting anabolic pathways, indicative of 

increased Wnt/β-catenin, and reduced IGF-1 signaling; 2) exercise training alters EV miR 

targeting IL-10, IL-8, toll-like receptor signaling (TLR), and NF-B pathways in which RELA, 

an NF-B subunit, is common. In whole skeletal muscle, IL-8 mRNA was reduced 50% (LN: 

Pre=1.0 ± 0.26, Post=0.57 ± 0.07; OB: Pre=0.89 ± 0.15, Post=0.37 ± 0.04) and Jun mRNA was 

reduced 25% after exercise training (LN: Pre=1.0 ± 0.12, Post=0.75 ± 0.06; OB: Pre=0.98 ± 

0.07, Post=0.76 ± 0.08) consistent with the anti-inflammatory effects of exercise on skeletal 

muscle. Conclusion: Obesity and seven days of concurrent exercise training differentially alter 
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skeletal muscle derived EV miR contents targeting inflammatory and anabolic pathways. The 

target cells for skeletal muscle derived EVs and the physiological relevance of altered miR 

contents requires further investigation.  

 

Introduction  

Obesity is associated with chronic inflammation (1), which is characterized by increased 

levels of several proinflammatory cytokines including interleukin 6 (IL-6), tumor necrosis factor 

 (TNF- and C-reactive protein (CRP). Chronic inflammation contributes to the development 

of skeletal muscle insulin resistance, type 2 diabetes mellitus (T2D), cardiovascular disease 

(CVD), and numerous cancers (1-4). Skeletal muscle is the largest secretory organ in lean 

humans (1) and is responsible for 80% of insulin stimulated glucose disposal (3). Obesity causes 

biochemical and morphological alterations within skeletal muscle including insulin resistance 

(4), immune cell infiltration (5), and ectopic fat accumulation (6). These adverse changes result 

in reduced muscle quality, insulin insensitivity, and an increased inflammatory secretome (1, 7).  

Many proteins have been identified that are expressed and released by skeletal muscle, 

termed myokines (8). Myokines are often regulated by skeletal muscle contraction, act in an anti-

inflammatory manner, and tend to have positive effects on glucose and lipid metabolism (9). 

Obesity alters the expression of myokines released from skeletal muscle at rest and following 

exercise (10), consistent with increased inflammation and impaired substrate metabolism.  

Exercise is a highly effective method for reducing both local and systemic inflammation in 

obese and T2D patients, with the greatest reductions appearing to come from concurrent aerobic 

and resistance exercise training (11-13). Exercise training can improve myokine expression in 

obesity resulting in expression closer to that of lean controls (14). While myokines appear to play 

a key role in the benefits of exercise training, other factors secreted from skeletal muscle appear 

important as well. 

Extracellular Vesicles are nano particles that are secreted by all cells and contain functional 

mRNAs, microRNAs (miR), lipids, and proteins (15). miRs alter gene expression by binding to 

target mRNA and act through the RNA Silencing complex to reduce target mRNA translation via 

translational repression or degradation of the target mRNA (16). The impact of EV miRs on cell-

to-cell signaling is of increasing interest. EVs from adipose tissue are a possible regulator of 

obesity associated dysfunction and EV signaling may act as an important link between obesity 
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and peripheral tissue insulin sensitivity (17). The miR content of EVs derived from human 

adipocytes is altered in obese individuals consistent with observed impairments in peripheral 

tissue insulin sensitivity (18). Weight loss reduces peripheral insulin resistance and alters the 

miR content of adipocyte derived EVs consistent with lean controls and reduced insulin 

resistance (17). While the impact of skeletal muscle EVs during obesity is less clear, we have 

previously demonstrated that skeletal muscle EVs are capable of regulating endothelial cell 

function (19). Together these studies indicate the potential of EVs to drive systemic metabolic 

improvements. 

Currently little work has been performed investigating the relationship between obesity and 

skeletal muscle derived EV miRs or between exercise training and skeletal muscle EV miRs. 

Muscle contraction increases the release of EVs from skeletal muscle (20, 21). However, it has 

yet to be examined if exercise training alters the miR content of skeletal muscle derived EVs in 

humans. Therefore, the aims of the present study were to examine if 1) obesity or 2) short-term 

concurrent exercise training alter skeletal muscle EV miR content or inflammation. We 

hypothesized: 1) obesity would alter the EV miR profile consistent with increased inflammatory 

signaling; and 2) one week of concurrent exercise training would alter the skeletal muscle EV 

miR profile consistent with reduced inflammation. 

 

Methods 

This study conforms to the standards set out by the latest revision of the Declaration of 

Helsinki and was approved by the Purdue University Institutional Review Board. Eight healthy, 

sedentary, lean (LN) individuals (3 women, 5 men; Body Mass Index (BMI) < 25 kg/m2) and 

eight healthy, sedentary, individuals with obesity (OB) (3 women, 5 men; BMI ≥ 30 kg/m2) 

between the ages of 18-35 were recruited to participate in this study. Subjects were nonsmoking 

with no known chronic disease. Sedentary participants were defined as participating in less than 

1 h of strenuous physical activity per week and no subject reported any form of regular physical 

activity. Qualified individuals were administered both verbal and written descriptions of the 

study. Subjects provided voluntary written consent prior to the beginning of the study. 

Day 1. Subjects reported to the Max E. Wastl Human Performance Laboratory where height 

and weight were recorded. Fasting blood was drawn from a catheter inserted into an antecubital 

vein for the measurement of insulin, glucose, total cholesterol (TC), high density lipoprotein 
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(HDL), low density lipoprotein (LDL), and triglycerides (TG). Additional blood was taken for 

the measurement of plasma IL-6, CRP, and TNF-. The homeostasis model assessment for 

insulin resistance (HOMA-IR) and β cell function (HOMA-β) was subsequently calculated (22). 

Following the blood draw, subjects underwent a vastus lateralis biopsy from a predetermined, 

randomized leg. Biopsy samples were stored at −80°C until analysis. A section of the biopsy 

sample (~100 mg) was placed on ice in EV free/serum free DMEM for the isolation of skeletal 

muscle EVs. Excess muscle was flash frozen and stored at -80ºC for further analysis. 

Day 2. Subjects reported to the A. H. Ismail Center for Health, Exercise and Nutrition for the 

determination of maximal oxygen consumption (V
.
 O2MAX) and one repetition maximum (1-RM). 

V
.
 O2MAX was measured on an electronically braked cycle ergometer (Lode, Excaliber Sport, 

Groningen, Netherlands) as previously described (23). A 5-minute warm up was performed at 50 

W immediately followed by a 25 W increase every 2 minutes until volitional fatigue. Minute 

ventilation (V
.
 E), oxygen uptake (V

.
 O2), and carbon dioxide production (V

.
 CO2) were continuously 

monitored via open circuit spirometry (True Max 2400, Parvo Medics, Salt Lake City, UT). 

Heart rate (model T31, Polar Electro Inc., Woodbury, NY) and rating of perceived exertion were 

measured at each workload. Subjects were verbally encouraged to continue for as long as 

possible. The criterion used to assess V
.
 O2MAX included: 1) a heart rate in excess of 90% of age 

predicted max (220 - age); 2) a respiratory exchange ratio greater than or equal to 1.10; and 3) 

identification of a plateau (< 150 ml increase) in V
.
 O2 despite a further increase in workload. In 

all tests, at least two of three criteria were met. 

After a 15 min rest period following the V
.
 O2MAX test, Leg Press (Technogym- Element, 

Fairfield, NJ) 1-repetion maximum (1-RM) was determined. Subjects performed the leg press 

with their feet shoulder width apart on the platform with their knees bent at 90° at approximately 

80% of the subjects body weight. Subjects were given a 30 second to 1-minute rest period before 

attempting the subsequent weight. The weight was increased by 9.1 kg for each consecutive 

attempt until the subject was unable to fully extend the knees. The highest successfully lifted 

weight was designated as the 1-RM. The 1-RM of two lean and six obese subjects exceeded the 

maximum weight of the equipment (136.4 kg). In these cases, 1-RM was estimated based on the 

maximal number of repetitions the subject was able to complete at 136.4 kg (24). 
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Exercise Training Protocol. At least 2 days following the initial visit, subjects began a 7-

consecutive day, concurrent exercise training protocol. On each day (1-7) subjects performed 45 

minutes of cycle ergometer exercise at 70% V
.
 O2MAX. In addition, subjects performed a bout of 

resistance exercise consisting of 3 sets of 8-12 repetitions on the leg press at 80% of 1-RM with 

2-minute rest between sets on days 2, 4, and 6.  

Final Visit. Subjects reported to the Max E. Wastl Human Performance Laboratory 12-14 

hours following the completion of the exercise training protocol. At this visit subjects repeated 

the blood draw and muscle biopsy procedures.  

Blood Analysis. Plasma IL-6, CRP and TNF- were measured by Quantikine enzyme-linked 

immunosorbent assay (25) according to the manufacturer’s instructions (R&D Systems Inc, 

Minneapolis, MN, USA) (IL-6 – HS600B; CRP – DCRP00; TNF- - HSTA00E). Prior to 

analysis, samples were placed on ice and allowed to thaw. All samples were analyzed in 

duplicate, with the mean of both values being reported. 

Quantitative real-time PCR. Total muscle RNA was extracted by using a Trizol reagent 

(Thermo Fisher Scientific) as previously described (26). For mRNA reverse transcription, first 

strand cDNA was generated by random hexamer primers with MMLV Reverse Transcriptase 

(Thermo Fisher Scientific). For mature miRNA reverse transcription, multiple adenosine 

nucleotides were first added to the 3’ end of total RNA with Escherichia coli Poly (A) 

polymerase (New England BioLabs, Ipswich, MA, USA), and cDNA was then synthesized with 

a Poly T primer including an adaptor sequence using MMLV Reverse Transcriptase. Real-time 

PCR detection was performed using SYBR green based chemistry on a CFX Connect (BioRad, 

Hercules, CA, USA). Primers for mRNA and miR are listed in Table 2.1. Gene expression was 

determined with the 2-ΔΔCt relative quantification method and normalized to 18s for mRNA. 

Housekeeping genes were validated to ensure their expression was not influenced by the 

experimental procedure. 

Extracellular Vesicle Isolation. Following vastus lateralis biopsies, approximately 100 mg of 

muscle was washed with PBS and gently minced in a 5 cm cell culture dish. Minced muscle was 

incubated in EV free DMEM at standard culture conditions (37°C, 5% CO2) for 24 hr to 

facilitate EV secretion. EV containing media was collected and EVs were isolated via differential 

ultracentrifugation as previously described (19). Breifly, Medium was centrifuged at 2,000g for 
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10 min, pelleted cells and debris were discarded. The medium was then centrifuged at 4ºC at 

10,000g for 30 min, followed by filtration through a 0.22m syringe filter. Filtered medium was 

ultra-centrifuged 4ºC at 100,000g for 70 min. Pelleted EVs were washed with PBS and ultra-

centrifuged 4ºC at 100,000g for 70 min for a second time. EVs were resuspended in PBS from 

electron microscopy or Trizol reagent (Thermo Fisher Scientific) for the isolation of total EV 

RNA as previously described (26).  

Transmission Electron Microscopy. Following isolation, the characterization of EVs was 

performed on a Tecnai T20 transmission electron microscope (FEI, 200 kV) as previously 

described (27). Briefly, EVs in PBS were pipetted onto carbon coated, copper electron 

microscopy grids and incubated for approximately 2 minutes. Excess liquid was blotted away, 

and grids were washed with water to remove salts. Excess liquid was blotted away, and grids 

were negative stained with 2% phosphotungstic acid for 1 minute.  

Western Blot. Western blotting analysis was performed using standard SDS-Page procedures. 

Briefly, protein was isolated from cell lysates in RIPA Buffer (50mm Tris HCL 7.4 pH, 150mm 

NaCl, 2mm EDTA, 0.1% SDS, 0.1% Triton x-100, 0.5% Sodium Deoxycholate) with 

phosphatase inhibitors (0.2 mM NA3VO4, 50 mM NaF) and a protease inhibitor cocktail (P8340, 

Sigma-Aldrich, St. Louis, MO, USA). 20 µg of total protein from EVs was fractionated on SDS-

polyacrylamide gels; transferred to PVDF membrane; and incubated with CD63 (Santa Cruz 

Biotechnology) and Alix (Cell Signaling Technologies) primary antibodies. Horseradish 

peroxide–conjugated secondary antibodies (Cell Signaling Technology, Danvers, MA) were 

incubated with the membrane and images were obtained by chemiluminescence using a 

ChemiDoc Touch Imaging System and densitometric analysis performed by ImageLab software 

(BioRad, Hercules, CA, USA). 

microRNA Seq. Isolated EV RNA from a subset of samples (4/group/time) were analyzed by 

the Purdue University Genomics Core and raw miR sequence reads were analyzed by the Purdue 

University Bioinformatics Core. Adapter trimming followed by clipping of 4 bases from either 

ends of the reads and quality trimming was performed through cutadapt software (version 1.13) 

(28) (The Bioo Scientific kit “NEXTflex Illumina Small RNA Sequencing Kit v3”). After adaptor 

trimming, reads were trimmed based on quality such that bases above Phred Score 30 and reads 

with a minimum length of 5 were retained.  
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Adaptor and quality trimmed reads were used by DeconSeq tool (Version 0.4.3) (29) to 

detect bacterial contamination. DeconSeq tool generates clean and contaminated reads for each 

sample. Clean reads were extracted using in house scripts for downstream analysis. Select 

samples (1 LN Pre, 2 LN Post, and 1 OB Post) were eliminated from further analysis due to high 

levels of bacterial contamination.  

Adaptor, quality trimmed, and clean reads were processed through miRDeep2 software 

(version 2.0.0.8) (30) for miRNA analysis. The preprocessing of reads was achieved through the 

mapper.pl script from miRDeep2 which performs steps such as discarding the reads shorter than 

15 base pairs and reads collapsing. Preprocessed reads were mapped against the Human 

reference genome.  

Quantification and expression profiling of known miRNAs was performed by the 

quantifier.pl script from miRDeep2 using the collapsed reads and Human miRNAs (downloaded 

from miRBase). The quantifier script from miRDeep2 generated the read counts for the known 

miRNAs from each uncontaminated sample. Combined count matrices for all miRNAs and 

samples were generated using the custom scripts. The DESeq2 package (version 1.16.1) (31) was 

used to calculate differential expression of known miRNAs between LN and OB at rest (BMI; 3 

LN Pre; 4 OB Pre) and before and after concurrent exercise training (ExTr; n=5/time point; 2 

LN; 3 OB).  

Biological Pathway Analysis. Differentially expressed miRs between LN and OB (p<0.05; 

n=22) and before and after exercise training (p<0.05; n=28) were uploaded into Ingenuity 

Pathway Analysis (IPA) suite (Qiagen Inc., Redwood City, CA) for biological pathway analysis. 

Non-adjusted p-value was utilized as the pathway analysis lowers the likelihood of a false 

positive/negative. IPA utilizes miR seed sequence binding with cognate mRNA targets to 

identify miR: mRNA target interactions across multiple available bioinformatic data sources. We 

utilized a conservative approach within the miR target filter for mRNA target filter where only 

experimentally verified interactions, determined via miRTarBase (32), and/or highly predicted 

targets containing binding sites with 8-mer seed binding, determined via TargetScan (33), were 

selected as miRNA/mRNA pairs. This approach yielded a BMI related gene target list of 

mRNAs and an ExTr related gene target list of mRNAs. Each gene list was used by IPA to 

determine enriched canonical pathways targeted by exercise training and obesity miRNAs. 
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Representation of each canonical pathway was tested using Fisher Exact Test of ratios of miRNA 

targeted genes in our dataset as compared to the total number of genes in each IPA pathway. 

Statistical analysis. Student’s t-test was used to analyze group differences in age, BMI, 1-RM 

and V
.
 O2MAX. All other data was analyzed using a two-way (2 groups × 2 time points) mixed-

factorial analysis of variance. Following a significant F ratio, Fisher’s LSD post-hoc analysis 

was performed. Relationships between variables were analyzed using linear regression. 

Significance was established at P ≤ 0.05 level and data reported as Mean ± SE. All data were 

analyzed in GraphPad Prism (Version 7.02). 

 

Results 

Subject Characteristics. Subject Characteristics for all participants are located in Table 2.2, 

for the LN vs. OB miRSEQ subset are located in Table 2.3, and for the exercise training subset 

are located in Table 2.4. Both the LN vs. OB and ExTr miRSEQ subset cohorts were 

representative of the full cohorts; both subset cohorts displayed similar trends to those observed 

in the full cohort and no significant differences were observed between either subset or the full 

cohort.  

As designed, OB had a significantly greater BMI than LN and there was no observed weight 

loss in either group as a result of the exercise training. OB demonstrated lower relative V
.
 O2MAX 

before and higher fasting insulin, HOMA-IR, HOMA-, TG, plasma TNF- and CRP before and 

after training. Concurrent exercise training reduced HOMA-and TG in both LN and OB and 

reduced TC only in LN. 

miRSEQ and IPA Analysis by BMI. Differential analysis revealed that 22 miRs were 

differentially expressed between LN and OB (Table 2.5). Using a conservative filter (only miRs 

with experimentally confirmed or highly conserved predicted targets), we identified the 22 

differentially expressed BMI miRs target 3,419 mRNAs (Supplemental Digital Content Table 

2.1). Starting with the 3,419 BMI mRNA targets, IPA was used to identify enriched biological 

pathways. Using a p value filter of p < 0.01, 133 canonical pathways were identified as enriched 

in the BMI data set (Supplemental Digital Content Table 2.2). Table 2.6 represents the top 10 

(determined by p-value) canonical pathways identified by IPA in the BMI data set. Of the top 10 

canonical pathways identified by IPA, the Wnt/-catenin (Figure 2.2) and IGF-1 signaling 



 

 

 35 

pathways (Figure 2.3) were of particular interest because: 1) IGF-1 and Wnt ligand expression 

are reduced in muscle from individuals with obesity (34); and 2) increased inflammation causes 

dysregulation in both of these pathways (35, 36).  

miRSEQ and IPA Analysis by ExTr. Differential analysis revealed that 28 miRs were 

differentially expressed following ExTr (Table 2.7). Again, using a conservative filter, we 

identified the 28 differentially expressed ExTr miRs target 3,070 mRNAs (Supplemental Digital 

Content Table 2.3). Starting with the 3,070 ExTr mRNA targets, IPA was used to identify 

enriched biological pathways. Using a p-value filter for pathway significance of p < 0.01, 113 

canonical pathways were identified as enriched in the ExTr data set (Supplemental Digital 

Content Table 2.4). Table 2.8 represents the top 10 canonical pathways identified by IPA in the 

ExTr dataset. The top canonical pathways in the ExTr dataset were primarily inflammation 

related pathways and the top 2 were IL-6 and IL-10 signaling (Figure 2.4).  

Muscle mRNA. Whole skeletal muscle mRNA for components of the Wnt/-catenin and IGF-

1 signaling pathways were measured to further investigate results from pathway analysis (Figure 

2.5). A significant interaction effect was observed for IGF-1 mRNA, where IGF-1 mRNA was 

increased in LN following ExTr compared to LN pre and OB at pre and post. The expression of 

-catenin mRNA was increased 50% following exercise training, but no differences were 

observed between LN and OB. The expression of key Wnt ligands, Wnt3a, Wnt5a, and Wnt7a 

were all reduced in OB at rest and following concurrent exercise training by approximately 45%, 

20% and 35% respectively. A trend was observed for an increase in Wnt5a expression following 

concurrent exercise training (p = 0.07). 

Whole skeletal muscle mRNA for components of the IL-6 and IL-10 pathways are in Figure 

2.6. One week of concurrent exercise training reduced IL-8, Jun and FOS mRNA expression in 

both LN and OB by approximately 50%, 25% and 65% respectively. A trend for a reduction in 

IL-10 was observed following exercise training (p = 0.10). No differences were observed in 

muscle expression of IL-6, IL-8, IL-10, Jun or FOS mRNA between LN and OB either before or 

following exercise training. 

 

Discussion 

The present study demonstrates that obesity alters skeletal muscle derived EV miR targeting 

many inflammatory and anabolic pathways including the Wnt/ -catenin and IGF-1 signaling 
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pathways. In addition, one week of concurrent exercise training alters skeletal muscle derived 

EV miR targeting several pathways including the IL-6 and IL-10 pathways. To our knowledge 

this is the first report demonstrating that obesity and exercise training independently alter the 

miR content of skeletal muscle derived EVs.  

Obesity alters EV miRs targeting anabolic pathways. Obesity is a disease of chronic 

inflammation characterized by an increase in circulating inflammatory cytokines (1, 2). 

Confirming this, circulating TNF- and CRP were greater in individuals with than without 

obesity (Table 1). We had hypothesized that EVs isolated from muscle of individuals with 

obesity would contain pro-inflammatory signals. In contrast to our hypothesis, common pro-

inflammatory pathways were not among the Top 10 pathways identified.  

Biological pathway analysis found that obesity alters the expression of EV miRs targeting 

components of the IGF-1 and Wnt/-Catenin signaling pathways. The Wnt/-catenin signaling 

pathway regulates the release of pro- and anti-inflammatory cytokines in different cell types and 

is implicated in the progression of metabolic syndrome (35). Alterations in Wnt/-catenin 

signaling could contribute to an increase in the production of proinflammatory cytokines such as 

IL-6, IL-8 and TNF- (35). 

Individuals with obesity appear to be resistant to anabolic stimuli, likely the result of insulin 

resistance, lipid accumulation, and/or inflammation (37). Anabolic resistance in obese 

individuals can lead to a reduction in the regenerative capacity of skeletal muscle following 

injury (38). Impairments in IGF-1/AKT/mTOR and Wnt/-Catenin signaling have been observed 

in obese animals during muscle regeneration, suggesting that impaired signaling in these 

pathways has negative consequences for skeletal muscle mass maintenance (39, 40). Previously, 

we reported that skeletal muscle IGF-1 mRNA and protein and the mRNA expression of key 

Wnt ligands are reduced at rest and following acute resistance exercise in humans with 

obesity (34). In the present study, skeletal muscle IGF-1, Wnt3a, Wnt5a and Wnt7a mRNA are 

all reduced in subjects with obesity. Skeletal muscle EVs regulate Wnt signaling during 

myogenesis (18, 41), indicating that altered EV content could contribute to impaired regenerative 

capacity in obesity (38).  

Exercise training alters extracellular vesicle miRs targeting inflammation. Concurrent 

exercise training has potent anti-inflammatory effects and reduces both local and systemic 

inflammation in individuals with or without obesity (11-13). Contrary to our hypothesis, one 
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week of concurrent exercise training did not reduce circulating markers of inflammation IL-6, 

TNF- or CRP in either LN or OB. This is likely due to the short duration of exercise training 

employed in the current study, suggesting a greater duration of exercise training is necessary to 

observe changes in these circulating inflammatory markers.  

Biological pathway analysis indicates that one week of concurrent exercise training alters 

skeletal muscle derived EV miR targeting components of the IL-6 and IL-10 pathways, 

consistent with a reduction in inflammation. Additionally, we identified that EV miR are altered 

following training in a manner that indicates increased PPAR signaling. Upregulation of PPAR 

signaling leads to improvements in exercise tolerance, lipid metabolism and mitochondrial 

biogenesis via peroxisome proliferator-activated receptor gamma coactivator 1-alpha (PGC1- 

(42). These findings seem to agree with previous research that suggests that skeletal muscle EVs 

regulate the beneficial effects of exercise (21), as improvements in these pathways typically 

occur following exercise training. However, the extent to which skeletal muscle EVs exert 

systemic effects is unclear. In the present study, one week of exercise training was not sufficient 

to reduce systemic inflammation but does appear to reduce skeletal muscle inflammation. To 

confirm this, we examined the mRNA expression of key components of the IL-6 and IL-10 

pathways via qRT-PCR. The expression of IL-8, Jun and FOS were reduced following exercise 

training and a trend was observed for a reduction in IL-10 suggesting that skeletal muscle 

inflammation improves earlier in response to exercise training than systemic inflammation. 

Previously, we have demonstrated that skeletal muscle EVs are capable of exerting potent 

paracrine effects on inflammatory signaling in non-muscle cells; endothelial cells treated with 

skeletal muscle derived EVs exhibit improvements in proliferation, migration and tube formation 

via activation of the nuclear factor-B pathway (19). Recent evidence indicates that EVs exert 

endocrine effects in addition to their potent paracrine effects (41). Following intraperitoneal 

injection, skeletal muscle-derived EVs can be found within cells of at least 8 different organs in 

addition to skeletal muscle including brain, liver, heart, lungs, gastrointestinal tract, spleen, 

kidney and pancreas in mice (43). Additionally, it appears that skeletal muscle EVs contribute to 

the crossover effects of unilateral exercise (44). Twenty-four hours following injection of GFP 

labelled skeletal muscle EVs into the right tibialis anterior of mice, fluorescence was detected in 

the right quadriceps and the left tibialis anterior (43). These results indicate that when skeletal 

muscle EVs reach the circulation they exert endocrine effects (41), however it is unclear if a 



 

 

 38 

physiologically relevant quantity of in vivo produced skeletal muscle EVs are able to reach the 

circulation. Recent work indicates that skeletal muscle EVs are capable of reaching the 

circulation, but the majority of in vivo produced skeletal muscle EVs remain in the extracellular 

environment (45). These findings highlight skeletal muscle EVs important role in paracrine 

signaling and indicate a potential role in endocrine signaling. It has been widely speculated, but 

as yet unproven, that the post exercise increase in skeletal muscle EV secretion, contributes to 

the increased number of EVs in the circulation following acute exercise (20, 21, 45). Therefore, 

the improvements in systemic inflammation which occur with longer duration exercise training 

may be attributable to endocrine effects of skeletal muscle EVs. Further research is needed to 

verify this hypothesis. 

Limitations. In the present study, we did not control for EV origin. Skeletal muscle contains a 

variety of cell types including endothelial cells, satellite cells, neural cells, macrophages, and 

pericytes. However, the contribution of EVs of non-skeletal muscle origin is likely minimal as 

approximately 80% of total mapped reads were for skeletal muscle specific miR (miR-1, -133, -

206, -486 and -499).  

In conclusion, obesity alters the miR content of skeletal muscle EVs targeting the anabolic 

pathways IGF-1 and Wnt/-Catenin. Skeletal muscle expression of IGF-1 and Wnt ligands 

mRNA were lower in individuals with obesity compared to lean. Also, one week of concurrent 

exercise training alters the miR content of skeletal muscle EVs targeting inflammatory pathways 

IL-6 and IL-10; and skeletal muscle expression of IL-8, IL-10, FOS, and Jun mRNA were lower 

following exercise training. Thus, differences in skeletal muscle EV content are observed in 

individuals with obesity compared to lean and in response to exercise training consistent with 

skeletal muscle being an important paracrine/endocrine organ. Future work should investigate 

the importance of skeletal muscle EVs on tissue crosstalk in health and disease. 
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Table 2.1. Primer sequences for qRT-PCR. 

Gene Name Gene ID Forward (5'-3') Reverse (5'-3') 

18s 106632259 GGCCCTGTAATTGGAATGAGTC CCAAGATCCAACTACGAGCTT 

IGF-1 3479 GCTCTTCAGTTCGTGTGTGGA GCCTCCTTAGATCACAGCTCC 

Catenin 1499 AGCTTCCAGACACGCTATCAT CGGTACAACGAGCTGTTTCTAC 

Wnt3a 89780 AGGAAATTCAGCCCACCAGC AGGAAATTCAGCCCACCAGC 

Wnt5a 7474 TCGACTATGGCTACCGCTTTG CACTCTCGTAGGAGCCCTTG 

Wnt7a 7576 CAAGGAGCCGTGTAGAAGTGT GCAAGGTGGGTACCTGCAA 

IL-8 3576 TTTTGCCAAGGAGTGCTAAAGA AACCCTCTGCACCCAGTTTTC 

IL-10 3586 GACTTTAAGGGTTACCTGGGTTG TCACATGCGCCTTGATGTCTG 

Jun 3725 TCCAAGTGCCGAAAAAGGAAG CGAGTTCTGAGCTTTCAAGGT 

FOS 2353 GGGGCAAGGTGGAACAGTTAT CCGCTTGGAGTGTATCAGTCA 
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Table 2.2. Subject Characteristics. INT – interaction; OB – obesity; Ex. Tr. – Exercise training; 

V̇O2MAX - maximal oxygen consumption; 1 RM- one repetition maximum; BMI - body mass 

index; HOMA-IR - homeostasis model assessment – insulin resistance; HOMA- - homeostasis 

model assessment – -cell function; TC – Total Cholesterol; HDL - high density lipoprotein; LDL 

- low density lipoprotein; TG – Triglycerides; TNF-⍺ - Tumor Necrosis Factor ⍺; CRP - C-reactive 

Protein; IL-6 - Interleukin-6. * Significantly different than all other groups. Mean ± SE. 

  
Pre Post 

INT OB 
Ex. 

Tr. LN (n=8) OB (n=8) LN (n=8) OB (n=8) 

Age 27.0 ± 1.6 26.6 ± 1.2 - - - 0.85 - 

Height (m) 1.78 ± 0.04 1.74 ± 0.04 - - - 0.51 - 

Weight (kg) 74.4 ± 4.8 107.6 ± 7.7 74.3 ± 4.8 106.8 ± 7.7  0.14 <0.01 0.07 

BMI (kg/m2) 22.9 ± 1.0 35.2 ± 2.0 22.8 ± 1.0 35.0 ± 1.2 0.14 <0.01 0.07 

VO2max (L/min) 2.50 ± 0.27 2.79 ± 0.26 - - - 0.46 - 

VO2max 

(ml/kg/min) 
33.6 ± 1.9 25.6 ± 2.1 - - - 0.01 - 

1 RM (kg) 136.6 ± 17.6 182.6 ± 23.8 - - - 0.14 - 

1 RM (kg/kg) 1.84 ± 0.18 1.68 ± 0.19 - - - 0.55 - 

Glucose (mg/dl) 90.6 ± 3.7 86.3 ± 3.9 89.8 ± 2.0 90.6 ± 3.4 0.35 0.66 0.53 

Insulin (uIU/ml) 8.8 ± 0.8 29.0 ± 6.9 7.9 ± 0.9 26.4 ± 7.4 0.84 <0.01 0.68 

HOMA-IR 1.9 ± 0.2 6.2 ± 1.6 1.7 ± 0.2 5.8 ± 1.6 0.93 <0.01 0.76 

HOMA-β 138.9 ± 34.3 653.6 ± 193.2 110.4 ± 14.7 395.1 ± 126.8 0.07 0.02 0.03 

TC (mg/dl) 180.3 ± 11.7 190.6 ± 14.8 *163.9 ± 11.0 201.9 ± 12.8 <0.01  - - 

HDL (mg/dl) 47.1 ± 3.3 42.4 ± 3.9 47.5 ± 3.3 44.8 ± 5.3 0.48 0.51 0.34 

LDL (mg/dl) 113.0 ± 10.4 120.9 ± 15.7 101.3 ± 9.4 135.0 ± 14.2 0.32 0.11 0.93 

TG (mg/dl) 110.3 ± 10.3 136.9 ± 14.6 76.4 ± 7.8 110.8 ± 12.3 0.91 0.02 0.02 

TNF-⍺  (pg/ml) 0.7 ± 0.1 2.6 ± 1.8 0.6 ± 0.1 2.5 ± 1.6 0.12 0.04 0.67 

CRP (pg/ml) 1175 ± 401 5283 ± 876 906 ± 131 5331 ± 721 0.61 <0.01 0.72 

Il-6 (pg/ml) 1.4 ± 0.2 3.8 ± 1.6 1.8 ± 0.8 2.0 ± 0.4 0.27 0.17 0.51 

  



 

 

 45 

Table 2.3. Subject characteristics for lean (LN) vs obese (OB) miRNA SEQ samples. V̇O2MAX - 

maximal oxygen consumption; 1 RM- one repetition maximum; BMI - body mass index; HOMA-

IR - homeostasis model assessment – insulin resistance; HOMA- - homeostasis model assessment 

– -cell function; TC – Total Cholesterol; HDL - high density lipoprotein; LDL - low density 

lipoprotein; TG – Triglycerides; TNF-⍺ - Tumor Necrosis Factor ⍺; CRP - C-reactive Protein; IL-

6 - Interleukin-6. Mean ± SE.  
LN (n=3) OB (n=4)  p-value 

Age 28.7 ± 2.4 26.8 ± 2.3 0.59 

Height (m) 1.74 ± 0.07 1.72 ± 0.06 0.80 

Weight (kg) 68.3 ± 5.3 95.7 ± 8.7 0.06 

BMI (kg/m2) 22.4 ± 0.5 32.2 ± 1.0 <0.01 

VO2max (L/min) 2.21 ± 0.49 2.34 ± 0.34 0.82 

VO2max (ml/kg/min) 31.6 ± 4.4 23.8 ± 3.4 0.21 

1 RM (kg) 113.6 ± 22.7 164.4 ± 42.5 0.39 

1 RM (kg/kg) 1.63 ± 0.20 1.66 ± 0.34 0.96 

Glucose (mg/dl) 82.7 ± 5.0 84.0 ± 6.9 0.89 

Insulin (uIU/ml) 10.0 ± 1.0 26.0 ± 9.3 0.21 

HOMA-IR 2.02 ± 0.1 5.37 ± 1.9 0.20 

HOMA-β 218.4 ± 74.6 770.0 ± 330.0 0.22 

TC (mg/dL) 204.3 ± 13.9 201.8 ± 24.6 0.94 

HDL (mg/dL) 55.0 ± 2.1 42.0 ± 4.7 0.08 

LDL (mg/dL) 125.0 ± 14.0 129.8 ± 23.8 0.88 

TG (mg/dL) 121.3 ± 16.0 149.5 ± 21.6 0.37 

TNF-⍺ (pg/µL) 0.73 ± 0.17 0.87 ± 0.05 0.38 

CRP (pg/µL) 1440.4 ± 1075.7 3604.8 ± 932.7 0.19 

Il-6 (pg/µL) 1.85 ± 0.54 2.94 ± 0.48 0.19 
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Table 2.4. Subject characteristics for exercise training miRNA SEQ samples. V̇O2MAX - maximal 

oxygen consumption; 1 RM- one repetition maximum; BMI - body mass index; HOMA-IR - 

homeostasis model assessment – insulin resistance; HOMA- - homeostasis model assessment – 

-cell function; TC – Total Cholesterol; HDL - high density lipoprotein; LDL - low density 

lipoprotein; TG – Triglycerides; TNF-⍺ - Tumor Necrosis Factor ⍺; CRP - C-reactive Protein; IL-

6 - Interleukin-6. Mean ± SE. 

  Pre (n=5) Post (n=5)  p-value 

Age 28.4 ± 1.6 - - 

Height (m) 1.73 ± 0.06 - - 

Weight (kg) 86.1 ± 9.1 85.2 ± 8.4 0.27 

BMI (kg/m2) 28.7 ± 2.5 28.4 ± 2.4 0.25 

VO2max (L/min) 2.21 ± 0.27 - - 

VO2max (ml/kg/min) 25.8 ± 3.9 - - 

1 RM (kg) 134.8 ± 29.9 - - 

1 RM (kg/kg) 1.53 ± 0.21 - - 

Glucose (mg/dl) 78.6 ± 3.85 86.6 ± 1.5 0.10 

Insulin (uIU/ml) 22.6 ± 8.0 22.6 ± 9.6 1.00 

HOMA-IR 4.5 ± 1.7 4.8 ± 2.0 0.92 

HOMA-β 700.6 ± 262.1 349.1 ± 151.3 0.11 

TC (mg/dL) 215.6 ± 15.8 208.0 ± 21.1 0.52 

HDL (mg/dL) 48.6 ± 4.8 50.4 ± 6.7 0.66 

LDL (mg/dL) 137.2 ± 17.4 137.0 ± 20.7 0.98 

TG (mg/dL) 148.8 ± 16.6 104.0 ± 13.9 0.07 

TNF-⍺ (pg/µL) 0.78 ± 0.1 0.93 ± 0.1 0.05 

CRP (pg/µL) 3480.3 ± 825.7 3108.1 ± 806.0 0.56 

Il-6 (pg/µL) 2.9 ± 0.4 1.91 ± 0.5 0.04 
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Table 2.5. Skeletal muscle extracellular vesicle microRNAs differentially expressed in individuals 

with obesity compared to lean controls. 

Mature miRNA 
Raw Counts log2 Fold 

Change 
p-value 

Lean Obese 

hsa-let-7f-5p 82557.65 68740.5 -0.63 0.03 

hsa-miR-1-3p 4564095 3056018 -0.98 0.01 

hsa-miR-1275 3 15.75 2.04 0.01 

hsa-miR-143-5p 17 63.5 1.71 0 

hsa-miR-144-3p 281.33 169.25 -1.22 0.04 

hsa-miR-155-5p 26.67 73.5 1.07 0.01 

hsa-miR-302b-3p 0.67 8.5 2.66 0.03 

hsa-miR-30c-1-3p 48.33 33.5 -0.85 0.03 

hsa-miR-30e-5p 39744 27021.75 -0.97 0.03 

hsa-miR-3168 13.67 6.75 -1.35 0.03 

hsa-miR-337-3p 51 114.25 0.81 0.04 

hsa-miR-3613-5p 918.67 580.75 -1.08 0.05 

hsa-miR-376b-5p 1.33 9.25 2.48 0.01 

hsa-miR-376c-5p 1.33 9.25 2.48 0.01 

hsa-miR-409-5p 20.67 55.5 1.07 0.02 

hsa-miR-432-5p 18 52.75 1.17 0.02 

hsa-miR-4485-3p 0.33 6.75 1.63 0.03 

hsa-miR-548a-3p 11.33 4.5 -1.94 0.02 

hsa-miR-548ay-5p 16.67 6.75 -1.61 0.01 

hsa-miR-654-5p 2.67 13.5 1.82 0.02 

hsa-miR-7641 10.67 36 1.48 0.05 

hsa-miR-7977 48.67 166.75 1.53 0.02 

  



 

 

  

Table 2.6. Top 10 significant canonical pathways by p-value from Biological Pathway Analysis for differentially expressed skeletal 

muscle extracellular vesicle microRNAs in individuals with obesity compared to lean controls. Ratio = number of molecules in dataset/ 

total number of molecules in the pathway. Z-Score – indicates predicted upregulation or downregulation of pathway compared to lean 

controls. 

Ingenuity 

Canonical 

Pathways 

-log(p-

value) 

Ratio Z-

score 

Molecules 

Cardiac 

Hypertrophy 

Signaling 

(Enhanced) 

7.4 0.24 -2.01 ACE, ACVR1, ACVR1C, ADRA2A, ADRB2, AGTR1, APEX1, ATF2, ATP2A2, BORCS8-MEF2B, CAMK2A, CD40LG, CHP1, 
CTNNB1, DIAPH2, EDN1, EDNRA, EDNRB, EIF2B3, EIF4E, ELK1, ENPP6, FASLG, FGF1, FGF10, FGF16, FGF17, FGF18, FGF20, 

FGF7, FZD3, FZD6, FZD7, GDPD1, GNA13, GNAI2, GNG2, GNG5, GSK3A, HAND1, HAND2, HDAC4, HDAC7, HSPB2, HSPB7, 

IGF1, IGF1R, IKBKE, IL13, IL13RA1, IL17C, IL17RD, IL2RB, IL3, IL36G, IL4R, INPP5F, ITGA2, JUN, KRAS, LIF, MAP3K1, 
MAP3K13, MAP3K2, MAP3K8, MAPK13, MEF2A, MEF2B, MKNK2, MRAS, MYC, NFATC2, NRAS, PDE12, PDE3A, PDE4A, 

PDE6B, PDE6D, PDE6G, PDE7A, PIK3CB, PIK3R6, PLCD3, PLCH2, PPP3CA, PPP3R1, PPP3R2, PRKACA, PRKACB, PRKAR2A, 

PRKCA, PRKCG, PRKCI, PTGS2, RALA, RALB, RAP1A, RAP1B, RASD2, RELA, RHOA, ROCK1, RPS6KB1, TGFBR1, TGFBR2, 
TGFBR3, TNFSF10, TNFSF11, TNFSF13B, TNFSF15, TNFSF9, WNT1, WNT11, WNT4, WNT5A, WNT7B, WNT8A, WNT9A 

Molecular 

Mechanisms of 

Cancer 

7.24 0.25  APAF1, ARHGEF18, ARHGEF3, ATR, BAK1, BCL2, BCL2L1, BMP1, CAMK2A, CASP3, CCND1, CCND2, CCNE2, CDC25A, 

CDK11B, CDK14, CDK15, CDK18, CDK19, CDK6, CDK8, CDK9, CDKN1A, CDKN1B, CDKN2B, CRK, CTNNB1, CTNND1, CYCS, 

E2F5, E2F6, E2F7, ELK1, FADD, FANCD2, FAS, FASLG, FOS, FZD3, FZD6, FZD7, GNA13, GNAI2, GNAT1, GRB2, GSK3A, HIF1A, 
ITGA2, JUN, KRAS, LRP1, MAPK13, MRAS, MYC, NAIP, NFKBIA, NRAS, PAK1, PIK3CB, PIK3R6, PMAIP1, PRKACA, PRKACB, 

PRKAR2A, PRKCA, PRKCG, PRKCI, PSENEN, RALA, RALB, RAP1A, RAP1B, RASA1, RASD2, RASGRF1, RELA, RHOA, RHOB, 

RHOG, RHOJ, RND2, SMAD1, SMAD2, SMAD9, SUV39H1, TAB1, TAB2, TCF4, TGFBR1, TGFBR2, TP53, TYK2, WNT1, WNT11, 
WNT4, WNT5A, WNT7B, WNT8A, WNT9A 

Ovarian Cancer 

Signaling 

5.35 0.30 -0.89 BCL2, CCND1, CD44, CTNNB1, EDN1, EDNRA, EGFR, FSHB, FZD3, FZD6, FZD7, GJA1, KRAS, MLH1, MRAS, NRAS, PIK3CB, 

PIK3R6, PRKACA, PRKACB, PRKAR2A, PTGS2, RALA, RALB, RAP1A, RAP1B, RASD2, RPS6KB1, SUV39H1, TCF4, TCF7, 

TCF7L2, TP53, VEGFA, VEGFB, WNT1, WNT11, WNT4, WNT5A, WNT7B, WNT8A, WNT9A 

PEDF Signaling 5.3 0.35 -0.19 BCL2, BCL2L1, BDNF, ELK1, FAS, FASLG, GDNF, HNF1B, IKBKE, KRAS, MAPK13, MRAS, NFKBIA, NGF, NRAS, PIK3CB, 
PIK3R6, RALA, RALB, RAP1A, RAP1B, RASD2, RELA, RHOA, ROCK1, TCF4, TCF7, TCF7L2, TP53 

Gαi Signaling 5.06 0.30 0.69 ADRA2A, AGTR1, APLNR, CHRM2, CNR1, CNR2, DRD3, GNAI2, GNG10, GNG12, GNG13, GNG2, GNG5, GPR17, GRB2, HRH3, 

HTR1A, HTR1E, HTR1F, KRAS, MRAS, NPR3, NPY1R, NRAS, PRKACA, PRKACB, PRKAR2A, RALA, RALB, RAP1A, RAP1B, 

RASD2, RGS14, RGS4, RGS7, S1PR1, TBXA2R, XCR1 

Wnt/β-catenin 

Signaling 

4.98 0.28 0.60 ACVR1, ACVR1C, CCND1, CD44, CSNK1A1, CSNK1D, CSNK1G2, CSNK2A1, CSNK2A2, CTNNB1, DKK1, DKK4, FZD3, FZD6, 

FZD7, GJA1, GSK3A, JUN, KREMEN1, LRP1, MAP4K1, MYC, PIN1, PPP2CA, PPP2R1A, PPP2R5A, PTPA, RARB, RARG, SFRP1, 

SOX12, SOX13, SOX21, TAB1, TCF4, TCF7, TCF7L2, TGFBR1, TGFBR2, TGFBR3, TP53, WNT1, WNT11, WNT4, WNT5A, WNT7B, 
WNT8A, WNT9A 

Death Receptor 

Signaling 

4.88 0.33 0.37 ACTA1, ACTB, ACTC1, APAF1, BCL2, CASP2, CASP3, CYCS, DFFB, FADD, FAS, FASLG, HSPB2, HSPB7, IKBKE, LIMK1, 

MAP4K4, NAIP, NFKBIA, PARP11, PARP16, PARP3, RELA, RIPK1, ROCK1, TNFRSF10A, TNFRSF10B, TNFSF10, TNFSF15, 

TNKS2 

PI3K/AKT 

Signaling 

4.85 0.30 0.65 BCL2, BCL2L1, CCND1, CDKN1A, CDKN1B, CTNNB1, EIF4E, GRB2, GSK3A, GYS1, IKBKE, INPP5B, INPP5D, INPP5F, INPP5J, 

ITGA2, KRAS, MAP3K8, MRAS, NFKBIA, NRAS, PIK3CB, PPP2CA, PPP2R1A, PPP2R5A, PTGS2, PTPA, RALA, RALB, RAP1A, 

RAP1B, RASD2, RELA, RHEB, RPS6KB1, THEM4, TP53, TYK2, YWHAQ 

IGF-1 Signaling 4.81 0.31 -1.96 CCN1, CCN2, CCN3, CSNK2A1, CSNK2A2, ELK1, FOS, GRB2, IGF1, IGF1R, IGFBP5, JUN, KRAS, MRAS, NEDD4, NRAS, PIK3CB, 

PIK3R6, PRKACA, PRKACB, PRKAR2A, PRKCI, RALA, RALB, RAP1A, RAP1B, RASA1, RASD2, RPS6KB1, SOCS1, SOCS3, 

SOCS4, YWHAQ 

PTEN Signaling 4.57 0.29 0.17 BCL2, BCL2L1, CASP3, CCND1, CDKN1A, CDKN1B, CSNK2A1, CSNK2A2, EGFR, FASLG, FLT4, FOXG1, FOXO4, GRB2, GSK3A, 

IGF1R, IKBKE, INPP5B, INPP5D, INPP5F, INPP5J, ITGA2, KRAS, MRAS, NRAS, PIK3CB, RALA, RALB, RAP1A, RAP1B, RASD2, 

RELA, RPS6KB1, SIRT6, TGFBR1, TGFBR2, TGFBR3 

4
8
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Table 2.7. Skeletal muscle extracellular vesicle miRNAs differentially expressed following concurrent 

exercise training compared to baseline. 

Mature miRNA Raw Counts log2 Fold 

Change 

p-value 

Pre Post 

hsa-let-7f-2-3p 87.4 57 -0.68 0.04 

hsa-miR-101-5p 20.4 9.6 -1.08 0.01 

hsa-miR-1301-3p 74.8 132.8 0.93 0.03 

hsa-miR-1307-3p 179.8 317 0.86 0.04 

hsa-miR-146b-5p 181.6 312.6 0.91 0.01 

hsa-miR-190a-5p 126.8 71.2 -0.92 0.03 

hsa-miR-199a-5p 1881.2 1072.2 -0.71 0.05 

hsa-miR-199b-5p 2681.4 1524.8 -0.72 0.01 

hsa-miR-208b-5p 79.2 40 -0.99 0.02 

hsa-miR-23a-5p 9.4 19.2 1.08 0.03 

hsa-miR-296-3p 3.4 8 1.31 0.03 

hsa-miR-3605-3p 4.2 10 1.25 0.04 

hsa-miR-3609 16.6 8.2 -1.03 0.02 

hsa-miR-3615 10.6 25 1.26 0.03 

hsa-miR-370-3p 33.4 56.8 0.95 0.01 

hsa-miR-3960 20.2 43 1.25 0.03 

hsa-miR-409-3p 140.6 272 0.94 0.00 

hsa-miR-4326 2.8 8.4 1.49 0.03 

hsa-miR-4485-3p  18.6 87.2 2.59 0.00 

hsa-miR-4485-5p 3.6 18.4 2.57 0.00 

hsa-miR-4488 6 31.6 2.67 0.00 

hsa-miR-4497 16.8 35.2 1.23 0.01 

hsa-miR-483-3p 43.6 86.8 1.00 0.04 

hsa-miR-483-5p 22.2 52.6 1.20 0.02 

hsa-miR-485-5p 20 37.2 0.92 0.03 

hsa-miR-486-5p 19897.6 35386.8 0.86 0.04 

hsa-miR-629-5p 28 46.2 0.76 0.04 

hsa-miR-7-5p 141 209.6 0.67 0.04 

 



 

 

 

Table 2.8. Top 10 significant canonical pathways by p-value from Biological Pathway Analysis for differentially expressed extracellular 

vesicle microRNA following exercise training. Ratio = number of molecules in dataset/ total number of molecules in the pathway. Z-

Score – indicates predicted upregulation or downregulation of pathway compared to baseline. 

 

Ingenuity Canonical 

Pathways 

-log(p-

value) 
Ratio 

Z-

score 
Molecules 

IL-10 Signaling 9.21 0.44  
CCR5, CHUK, FCGR2A, FOS, HMOX1, IL10, IL10RB, IL1F10, IL1R1, IL1RAP, IL1RAPL2, IL1RL2, IL1RN, IL33, IL36A, 

IL36B, IL36G, IL36RN, IL37, JUN, LBP, MAP4K4, MAPK13, MAPK14, RELA, SOCS3, SP1, TNF, TRAF6, TYK2 

IL-6 Signaling 8.81 0.34 -4.1 
AKT2, CHUK, CRP, CSNK2B, CXCL8, FOS, GRB2, HRAS, HSPB7, IL1F10, IL1R1, IL1RAP, IL1RAPL2, IL1RL2, IL1RN, 

IL33, IL36A, IL36B, IL36G, IL36RN, IL37, IL6ST, JUN, LBP, MAP2K7, MAP4K4, MAPK13, MAPK14, MAPK3, 
MAPKAPK2, MRAS, NGFR, PIK3R2, RAF1, RAP1A, RASD1, RASD2, RELA, SOCS3, SOS2, TNF, TRAF6, VEGFA 

Role of Macrophages,  

Fibroblasts and 

Endothelial Cells in 

Rheumatoid Arthritis 

7.83 0.25  

AKT2, APC2, CAMK2D, CCL5, CEBPA, CHP1, CHUK, CREB1, CREB3L3, CSF1, CXCL8, FOS, FRZB, FZD3, FZD4, FZD6, 

HRAS, IL10, IL17A, IL1F10, IL1R1, IL1RAP, IL1RAPL2, IL1RL2, IL1RN, IL33, IL36A, IL36B, IL36G, IL36RN, IL37, IL6ST, 

IRAK1, IRAK2, IRAK4, JUN, LRP1, LRP6, LTB, MAP2K7, MAPK14, MAPK3, MAPKAPK2, MIF, MRAS, NGFR, NOS2, 
OSM, PDGFC, PIK3R2, PLCH2, PLCZ1, PPP3R2, PRKCQ, PRKCZ, PROK1, RAF1, RAP1A, RASD1, RASD2, RELA, RHOA, 

ROR2, RYK, SOCS3, TCF7L2, TLR1, TLR10, TLR4, TLR9, TNF, TRAF1, TRAF6, VEGFA, VEGFD, WNT1, WNT2, WNT3A 

PPAR Signaling 7.68 0.35 4.12 
CHUK, CITED2, FOS, GRB2, HRAS, IL1F10, IL1R1, IL1RAP, IL1RAPL2, IL1RL2, IL1RN, IL33, IL36A, IL36B, IL36G, 

IL36RN, IL37, INS, JUN, MAP4K4, MAPK3, MRAS, NCOR2, NGFR, PDGFC, PDGFRA, PPARA, PPARGC1A, RAF1, 

RAP1A, RASD1, RASD2, RELA, SOS2, TNF, TRAF6 

Toll-like Receptor 

Signaling 
7.37 0.38 -3.9 

CHUK, FOS, IL12A, IL1F10, IL1RN, IL33, IL36A, IL36B, IL36G, IL36RN, IL37, IRAK1, IRAK2, IRAK4, JUN, LBP, 
MAP4K4, MAPK13, MAPK14, PPARA, RELA, TLR1, TLR10, TLR4, TLR9, TNF, TOLLIP, TRAF1, TRAF6 

Hepatic Cholestasis 6.46 0.27  

ADCY1, CD40LG, CHUK, CXCL8, CYP7B1, IL12A, IL17A, IL17C, IL1F10, IL1R1, IL1RAP, IL1RAPL2, IL1RL2, IL1RN, 
IL2, IL33, IL36A, IL36B, IL36G, IL36RN, IL37, INS, IRAK1, IRAK2, IRAK4, JUN, LBP, LEP, LTB, NGFR, OSM, PPARA, 

PRKACA, PRKAG1, PRKAG2, PRKAR1B, PRKCQ, PRKCZ, RARA, RELA, SLC10A1, SLCO1C1, TGFB2, TLR4, TNF, 

TNFSF10, TNFSF13, TNFSF14, TNFSF4, TRAF6 

HMGB1 Signaling 6.26 0.28 -3.02 
AKT2, CD40LG, CXCL8, FOS, HRAS, IL12A, IL17A, IL17C, IL1F10, IL1R1, IL2, IL33, IL36A, IL36B, IL36G, IL37, JUN, 

KAT6B, LEP, LTB, MAP2K7, MAPK13, MAPK14, MAPK3, MRAS, NGFR, OSM, PIK3R2, RAC2, RAP1A, RASD1, RASD2, 

RELA, RHOA, RHOB, RHOG, RHOV, RND1, SP1, TGFB2, TLR4, TNF, TNFSF10, TNFSF13, TNFSF14, TNFSF4 

Cardiac Hypertrophy 

Signaling (Enhanced) 
5.66 0.21 -4.75 

ADCY1, AKT2, ATP2A3, CAMK2D, CD40LG, CHP1, CHUK, CTF1, CXCL8, EDN1, EDNRA, EIF2B5, EIF4E, FGF1, FGF10, 

FGF11, FGF14, FGF17, FGF23, FGF7, FICD, FZD3, FZD4, FZD6, GDE1, GDPD1, GNA11, GNAI2, GNG5, GSK3A, H2BFM, 

HDAC4, HDAC8, HRAS, HSPB7, IFNAR1, IGF1, IL10RB, IL12A, IL12RB2, IL17A, IL17C, IL1F10, IL1R1, IL1RL2, IL2, 
IL2RB, IL33, IL36A, IL36B, IL36G, IL37, IL6ST, ITGA5, JUN, LEP, LTB, MAP2K7, MAP3K11, MAP3K8, MAP3K9, 

MAPK13, MAPK14, MAPK3, MAPKAPK2, MKNK1, MKNK2, MRAS, NGFR, NKX2-5, NPPA, OSM, PDE2A, PDE4A, 

PIK3R2, PLCH2, PLCZ1, PLN, PPP3R2, PRKACA, PRKAG1, PRKAG2, PRKAR1B, PRKCQ, PRKCZ, PTEN, RAF1, RAP1A, 
RASD1, RASD2, RELA, RHOA, TGFB2, TNF, TNFSF10, TNFSF13, TNFSF14, TNFSF4, WNT1, WNT2, WNT3A 

G Beta Gamma 

Signaling 
5.29 0.29 -4.35 

ADCY1, AKT2, BTK, CACNA1B, CACNA2D4, CACNB1, CACNB2, CACNB4, CACNG2, CACNG4, CACNG7, CACNG8, 

CAV3, EGFR, GNA11, GNAI2, GNAT1, GNG5, GRB2, HRAS, KCNJ5, MAPK3, MRAS, PAK1, PRKACA, PRKAG1, 

PRKAG2, PRKAR1B, PRKCQ, PRKCZ, RAF1, RAP1A, RASD1, RASD2, SOS2 

NF-κB Signaling 5.21 0.26 -5.73 

AKT2, BCL10, CD40, CD40LG, CHUK, CSNK2B, EGFR, FADD, HRAS, IL1F10, IL1R1, IL1RN, IL33, IL36A, IL36B, IL36G, 

IL36RN, IL37, INS, IRAK1, IRAK4, MAP2K7, MAP3K8, MAP4K4, MRAS, NGFR, PDGFRA, PIK3R2, PRKACA, PRKCQ, 

PRKCZ, RAF1, RAP1A, RASD1, RASD2, RELA, TGFA, TLR1, TLR10, TLR4, TLR9, TNF, TNFRSF11A, TNIP1, TRAF6, 
ZAP70 
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Figure 2.1. Characterization of skeletal muscle derived extracellular vesicles (EVs). (a) Representative 

transmission electron microscopy (TEM) image of EVs isolated from whole human skeletal muscle by 

ultracentrifugation. Scale bar = 100 nm. (b) Representative immunoblot images confirming the 

presence of the EV markers CD63 and Alix in EVs isolated from whole human muscle. 
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Figure 2.2. The Wnt/ b-Catenin Signaling pathway is targeted by differentially expressed microRNAs 

in obese skeletal muscle extracellular vesicles. The canonical pathway for Wnt/ -Catenin was highly 

ranked as a target for the differentially expressed extracellular vesicles microRNAs isolated from obese 

skeletal muscle. Green color indicates predicted downregulation of target transcripts by differentially 

expressed microRNAs (i.e. upregulated microRNA that inhibit mRNA target production) and red color 

indicates predicted upregulation of mRNA Targets. The pathway was generated using QIAGEN’s 

Ingenuity Pathway Analysis (IPA, QIAGEN Redwood City, www.qiagen.com/ingenuity).

http://www.qiagen.com/ingenuity


 

 

  

 

 

Figure 2.3. The IGF-1 Signaling pathway is targeted by differentially expressed microRNAs in obese skeletal muscle extracellular 

vesicles. The canonical pathway for IGF-1 was highly ranked as a target for the differentially expressed extracellular vesicles 

microRNAs isolated from obese skeletal muscle. Green color indicates predicted downregulation of target transcripts by differentially 

expressed microRNAs (i.e. upregulated microRNA that inhibit mRNA target production) and red color indicates predicted upregulation 

of mRNA Targets. The pathway was generated using QIAGEN’s Ingenuity Pathway Analysis (IPA, QIAGEN Redwood City, 

www.qiagen.com/ingenuity). 
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Figure 2.4. The IL-6 and IL-10 Signaling pathways are targeted by differentially expressed skeletal muscle extracellular vesicles 

microRNAs following concurrent exercise training in lean and obese humans. The canonical pathways for IL-6 and IL-10 were highly 

ranked as a target for the differentially expressed extracellular vesicles microRNAs isolated from skeletal muscle following exercise 

training. Green color indicates predicted downregulation of target transcripts by differentially expressed microRNAs (i.e. upregulated 

microRNA that inhibit mRNA target production) and red color indicates predicted upregulation of mRNA Targets. The pathway was 

generated using QIAGEN’s Ingenuity Pathway Analysis (IPA, QIAGEN Redwood City, www.qiagen.com/ingenuity).
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Figure 2.5. Whole skeletal muscle mRNA expression for (a) IGF-1, (b) b-Catenin, (c) Wnt3a, (d) 

Wnt5a and (e) Wnt7a before and after exercise training in LN and OB humans. * - Significantly 

different from all other groups (P ≤ 0.05). LN Pre was set to 1. Black bars – LN; grey bars – OB. 

Mean ± SE. n=8/group.  
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Figure 2.6. Whole skeletal muscle mRNA expression for (a) IL-6, (b) IL-8, (c) IL-10, (d) Jun and 

(e) Fos before and after exercise training in LN and OB humans. LN Pre was set to 1. Black bars 

– LN; grey bars – OB. Mean ± SE. n=8/group. 
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Abstract 

 Peroxisome proliferator-activated receptor-gamma coactivator-1 alpha (PGC1- is vital 

for the regulation of skeletal muscle energy metabolism and mitochondrial biogenesis but has 

also been implicated in the regulation of muscle plasticity, membrane integrity and muscle 

regeneration. The impact of PGC1- on muscle fiber integrity and muscle regeneration in 

humans is critically understudied. The purpose of the present study was to examine if PGC1- 

overexpression reduces cardiotoxin (CTX)-induced damage and improves regeneration after 

CTX treatment in human myotubes. Methods: Differentiated primary, human myotubes were 

transfected with adenovirus containing PGC1- (Ad-PGC) or green fluorescent protein (Ad-

GFP) for 24 hr. At 48 hr following transfection, myotubes were treated with 1.0 M CTX or 

vehicle control (Veh) for 1 h. Cells were allowed to recover in skeletal muscle growth media for 

3 days. Cells were isolated for analysis immediately (IP) and 3 days (3D) following CTX or Veh 

administration. Significance was established at P ≤ 0.05. Results: Under normal conditions, Ad-

PGC increased PGC-1 mRNA 50-fold, mitochondrial content 1.75-fold, and associated 

mitochondrial genes, SOD1, SOD2 and TFAM by 2, 6 and 3-fold respectively. Ad-PGC 

increased myotube fusion and attenuated the loss in myotube fusion index following CTX at IP 

(Ad-GFP = 58% of Veh; Ad-PGC= 80% of Veh). The percentage of EdU+ nuclei and total 

nuclei at 3D was reduced by ~50% in Ad-PGC. At 3D, Ad-PGC limited the increase in total 

nuclei during extended culture ( Nuclei: Ad-GFP= 180% of IP; Ad-PGC = 111% of IP) and 

limited the increase in myotube fusion in CTX treated cells from IP to 3D ( Myotube Fusion 

mailto:gavin1@purdue.edu
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Index: Ad-GFP= 151% of IP CTX; Ad-PGC= 109% of IP CTX). At 3D, PGC-AV treatment 

lowered mRNA expression of the myogenic regulatory factors, MyoD, MRF4, Myf5 and 

Myogenin, indicating a reduction in proliferation and an increase in quiescent myoblasts. 

Conclusion: Overexpression of PGC-1 limits CTX induced decrease in the myotube fusion 

index but appears to limit the ability of undifferentiated cells to reenter the cell cycle, limiting 

the increase in total nuclei and myotube fusion index seen with Ad-GFP cells during extended 

culture. 

 

Introduction 

 Exercise training mediated improvements in skeletal muscle quality and structural 

integrity protect against future damaging insults, known as exercise preconditioning (1). The 

protective effects of exercise training can be attributed in part to the exercise dependent increase 

in peroxisome proliferator-activated receptor  coactivator 1(PGC-1), the master regulator of 

mitochondrial biogenesis, resulting in increased mitochondrial density and associated 

mitochondrial antioxidant capacity (2-4). PGC-1 exerts potent effects on muscle plasticity; 

protecting skeletal muscle from atrophy in unloading and denervation (5, 6), sarcopenia (7) and 

Duchenne muscular dystrophy (8, 9). There are a variety of mechanisms through which PGC-1 

can improve muscle quality however, its role in improving muscle quality across a myriad of 

divergent disease states is still being elucidated. 

 Skeletal muscle regeneration is accompanied by an increase in PGC-1 and oxidative 

capacity; signifying the crucial regulatory role that mitochondrial biogenesis has during skeletal 

muscle regeneration (10-12). Aerobic exercise training increases the number and function of SCs 

(13); in contrast to exercise, PGC-1 overexpression in mice reduces SC number, however the 

proliferative potential of SCs is markedly increased, likely due to a remodeling of the SC niche 

(14). Correspondingly, blocking muscle PGC-1 expression in mice results in incomplete 

regeneration, characterized by smaller muscle FCSA and an increase in fibrotic tissue formation 

(15). Together these studies provide strong evidence that PGC-1 expression is vital for proper 

muscle regeneration due to its role regulating the extracellular matrix. However, PGC-1 may 

play an integral role in the regulation of SC activity during myogenesis and muscle regeneration 

through more direct means. Overexpression of PGC-1 in C2C12 myoblasts induces 
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differentiation, conversely the knockdown of PGC-1ablates myotube formation (16). 

Additionally, PGC-1 overexpression accelerates the differentiation of primary human 

myoblasts and enhances myotube formation but doesn’t alter proliferation rates (17). These 

findings provide evidence that PGC-1 enhances myoblast differentiation, however there are 

numerous gaps in our understanding of how PGC-1 effects SCs during muscle regeneration that 

need to be addressed. 

 Currently, our understanding of how PGC-1 alters SC function and muscle regeneration 

in humans is limited. The majority of previous in vitro work has often employed immortalized 

cell lines and the limited experiments that employ primary human cells often overexpresses 

PGC-1 in myoblasts (16-18). Myoblasts do not share many characteristics with quiescent SCs, 

limiting the translatability of these studies. During myoblast differentiation, myoblasts pause 

during the G1 phase and permanently exit the cell cycle before differentiating and fusing with 

existing myotubes or other differentiating myoblasts to form multinucleated myotubes (19). 

However, not all myoblasts differentiate leaving a distinct sub-population of undifferentiated, 

non-cycling myoblasts that are arrested in G0, commonly referred to as myogenic reserve cells 

(20). Myogenic reserve cells share numerous characteristics with quiescent SCs including their 

ability to self-renew, are Pax7+/MyoD- and are capable of reentering the cell cycle to generate 

progeny that contribute to the formation of multinucleated myotubes and the maintenance of the 

reserve cell population (20, 21). The present study will employ an extended culture model that 

will allow us to examine how PGC-1 adenovirus induced overexpression alters the ability of 

undifferentiated myoblasts and these myogenic reserve cells to contribute to the reformation of 

primary human myotubes following cardiotoxin (CTX) induced damage. The aim of the present 

study is to determine if overexpression of PGC-1 alters CTX induced damage and repair of 

primary human myotubes. We hypothesized that PGC-1 overexpression would protect against 

CTX induced damage and enhance repair of primary human myotubes. 

 

Methods 

 This study was approved by the Purdue University Institutional Review Board in 

accordance with the Declaration of Helsinki. Written informed consent was obtained from all 

subjects prior to their participation in the study. 
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 Isolation of Primary Human Myoblasts. Primary myoblasts were isolated as previously 

described (22). Briefly, muscle biopsies were performed on the vastus lateralis of eight, 

sedentary, lean individuals. Sedentary was defined as engaging in no more than 1 hour of 

physical activity per week. Muscle tissue was minced and digested in dispase II (Sigma-Aldrich) 

and Collagenase type 2 (Worthington Biochemical Corp.) for 20-30 min at 37°C. Filtered cells 

were pelleted and resuspended in Skeletal Muscle Growth Media (SkGM) (Cell Applications 

Inc.) containing 100 U/ml of penicillin and 100 g/ml streptomycin, and plated on an uncoated 

dish for 90 minutes. Unattached cells were transferred to a collagen coated plate and grown to a 

minimum of 60% confluence in SkGM. Myoblasts were purified by magnetic activated cell 

sorting (MACS) with CD56+ microbeads (Miltenyi Biotec). The purified myoblasts were 

cultured in SkGM for use in the below experiments or frozen in liquid nitrogen for future use. 

All cells used in the below experiments were early passage and matched between groups. 

 Differentiation and Treatment of Myoblasts. In all experiments, passage 4 myoblasts 

were seeded on 6 and 48 well plates and grown in SkGM until 80% confluent. Myoblasts were 

terminally differentiated in differentiation media (SkDM) (Dulbecco’s modified Eagle medium 

supplemented with 2% horse serum) for a total of 8 Days. On day 6 of differentiation, cells were 

incubated in SkDM for 24 hr containing adenovirus encoding for PGC-1co-expressing GFP 

(Ad-PGC) or adenovirus expressing GFP alone (Ad-GFP) at a concentration of 7.5 x 106 pfu/ml. 

The adenoviruses overexpressing GFP and PGC-1 have been previously described (3, 5, 6). 

Following the 24 hr transfection, cells were washed with PBS and cultured in SkDM for an 

additional 24 hr before being treated with 1M CTX or an equivalent volume of vehicle (PBS) 

for 1 hr. Previous in vitro studies have used 1M of CTX for one hour resulting in a robust drop 

in myotube number and fusion index (23). Our own pilot experiments confirmed this while 

demonstrating that a significant portion of cultured cells maintain their viability. Cells were then 

washed with PBS and collected for respective assays. To assess how myotubes reform and 

regrow after injury, injured and uninjured myotubes were cultured for an additional 3 days in 

SkGM. 

 LDH Assay. The damage induced by CTX administration was quantified via LDH assay 

(CyQUANT, ThermoFisher Scientific) according to manufacturer’s instructions as previously 

described (23). The LDH assay quantifies cytotoxicity by measuring the amount of red formazan 

produced as a part of a coupled enzymatic reaction in which LDH catalyzes the conversion of 
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lactate to pyruvate via NAD+ reduction and the oxidation of NADH by diaphorase. Immediately 

following CTX treatment, 50 l of media was transferred to a 96 well plate and mixed with 50 l 

of the LDH reaction mixture and incubated at room temperature for 30 min. Absorbance was 

measured at 680 and 490 nm. The 680 nm absorbance was subtracted from the 490 nm 

absorbance for each well. A fold change was calculated setting the GFP, vehicle treated 

myotubes to 1.  

 Cell Viability. The viability of human myotubes following CTX administration was 

assessed via a 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) assay as 

previously described (22, 24). The MTT assay measures cell metabolic activity by measuring the 

amount of formazan formed from MTT reduction by NADPH oxidoreductases. Following CTX 

treatment, the cells were washed with PBS and fresh media added to each well along with 50l 

of 5 mg/ml MTT reagent to each well and incubated at standard culture conditions (37°C, 5% 

CO2) for 2 hr. The media will then be drained, and the purple formazan dye will be dissolved in 

100 l of DMSO per well. Absorbance will be measured at 550 nm (accuscan; ThermoFisher 

Scientific). 

 Myoblast Proliferation and Differentiation following CTX treatment. Following CTX 

treatment of myotubes, the proliferation of undifferentiated, reserve cells was quantified by 

visualizing the incorporation of 5‐ethynyl‐2'‐deoxyuridine (EdU) into actively dividing DNA. 

EdU staining was performed as previously described (25). Briefly, 2 mM EdU was added to the 

media 12 h prior to completion of treatment. Following completion of treatment, cells were fixed 

with ice‐cold, 4% paraformaldehyde (PFA), washed and incubated in 100 mm Tris‐HCl, pH 8.5 

(Boston Biosciences, Royal Oak, MI, USA), 1 mm CuSO4 (Acros; ThermoFisher Scientific), 

2.5 mm TAMRA Azide 568 (Invitrogen, Carlsbad, CA, USA) and 100 mm ascorbic acid 

(ThermoFisher Scientific) for 30 min. Prior to imaging, nuclei were co‐stained with 4',6‐

diamidino‐2‐phenylindole (DAPI) (Invitrogen). Myoblasts were imaged immediately via 

fluorescence microscopy for co‐localization of EdU to DAPI. The percentage of proliferating 

cells was determined using ImageJ (National Institutes of Health, Bethesda, MD, USA). 

Proliferation of undifferentiated, reserve cells was also quantified by calculating the change in 

total nuclei at 3 days compared to the total number of nuclei IP vehicle or CTX and expressed as 

a percent. 
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 To quantify myotube formation, staining for myosin heavy chain (MHC) and DAPI was 

performed. Briefly, cells were fixed in 4% PFA for 15 min and then permeabilized with 100 mM 

glycine for 5 min at room temperature. Cells were then incubated in blocking buffer (PBS 

containing 5% goat serum, 2% bovine serum albumin, 0.2% triton X-100 and 0.1% sodium 

azide; Cell signaling Technologies) for 1 hr. Myotubes were subsequently incubated with MF20 

antibody (DSHB), diluted 1:30 in blocking buffer overnight at 4°C. Cells were washed with PBS 

and incubated with secondary antibody (AlexaFlour 568, goat anti-mouse, IgG2B, ThermoFisher 

Scientific) and DAPI at a 1:500 and 1:1000 dilution respectively. Myotubes were visualized by 

fluorescence microscopy and analyzed in image J. The fusion index is the total number of nuclei 

incorporated into multinucleated, MHC+ myotubes divided by the total number of nuclei in the 

field of view, expressed as a percentage. Myotube damage was quantified by calculating the 

change in the myotube fusion index immediately following CTX compared to each subjects 

Vehicle and expressed as a percent. Myotube reformation was quantified by calculating the 

change in myotube fusion index from immediately post CTX administration to 3 days following 

CTX and expressed as a percent. 

 RNA Isolation, Reverse Transcription and qRT-PCR. Total RNA was extracted using a 

Trizol reagent (Thermo Fisher Scientific) as previously described (26). For mRNA reverse 

transcription, first strand cDNA was generated by random hexamer primers with MMLV 

Reverse Transcriptase (Thermo Fisher Scientific). Real-time PCR detection was performed using 

SYBR green based chemistry on a CFX Connect (BioRad, Hercules, CA, USA). Primers are 

listed in Table 3.1. Gene expression was determined with the 2-ΔΔCt relative quantification 

method and normalized to 18s. Housekeeping genes were validated to ensure expression was not 

influenced by the experimental procedure. 

 Western Blot. Western blotting analysis was performed using standard SDS-Page 

procedures. Briefly, protein was isolated from cell lysates in RIPA Buffer (50mm Tris HCL 7.4 

pH, 150mm NaCl, 2mm EDTA, 0.1% SDS, 0.1% Triton x-100, 0.5% Sodium Deoxycholate) 

with phosphatase inhibitors (0.2 mM NA3VO4, 50 mM NaF) and a protease inhibitor cocktail 

(P8340, Sigma-Aldrich, St. Louis, MO, USA). 30 µg of total protein from muscle homogenates 

was fractionated on SDS-polyacrylamide gels; transferred to PVDF membrane; and incubated 

with PGC-1 primary antibody (Cell Signaling Technologies). Horseradish peroxide–conjugated 

secondary antibodies (Cell Signaling Technology, Danvers, MA) were incubated with the 
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membrane and images were obtained by chemiluminescence using a ChemiDoc Touch Imaging 

System and densitometric analysis performed by ImageLab software (BioRad, Hercules, CA, 

USA). Results were normalized to total protein. 

 Statistical Analysis. A two-way repeated measure analysis of variance (ANOVA) (PGC-

1α × CTX) was used to analyze differences in gene expression, myotube fusion index, total 

nuclei, EdU and LDH. CTX serial dilution preliminary data were analyzed via a one-way non-

repeated measures ANOVA. Following a significant F ratio, Fisher’s LSD post-hoc analysis was 

performed. All other data were analyzed using Student’s t-test. Significance was established at P 

≤ 0.05 level and data reported as Mean ± SE. All data was analyzed in GraphPad Prism (Version 

9.10). 

 

Results 

 Subject characteristics. Demographic characteristics for the six, sedentary lean subjects 

are located in Table 3.2. The average age of participants was 23.7 ± 2.4 years old. The average 

BMI for all subjects was 22.4 ± 0.9 kg/m2. The HOMA-IR for all subjects was 2.1 ± 0.1, 

indicative of insulin sensitivity (27).  

 Dose and time-course of PGC-1 overexpression. In order to establish infection 

strategies, we exposed differentiated primary human myotubes (n=3) to different doses of 

adenovirus for 24 and 48 hr. PGC-1 protein and myotube fusion index was assessed. As 

predicted PGC-1 protein increased in a dose and time dependent manner (Figure 3.1A). 

Increased dose or time had a negligible effect on the myotube fusion index (Figure 3.1B). We 

chose to use the adenoviral dose of 7.5 x 106 pfu/ml for a transfection time of 24 hours as it 

increased PGC-1protein expression approximately 50-fold over the non-viral control (0 

pfu/ml). We chose to perform the adenoviral infection on day 6 of differentiation and perform all 

assays and harvest all cells 24 hr following transfection on day 8. The rationale for this approach 

was based upon data we obtained via MitoTracker Fluorometric assay which indicates that 

earlier transfection had minimal impact on mitochondrial content (Figure 3.1C).  

 Dosing of Cardiotoxin. The dose of CTX administered to differentiated myotubes was 

selected by assessing metabolic activity via MTT and myotube damage via fusion index 

following treatment with various doses of cardiotoxin (Figure 3.2). As expected, metabolic 

activity and the myotube fusion index were reduced in a dose dependent manner with the 
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greatest reduction occurring at the dose of 1.0 M. Myotube fusion index returned to baseline in 

all but the 1.0 M dose, however the greatest increase in myotube fusion occurred in the 1.0 M 

group. Similarly, myotube metabolic activity increased after being cultured for 3 further days in 

SkGM, with the largest increase occurring at the 1.0 M dose. We aimed to select a dose of CTX 

that would elicit the most amount of damage while maintaining the greatest cell viability. As 

shown by our pilot data this approach allowed for the greatest myogenic response. Consequently, 

we chose to perform all subsequent experiments at a dose of 1 M. 

 PGC-1 overexpression increases mitochondrial density and the expression of 

mitochondrial genes. The effects of Ad-PGC on the gene expression of PGC-1 and related 

mitochondrial genes are located in Figure 3.3. As expected, Ad-PGC increased mitochondrial 

content by 60%, the expression of PGC-1mRNA 50-fold and associated mitochondrial genes 

SOD1, SOD2 and TFAM by approximately 2, 7.5 and 3-fold. Importantly, there were no 

differences between nonviral control treated cells and Ad-GFP in the expression of PGC-1 

mRNA. Additionally, Ad-PGC reduced the expression of the E3 ubiquitin ligases, MuRF1 and 

Atrogin-1.  

 PGC-1a overexpression increases and preserves the myotube fusion index immediately 

following CTX-induced damage. We assessed myotube damage by fusion index and by 

measuring the activity of LDH released into the cell culture media. Results for myotube fusion 

index and media LDH following CTX or Veh administration are located in Figure 3.4. PGC-1 

overexpression increased the myotube fusion index following CTX or Veh administration 

compared to GFP controls. CTX administration reduced the fusion index in both PGC and GFP 

treated cells. However, the reduction in fusion index was attenuated in PGC vs. GFP controls. 

CTX increased LDH activity in the media by approximately 5-fold in both GFP and PGC treated 

conditions. No differences were evident in media LDH activity between PGC and GFP. 

Immediately following CTX or Veh administration no differences were observed between GFP 

or PGC treated cells in the total number of nuclei. 

 Overexpression of PGC-1 reduces myoblast proliferation and myotube formation 

during recovery from CTX-induced damage. Following CTX administration, myotubes were 

allowed to recover for 3 days in SkGM. Proliferation of undifferentiated, reserve myoblasts was 

measured by EdU and by the counting of total nuclei; myotube reformation was measured by 
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fusion index (Figure 3.5). Ad-PGC reduced the percent of EdU+ nuclei 3 days following CTX or 

Veh administration in Ad-PGC treated cells. 3 days following CTX or Veh administration, an 

increase in total nuclei was noted in GFP treated cells only. No change in total nuclei was 

observed in PGC treated cells at 3 days compared to IP. Myotube fusion index was increased in 

all PGC treated cells 3 days post CTX or Veh administration compared to GFP treated cells. 

However, the fusion index increased significantly in GFP treated myotubes compared to PGC 

treated myotubes during the recovery period (150% vs 110% of IP CTX). 

 PGC-1 overexpression reduces expression of myogenic genes. Gene expression data 3 

days following CTX or Veh administration is located in Figure 3.6. PGC-1 overexpression 

reduced Pax3, MyoD, MRF4, Myf5, Myogenin, PCNA, p16, p53 and CDK4 mRNA 3 days 

following CTX or Veh administration. A trend was observed for CTX to increase the expression 

of MyoD mRNA. No other differences in the expression of Pax7, Pax3, MRF4, Myf5, Myogenin 

or PCNA mRNA were noted. 

 

Discussion 

 The principal findings of the present study are that PGC-1 overexpression in primary 

human myotubes, (1) is mildly protective against CTX-induced damage and (2) reduces the 

activation of undifferentiated, reserve myoblasts during extended culture. To our knowledge this 

is the first report that demonstrates the protective effects of PGC-1 overexpression in human 

myotubes against cardiotoxin induced damage.  

 PGC-1 mediates muscle fiber membrane integrity in a variety of disease states in mice 

including dystrophy, unloading and sarcopenia (5-9), however, the role of PGC-1 in the 

regulation of human muscle fiber integrity is critically understudied. In the present study we 

observed that overexpressing PGC-1 in primary human myotubes attenuates the CTX induced 

reduction in myotube fusion index. In contrast to this finding, Ad-PGC did not attenuate the 

CTX induced increase in LDH release. This discrepancy can likely be attributed to shifts in LDH 

isozyme composition. Transgenic mice overexpressing PGC-1 and adenoviral treated C2C12 

myotubes increase transcription of LDH B and reduce transcription of LDH A, which code for the 

LDH H and LDH M subunits respectively (28). This shift in subunit composition and subsequent 

isozyme expression, increases the enzymatic activity of LDH to convert lactate to pyruvate by 

approximately 60% (28). 



 

 

 66 

 CTX generates significant necrosis in vitro by increasing cytosolic calcium, leading to an 

increase in the production of reactive oxygen species (ROS) and cytoskeleton degradation (29, 

30). Mitochondria and the sarcoplasmic reticulum tightly regulate cellular calcium flux (31); 

subsequently, increases in PGC-1 can improve calcium handling by improving mitochondrial 

content, mitochondrial dynamics and by attenuating SR stress (32). In the present study, PGC-1 

overexpression increased mitochondrial content, which may have attenuated myotube disruption 

by reducing sarcoplasmic Ca2+ levels after CTX (33). Additionally, Ad-PGC increased the 

expression of antioxidant enzymes, SOD1 and SOD2, and reduced the expression of the E3 

ubiquitin ligases, MuRF1 and Atrogin-1; together, these PGC-1 induced alterations in gene 

expression could limit secondary damage by improving ROS scavenging (34, 35), and limiting 

the degradation of cytoskeletal proteins (6). While our findings are not able to provide 

unequivocal support for the mechanism(s) responsible for increased myotube integrity; our 

findings are in agreement with previous reports demonstrating the importance of PGC-1 for 

muscle integrity and extends these findings to humans.  

 In addition to the vital role that PGC-1plays in the regulation of muscle fiber integrity, 

PGC-1 appears to be critical for the differentiation of myoblasts. As the master regulator of 

mitochondrial biogenesis, PGC-1 likely plays an important role in muscle regeneration; 

blocking mitochondrial biogenesis impairs muscle regeneration, resulting in smaller fibers and 

increased fibrosis (15). In the present study, PGC-1 overexpression increased the fusion index 

at all time points, in agreement with previous findings demonstrating that overexpressing PGC-

1 accelerates and enhances myoblast differentiation in primary human and C2C12 myotubes 

(16, 17). However, we also observed that PGC-1 overexpression limits the restoration of 

myotube fusion after CTX induced myotube disruption. 

 The present study employed an extended culture model that allowed for undifferentiated 

myoblasts and myogenic reserve cells to function in a manner more akin to SCs than myoblasts, 

re-entering the cell cycle and producing progeny that maintain the reserve cell population or 

differentiate and aid in the reformation of myotubes. In the present study, PGC-1 

overexpression appears to reduce the propensity for undifferentiated myoblasts and/or myogenic 

reserve cells to re-enter the cell cycle and proliferate. This appears to be in contrast to previously 

reported in vivo findings indicating that PGC-1 overexpression decreases the number of SCs, 
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but drastically increases the propensity for activation and proliferation (14). However, the 

authors attributed the increased propensity for SC activation to remodeling of the SC niche and 

not any direct effects of PGC-1 on SC’s. Our gene expression data indicates that the dampened 

activation of myogenic reserve cells in Ad-PGC cultures is likely due to increased quiescence 

and not an increase in senescence. PGC-1 overexpression reduced the expression of the 

myogenic regulatory factors, MyoD, MRF4, Myf5 and Myogenin, markers associated with 

senescence p16, p53 and CDK4, and maintained the expression of Pax7. Our findings indicate 

that PGC-1 overexpression enhances myoblast differentiation but reduces the propensity for 

myogenic reserve cells and undifferentiated myoblasts to reenter the cell cycle. 

 Limitations. In the present study we did not measure -galactosidase, however our results 

and those of previous reports make it unlikely that the lack of cellular expansion or increases in 

fusion index are due to increased senescence. We did not measure calcium influx induced by 

incubation with CTX, limiting the mechanistic conclusions that can be drawn. Additionally, we 

did not confirm that our pool of undifferentiated myoblasts were a true Pax7+/MyoD-, myogenic 

reserve cells population. 

 In conclusion, PGC-1overexpression reduces CTX induced damage to myotubes but 

limits the reformation of myotubes by limiting the ability of myogenic reserve cells to reenter the 

cell cycle. Our findings indicate that PGC-1promotes the maintenance of quiescence in 

myogenic reserve cells. Future work should investigate the mechanisms through which PGC-1 

maintains the quiescence of myogenic reserve cells.  
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Table 3.1. Summary of Primers used for qRT-PCR. 

Gene Name Gene ID Forward (5'-3') Reverse (5'-3') 

18s 106632259 GGCCCTGTAATTGGAATGAGTC CCAAGATCCAACTACGAGCTT 

PGC-1 10891 TCTGAGTCTGTATGGAGTGACAT CCAAGTCGTTCACATCTAGTTCA 

SOD1 6647 GGTGGGCCAAAGGATGAAGAG CCACAAGCCAAACGACTTCC 

SOD2 6648 GCTCCGGTTTTGGGGTATCTG GCGTTGATGTGAGGTTCCAG 

TFAM 7019 ATGGCGTTTCTCCGAAGCAT TCCGCCCTATAAGCATCTTGA 

MuRF1 84676 CTTCCAGGCTGCAAATCCCTA ACACTCCGTGACGATCCATGA 

Atrogin-1 114907 GCCTTTGTGCCTACAACTGAA CTGCCCTTTGTCTGACAGAAT 

Pax7 5081 ACCCCTGCCTAACCACATC GCGGCAAAGAATCTTGGAGAC 

Pax3 5077 AGCTCGGCGGTGTTTTTATCA CTGCACAGGATCTTGGAGACG 

MyoD 4654 CGCCATCCGCTATATCGAGG CTGTAGTCCATCATGCCGTCG 

MRF4 4618 GGAGCGCCATCAGCTATATTG ATCCGCACCCTCAAGATTTTC 

Myf5 4617 CTGCCAGTTCTCACCTTCTGA AACTCGTCCCCAAATTCACCC 

Myogenin 4656 GGGGAAAACTACCTGCCTGTC AGGCGCTCGATGTACTGGAT 

PCNA 5111 CCTGCTGGGATATTAGCTCCA CAGCGGTAGGTGTCGAAGC 

p16 1029 ATGGAGCCTTCGGCTGACT GTAACTATTCGGTGCGTTGGG 

p53 7157 CAGCACATGACGGAGGTTGT TCATCCAAATACTCCACACGC 

CDK4 1019 CCATCAGCACAGTTCGTGAGGT TCAGTTCGGGATGTGGCACAGA 
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Table 3.2. Subject Characteristics. Values are Mean ± SE (n=6). BMI- body mass index. HOMA-

IR- homeostasis model assessment for insulin resistance. HDL- high density lipoprotein. LDL- 

low density lipoprotein.  

Characteristics Value 

Age (yr) 23.7 ± 2.4 

BMI (kg/m2) 22.4 ± 0.9 

Glucose (mg/dl) 91.5 ± 1.9 

Insulin (U/ml) 9.3 ± 0.1 

HOMA-IR 2.1 ± 0.6 

Total Cholesterol (mg/dl) 171.5 ± 12.4 

HDL (mg/dl) 48.8 ± 4.7 

LDL (mg/dl) 102.7 ± 13.3 

Triglycerides (mg/dl) 100.8 ± 16.5 
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Figure 3.1. Overexpression of PGC-1 increases the expression of PGC-1 protein in a dose and 

time dependent manner in primary human myotubes. Human skeletal muscle cells were isolated 

from vastus lateralis needle biopsies and exposed to varying doses (plaque-forming units (pfu)/ml 

media) of PGC-1 adenovirus on Day 6 of differentiation for either 24 or 48 hr and collected on 

Day 8. (A) Expression of PGC-1 protein following 24 or 48 hr transfection with PGC-1 

adenovirus. (B) Fusion index following 24 or 48 hr transfection with PGC-1 adenovirus. (C) 

Mitochondrial content assessed fluorometrically via MitoTracker Green FM at various times after 

24 hr transfection with 75 x 105 pfu/ml of PGC-1 adenovirus. Light grey bars – 24 hr; dark grey 

bars – 48 hr. *-Significantly different than GFP Control (P≤0.05). n=3/group. Mean ± SE.  
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Figure 3.2. Cardiotoxin (CTX) reduces cell viability and myotube fusion in a dose dependent 

manner. Differentiated primary human myotubes from lean donors were exposed to cardiotoxin at 

various doses for 1 hr and either harvested immediately or placed in skeletal muscle growth media 

for 3 days to facilitate myotube recovery. (A) Cell viability measured via MTT assay and (B) 

myotube fusion immediately and 3 days after exposure to various doses of CTX for 1 hr. The 

change in (C) cell viability and (D) myotube fusion after 3 days of recovery in skeletal muscle 

growth media compared to immediately following CTX administration. Graphs A and B: Black 

bars – Immediately post (IP); grey bars – 3 Days Post. * - Significantly different than own IP 

(P≤0.05). # - Significantly different than control (P≤0.05). ** - Significantly different than all 

other groups (P≤0.05). Mean ± SE. n=4 - 7/group.  
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Figure 3.3. PGC-1 increases mitochondrial content and associated mitochondrial genes and 

reduces the expression of the E3 ubiquitin ligases. (A) Mitochondrial content assessed 

fluorometrically via MitoTracker Green FM in primary human myotubes overexpressing PGC-1 

or GFP controls. mRNA expression of (B) PGC-1, (C) TFAM, (D) SOD1, (E) SOD2, (F) MuRF1 

and (G) Atrogin-1 immediately after 1 hr treatment with vehicle (control) or CTX in myotubes 

overexpressing PGC-1 or GFP controls. Black bars – vehicle; grey bars – CTX. Mean ± SE. 

n=5/group.  
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Figure 3.4. PGC-1 overexpression increases and prevents CTX associated reduction in the 

myotube fusion index. (A) Representative images of primary human myotubes overexpressing 

GFP or PGC-1 after vehicle or CTX treatment stained for Myosin Heavy Chain (MF20) and 

nuclei (DAPI). (B) Quantification of myotube fusion, (D) total nuclei/ field view and (E) LDH 

activity in the cell culture media following CTX or vehicle in myotubes overexpressing PGC-1 

or GFP. (C) Quantification of the change in myotube fusion index following CTX in primary 

human myotubes overexpressing GFP or PGC-1. Black bars – vehicle; grey bars – CTX. Mean 

± SE. n=6/group.   
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Figure 3.5. PGC-1 overexpression limits the expansion of undifferentiated, reserve myoblasts 

and myotube fusion during extended culture of primary human myotubes treated with either 

vehicle or CTX. (A) Representative images of primary human myotubes overexpressing GFP or 

PGC-1 grown in skeletal muscle growth media for 3 days after treatment with vehicle or CTX 

and stained with EdU (red) and DAPI (blue). Quantification of (B) the percent EdU+ nuclei, (C) 

total nuclei/ filed view and (D) fusion index 3 days following CTX or vehicle treatment of 

myotubes overexpressing PGC-1 or GFP. Quantification of (E) the change in nuclei from 

immediately post to 3 days post vehicle or CTX (vehicle and CTX are pooled), and (F) the change 

in myotube fusion from immediately post to 3 days post CTX. Black bars – vehicle; grey bars – 

CTX. Mean ± SE. n=6/group. 
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Figure 3.6. PGC-1 overexpression reduces the expression of myogenic regulatory factors and 

senescent markers 3 days following CTX or vehicle administration. mRNA expression of (A) 

Pax7, (B) Pax3, (C) MyoD, (D) MRF4, (E) Myf5, (F) Myogenin, (G) PCNA, (H) p16, (I) p53 and 

(J) CDK4 3 days following treatment with vehicle (control) or CTX in myotubes overexpressing 

PGC-1 or GFP controls. Black bars – vehicle; grey bars – CTX. Mean ± SE. n=4-5/group.
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Abstract 

 Obesity (BMI ≥ 30 kg/m2) is associated with a reduction in skeletal muscle quality and an 

impaired myogenic response to muscle damage. Macrophages and adipose tissue infiltrate into 

skeletal muscle and secrete pro-inflammatory cytokines and lipids that negatively regulate 

muscle integrity and muscle regeneration. The purpose of the present study is to determine if 

exposure to an obesogenic environment alters cardiotoxin (CTX) induced damage and repair of 

primary human myotubes from lean and obese donors. Methods: Terminally differentiated, 

primary human myotubes from lean and obese donors were cultured in obesogenic 

differentiation media (Ob-DM) (250 M Palmitate, 250 M Oleate, 100 nM Insulin and 2.5 

ng/ml TNF-) or control media (BSA-DM) for 48 hr and treated with 1.0 M CTX or vehicle 

control (Veh) for 1 h. Cells recovered in obesogenic (Ob-GM) or control growth media (BSA-

GM) for 3 days. Results: Ob-DM reduced the expression of the glucose transporters glut1 and 

glut4 in both groups by 28% and 21% respectively. Control treated OB myotubes exhibited 22% 

lower mitochondrial content, a 30% reduction in PPAR and a 17% reduction in Glut1 mRNA. 

Ob-DM reduced myotube fusion in LN and OB myotubes by about 6%. OB myotubes exposed 

to Ob-DM incurred greater CTX-induced increase in LDH than all other groups (BSA-DM: 

LN=4.4 au; OB=6.8 au | Ob-DM: LN=4.1 au; OB=7.5 au). At 3D, Ob-GM limited the increase 

in myotube fusion index (BSA-GM=135% of immediately post CTX (IP) | Ob-GM= 126% of IP) 

and total nuclei during recovery from CTX induced injury (BSA-GM=133% of IP | Ob-GM= 

116% of IP). OB myotubes exhibit reduced expression of MyoD, and IGF-1 and increased 

expression of Myostatin mRNA 3 days post CTX.  Ob-GM reduced mRNA expression of MyoD 

mailto:gavin1@purdue.edu
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and myf5 mRNA 3 days post CTX. Conclusion: Exposure to obesogenic media increases CTX-

induced damage of primary human myotubes from OB donors and limits increases in nuclei and 

the reformation of primary human myotubes from LN and OB donors. 

 

Introduction  

 Skeletal muscle of persons with obesity (BMI ≥ 30 kg/m2) is associated with 

morphological and biochemical alterations that result in reduced skeletal muscle quality, 

dysregulated metabolism and impaired muscle mass maintenance (1-4). The maintenance of 

skeletal muscle mass in obesity is of vital importance to preserve muscle quality and reduce the 

risk of sarcopenic obesity. In individuals with obesity, lipids ectopically accumulate in non-

adipose tissues, including skeletal muscle. High levels of intermuscular adipose tissue (IMAT) 

are correlated with macrophage accumulation in skeletal muscle of persons with obesity, 

promoting reduced insulin sensitivity and chronic inflammation in skeletal muscle (3, 5). IMAT 

contributes to reductions in skeletal muscle quality in persons with obesity by directly 

modulating skeletal muscle contractile function (6). Obesity is also associated with an increase in 

intramyocellular lipids, increasing membrane rigidity and reducing membrane integrity (7, 8).  

 Intercellular communication is a vital process that regulates the physiological function of 

neighboring cells. IMAT has a distinct pro-inflammatory secretome, more akin to visceral than 

subcutaneous adipose tissue, secreting elevated proinflammatory cytokines and lipids (3, 9). 

Inflammatory macrophages aggregate around IMAT and secrete a plethora of inflammatory 

molecules (7, 10). Together these secretomes bathe skeletal muscle in an excess of lipids and 

pro-inflammatory cytokines. Lipid overload and chronic inflammation are associated with the 

negative regulation of muscle metabolism and impairments in muscle regeneration (11).  

Following muscle damage the inflammatory response is dysregulated (11-13), and SC 

proliferation is markedly reduced in obese rodents (14-16). Reductions in SC activity and the 

dysregulated inflammatory response in individuals with obesity may be due to chronic exposure 

to elevated inflammatory cytokines and lipids from accumulated macrophages and IMAT. 

 Currently our understanding of how obesity reduces membrane integrity and alters SC 

function during muscle regeneration in humans is limited. Studying the mechanisms of skeletal 

muscle damage and repair in human subjects is challenging, consequently the majority of in vivo 

humans’ subjects research induces only moderate amounts of muscle damage and relies on 
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indirect markers of muscle damage (17). Due to the difficulties associated with effective in vivo 

interventions in humans, the majority of research on muscle damage and regeneration in humans 

has to be performed in vitro. While it appears that many donor metabolic characteristics are 

retained in primary myotubes, such as impaired lipid oxidation in obesity and diabetes (18, 19), 

the magnitude of observed in vivo impairments are reduced in vitro, particularly for 

normoglycemic, obese individuals (20-22). However, many metabolic perturbations present in 

vivo can be observed in vitro by treatment with lipids, insulin or inflammatory cytokines (19, 23, 

24). Consequently, we have designed a study that utilizes an obesogenic media, consisting of 

fatty acids, insulin and tumor necrosis factor alpha (TNF-), to replicate the in vivo, obese 

environment, with the aim of elucidating how the cellular environment alters cardiotoxin (CTX) 

induced damage and repair of primary human myotubes from lean (LN) and obese (OB) donors. 

We hypothesized that myotubes from OB donors, cultured in an obesogenic environment would 

incur greater damage and display a diminished recovery compared to myotubes from LN donors. 

 

Methods  

 This study was approved by the Purdue University Institutional Review Board in 

accordance with the Declaration of Helsinki. Written informed consent was obtained from all 

subjects prior to their participation in the study. 

 Isolation of Primary Human Myoblasts. Primary myoblasts were isolated as previously 

described (25). Briefly, muscle biopsies were performed on the vastus lateralis of seven 

individuals with (OB) and seven without obesity (LN) using the modified Bergstrom technique. 

Muscle tissue was minced and digested in dispase II (Sigma-Aldrich) and Collagenase type 2 

(Worthington Biochemical Corp.) for 20-30 min at 37°C. Filtered cells were pelleted and 

resuspended in Skeletal Muscle Growth Media (SkGM) (Cell Applications Inc.) and plated on an 

uncoated dish for 90 minutes. Unattached cells were transferred to a collagen coated plate and 

grown to a minimum of 60% confluence in SkGM. Myoblasts were purified by magnetic 

activated cell sorting (MACS) with CD56+ microbeads (Miltenyi Biotec). The purified 

myoblasts were cultured in SkGM for use in the below experiments or frozen in liquid nitrogen 

for future use. All cells used in the below experiments were early passage and matched between 

groups.  
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 Differentiation and Treatment of Myoblasts. For all experiments, passage 4 myoblasts 

were seeded on 6 and 24 well plates and grown in SkGM until 80 % confluent. Myoblasts were 

terminally differentiated in differentiation media (SkDM) (Dulbecco’s modified Eagle medium 

supplemented with 2% horse serum) for 6 Days. On day 6 of differentiation, cells were incubated 

in obesogenic SkDM (Ob-DM) (250 M Palmitate, 250 mM Oleate, 100 nM Insulin and 2.5 

ng/ml TNF-) or control SkDM, containing an equivalent amount of bovine serum albumin 

(BSA), and phosphate buffered saline (PBS) (BSA-DM) for 48 hr. At the conclusion of the 48 hr 

incubation period, cells were treated with 1M CTX or an equivalent volume of vehicle (PBS) 

for 1 hr. Previous in vitro studies have used 1M of CTX for one hour resulting in a robust drop 

in myotube number and myotube fusion index and an approximate 5-fold increase in lactate 

dehydrogenase (LDH) activity in the media (26). Our pilot experiments confirmed this while 

demonstrating that a significant portion of cultured cells maintain their viability. Cells were then 

washed with PBS 3 times and collected for respective assays. To assess how myotubes reform 

and regrow after injury, injured myotubes were cultured for an additional 3 days in obesogenic 

SkGM (Ob-GM) or control SkGM (BSA-DM). 

 Preparation of Obesogenic and Control Media. Obesogenic media consisted of 250 M 

palmitate, 250 M oleate, 100 nM Insulin and 2.5 ng/ml TNF- in either SkDM or SkGM. We 

chose the dosage of 250 M to replicate hyperlipidemia associated with obesity and included 

oleate and palmitate at equivalent concentrations to replicate the ratio of saturated fatty 

acids/unsaturated fatty acids and palmitate/oleate (1:1) typically observed in obesity and type 2 

diabetes (23, 27, 28). Oleate and palmitate were conjugated to BSA as previously described (29). 

First, palmitate or oleate was dissolved in 150 mM NaCl and heated to 70°C or 55°C. Once 

dissolved, palmitate and oleate were added to a 37°C, BSA solution and stirred for 1 hr. The 

final solution was diluted to create a final stock solution of 2 mM and pH adjusted with NaOH to 

7.4. The final molar ratio of oleate/palmitate to BSA was 3:1 which is close to what is commonly 

observed in human sera (30). Control conditions contained an equivalent amount of BSA. Insulin 

was added to the obesogenic media at 100nM to replicate elevated levels in obesity. Chronic 

exposure to elevated insulin leads to impairments in insulin sensitivity, a common trait of obesity 

(31). To replicate the chronic inflammation that accompanies obesity (32), we included TNF- 

in the obesogenic media at a dose of 2.5 ng/ml. This low dose of TNF- does not impair 

differentiation as severely as higher doses (33).  
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 Lactate Dehydrogenase (LDH) Assay. The damage induced by CTX administration was 

quantified via LDH assay (CyQUANT, ThermoFisher Scientific) according to manufacturer’s 

instructions as previously described (26). The LDH assay quantifies cytotoxicity by measuring 

the production of red formazan as part of a coupled enzymatic reaction in which LDH catalyzes 

the conversion of lactate to pyruvate via NAD+ reduction and the oxidation of NADH by 

diaphorase. Immediately following CTX treatment, 50 l of media was transferred to a 96 well 

plate and mixed with 50 l of the LDH reaction mixture and incubated at room temperature for 

30 min. Absorbance was measured at 680 and 490 nm. The 680 nm absorbance was subtracted 

from the 490 nm absorbance for each well. A fold change was calculated setting the vehicle 

treated, control myotubes to 1. 

 Cell Viability. The viability of human myotubes following CTX administration was 

assessed via a 3-(4,5-dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide (MTT) assay as 

previously described (25, 34). The MTT assay measures cell metabolic activity by measuring the 

amount of formazan formed from MTT reduction by NADPH oxidoreductases. Following CTX 

treatment, cells were washed with PBS and fresh media added to each well along with 50l of 5 

mg/ml MTT reagent to each well and incubated at standard culture conditions (37°C, 5% CO2) 

for 2 hr. The media will then be drained, and the purple formazan dye was dissolved in 100 l of 

DMSO per well. Absorbance was measured at 550 nm (accuscan; ThermoFisher Scientific). 

 Myoblast Proliferation and Differentiation following CTX treatment. The proliferation of 

undifferentiated, reserve cells was quantified by visualizing the incorporation of 5‐ethynyl‐2'‐

deoxyuridine (EdU) into actively dividing DNA 3 days following CTX administraton. EdU 

staining was performed as previously described (35). Briefly, 2 mM EdU was added to the media 

12 h prior to completion of treatment. Following completion of treatment, cells were fixed with 

ice‐cold, 4% paraformaldehyde (PFA), washed and incubated in 100 mm Tris‐HCl, pH 8.5 

(Boston Biosciences, Royal Oak, MI, USA), 1 mm CuSO4 (Acros; ThermoFisher Scientific), 

2.5 mm TAMRA Azide 568 (Invitrogen, Carlsbad, CA, USA) and 100 mm ascorbic acid 

(ThermoFisher Scientific) for 30 min. Prior to imaging, nuclei were co‐stained with 4',6‐

diamidino‐2‐phenylindole (DAPI) (Invitrogen). Myoblasts were imaged immediately via 

fluorescence microscopy for co‐localization of EdU to DAPI. The percentage of proliferating 

cells was determined using ImageJ (National Institutes of Health, Bethesda, MD, USA). 

Proliferation of undifferentiated, reserve cells was also quantified by calculating the change in 
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total nuclei at 3 days compared to the total number of nuclei immediately post (IP) CTX and 

expressed as a percent. 

 To quantify myotube formation, staining for myosin heavy chain (MHC) and DAPI was 

performed. Briefly, cells were fixed in 4% PFA for 15 min and then permeabilized with 100 mM 

glycine for 5 min at room temperature. Cells were then incubated in blocking buffer (PBS 

containing 5% goat serum, 2% bovine serum albumin, 0.2% triton X-100 and 0.1% sodium 

azide; Cell signaling Technologies) for 1 hr. Myotubes were subsequently incubated with MF20 

antibody (DSHB), diluted 1:30 in blocking buffer overnight at 4°C. Cells were washed with PBS 

and incubated with secondary antibody (AlexaFlour 568, goat anti-mouse, IgG2B, ThermoFisher 

Scientific) and DAPI at a 1:500 and 1:1000 dilution respectively. Myotubes were visualized by 

fluorescence microscopy and analyzed in image J. The fusion index (FI) is the total number of 

nuclei incorporated into multinucleated, MHC+ myotubes divided by the total number of nuclei 

in the field of view and expressed as a percentage. Myotube damage was quantified by 

calculating the change in the myotube FI index immediately following CTX compared to each 

subjects Vehicle control for that condition and expressed as a percent. Myotube reformation was 

quantified by calculating the change in myotube FI index 3 days following CTX as a percent of 

each subjects IP CTX. 

 RNA Isolation, Reverse Transcription and qRT-PCR. Total RNA was extracted using a 

Trizol reagent (Thermo Fisher Scientific) as previously described (36). For mRNA reverse 

transcription, first strand cDNA was generated by random hexamer primers with MMLV 

Reverse Transcriptase (Thermo Fisher Scientific). For mature miRNA reverse transcription, 

multiple adenosine nucleotides were first added to the 3’ end of total RNA with Escherichia coli 

Poly (A) polymerase (New England BioLabs, Ipswich, MA, USA), and cDNA will then be 

synthesized with a Poly T primer including an adaptor sequence using MMLV Reverse 

Transcriptase. Real-time PCR detection was performed using SYBR green based chemistry on a 

CFX Connect (BioRad, Hercules, CA, USA). Primers for mRNA and miR are listed in Table 4.1. 

Gene expression was determined with the 2-ΔΔCt relative quantification method and normalized to 

18s. Housekeeping genes were validated to ensure their expression was not be influenced by the 

experimental procedure. 

 Statistical Analysis. A two-way, mixed-factorail measures analysis of variance (ANOVA) 

(Donor BMI vs Obesogenic Media) was used to analyze differences between groups. Following 
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a significant F ratio, Fisher’s LSD post-hoc analysis was performed. Subject characteristics were 

analyzed with a student’s t-test. Significance was established at P ≤ 0.05 level and data reported 

as Mean ± SE. All data were analyzed in GraphPad Prism (Version 9.10). 

 

Results 

Subjects Characteristics. Demographic characteristics are located in table 4.2. As designed, OB 

had a significantly greater BMI than LN. OB had higher fasting insulin and consequently 

presented with higher HOMA-IR. No differences between LN and OB were noted for blood 

glucose, total cholesterol, high density lipoprotein (HDL), low density lipoprotein (LDL) or 

triglycerides. All subjects were young (LN- 24.4 ± 2.0 years; OB- 27.1 ± 1.8 years) and age was 

not different between groups. 

 Dosing of Cardiotoxin. The dose of CTX administered to differentiated myotubes was 

selected by assessing metabolic activity via MTT and myotube damage via FI following 

treatment with various doses of cardiotoxin (Figure 4.1). As expected, metabolic activity and the 

myotube FI index were reduced in a dose dependent manner with the greatest reduction 

occurring at the dose of 1.0 M. Myotube FI returned to baseline in all but the 1.0 M dose, 

however the greatest increase in myotube FI occurred in the 1.0 M group. Similarly, myotube 

metabolic activity increased after being cultured for 3 further days in SkGM, with the largest 

increase occurring at the 1.0 M dose. We aimed to select a dose of CTX that would elicit the 

most amount of damage while maintaining the greatest cell viability. As shown by our pilot data 

this approach allowed for the greatest myogenic response. Consequently, we chose to perform all 

subsequent experiments at a dose of 1 M. 

 Impact of obesity and obesogenic media on mitochondrial content and metabolic genes. 

The expression of select mitochondrial and metabolic genes in primary human myotubes from 

LN and OB donors following incubation in either control or obesogenic media for 48 hours are 

located in Figure 4.2. Ob-DM reduced the expression of Glut1 and Glut 4 by approximately 30 

and 21% respectively compared to control media. Myotubes from OB donors exhibited ~22% 

reduced mitochondrial content and comparable reductions in the expression of TFAM, PPAR 

and Glut1 mRNA. No differences in the expression of SOD2 mRNA were observed.  

 Obesogenic media reduces myotube fusion and increases the susceptibility of OB 

myotubes to damage. We assessed myotube damage by measuring myotube FI, the activity of 
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LDH released into the cell culture media and cell metabolic activity via MTT, as an indicator of 

cell viability after treatment with either CTX or Veh. Results for myotube FI, LDH activity and 

MTT with CTX or without CTX (Veh) treatment are located in Figure 3.4. In Veh, Ob-DM 

reduced myotube FI. In CTX, neither group nor Ob-DM altered the CTX-induced drop in 

myotube FI. In Veh, there were no differences in LDH activity between groups or media 

conditions. In CTX, there was a significant interaction effect in LDH activity with a greater 

CTX-induced increase in LDH activity in OB myotubes cultured in Ob-DM compared to all 

other group+media conditions. A trend was observed for Ob-GM to reduce myotube metabolic 

activity in both LN and OB myotubes after treatment with Veh. Following CTX, a significant 

effect of BMI and obesogenic media were noted, indicating that the CTX induced reduction in 

MTT was independently exacerbated in OB myotubes and myotubes exposed to an obesogenic 

environment. No interaction effect was observed for MTT. 

 Obesogenic media reduces myotube formation during recovery from CTX-induced 

damage. Following CTX administration, myotubes were cultured in Ob-GM or BSA-GM for 3 

days to facilitate myotube reformation. The proliferation of undifferentiated myoblasts was 

measured by EdU and by the change in total nuclei; cell viability/metabolic activity by MTT and 

myotube reformation by the change in FI index. Results for myoblast proliferation, cell viability 

and myotube reformation following CTX administration are located in Figure 3.4. No differences 

were observed in the percent of EdU+ nuclei 3 days following CTX administration between 

BSA-DM and Ob-DM or between LN and OB. The total number of nuclei per field view was 

reduced 3 days following CTX administration in LN and OB myotubes cultured in Ob-GM. Ob-

GM lowered the change in nuclei per field view from immediately post to 3 days post CTX 

(BSA-GM vs Ob-GM: LN=133% vs 116%; OB= 134% vs 115%). LN and OB myotubes 

cultured in Ob-GM exhibited reduced myotube FI 3 days following CTX, as well as a blunted 

increase in myotube FI at 3 days compared to immediately post CTX (BSA-GM vs Ob-GM: 

LN= 135% vs 124%; OB= 137% vs 128%). No effects of BMI were noted at the end of the 

recovery period. 

 Obesity and obesogenic media alter anabolic and myogenic gene expression following 

CTX. Gene expression data 3 days following CTX administration is located in Figure 3.5. Ob-

GM reduced the expression of MRF4 equally in LN and OB myotubes. OB and Ob-GM 

independently reduced the expression of MyoD mRNA. Myotubes from OB donors had 
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significantly reduced expression of IGF-1 mRNA expression, but no differences were noted with 

Ob-GM. Myostatin mRNA is increased in OB myotubes, no differences were noted with Ob-

GM. No differences in the expression of Myf5 or PCNA mRNA were observed. 

 

Discussion 

 The principal findings of the present study are that incubation with obesogenic media, (1) 

increases CTX-induced damage of primary human myotubes from OB donors and (2) limits the 

reformation of primary human myotubes from LN and OB donors. To our knowledge this is the 

first report that demonstrates the interaction between genetic factors and the environment in the 

susceptibility of primary human myotubes from obese donors to damage. 

 Obesity is associated with reduced membrane integrity and an increased susceptibility to 

damage (8). In the present study, Ob-DM amplified the release and activity of LDH and reduced 

metabolic activity assessed by MTT in OB but not LN myotubes, indicative of increased necrosis 

following CTX. Contrary to this finding, the difference in myotube FI immediately following 

CTX was similar in LN and OB myotubes. 

 CTX generates damage in skeletal muscle cells by increasing cytosolic calcium, 

increasing the formation of reactive oxygen species, cytoskeleton degradation and eventually 

leading to necrosis (37, 38). Mitochondria regulate cellular oxidative stress (39) and along with 

the sarcoplasmic reticulum regulate cytosolic calcium levels (40). In the present study, increased 

CTX-induced damage of OB myotubes cultured in OB-DM may be partially attributed to 

reductions in mitochondrial content and an increase in the formation of diacylglycerol (DAG). 

The composition and subcellular localization of DAG and other lipotoxic lipid species such as 

ceramides in skeletal muscle have severe metabolic and structural consequences. Palmitate 

administration increases the formation of disaturated 18:0 DAG (41) and total DAG formation, 

which is increased further following insulin administration (21). Individuals with obesity have 

increased levels of total muscle DAG, but importantly increased levels of total membrane DAG 

and membrane disaturated 18:0 DAG are observed, both of which are positively correlated with 

insulin resistance (42). DAG activates protein kinase C (PKC), increasing the formation of 

reactive oxygen species (ROS) (43). In addition to DAG, palmitate increases the formation of 

ceramides, both of these lipid species increase endoplasmic reticulum Ca2+ loss (43, 44). 
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Together, these mechanisms can lead to the exacerbation of damage by reducing Ca2+ handling 

and increasing ROS. 

 Of note, our obesogenic media contained an equal concentration of oleate which may 

have ameliorated some of the deleterious effects of palmitate in LN myotubes (45). It is possible 

that the ‘memory’ of obese cells to an obesogenic environment leads to a maladaptive response 

(46). Further investigation is needed to elucidate this complex topic. 

 During differentiation, not all myoblasts will differentiate, the undifferentiated myoblasts, 

often called myogenic reserve cells, will pause during the G0 phase of the cell cycle (46). These 

reserve cells are Pax7+/MyoD-, and are able to reenter the cell cycle when reintroduced to 

growth conditions and produce progeny that contribute to the formation of myotubes and the 

maintenance of the reserve cell population (47, 48). We employed a model that was specifically 

designed to take advantage of these myogenic reserve cells ability to act in a manner more akin 

to SCs than myoblasts during differentiation. The presence of Ob-GM impaired reserve cell 

proliferation and differentiation as highlighted by the reductions in MRF4 and MyoD mRNA and 

the attenuated increase in FI and nuclei per field view 3 days following CTX administration.  

Interestingly, the percentage of EdU positive nuclei was not different between BSA-GM and Ob-

GM, despite the observed difference in total nuclei. This discrepancy could likely be attributed to 

the timing of EdU assessment in our study. We assessed EdU 3 days following CTX, therefore 

the 12 hr incubation with EdU began approximately 60 hr following removal of CTX; this 

window of time could explain the discrepancy in our findings (49). The proliferative potential of 

reserve cells in our model is less understood than newly plated myoblasts and this deserves 

further investigation. 

 Previously, we observed that the expression of IGF-1 mRNA and protein are reduced in 

skeletal muscle of individuals with obesity before and after a bout of resistance exercise (4). 

IGF-1 plays an important role in regulating myoblast proliferation and differentiation. Increases 

in IGF-1 in myoblasts promotes proliferation and induces the expression of the myogenic 

regulatory factors and reduces myostatin expression (50). Reduced IGF-1 mRNA observed in 

OB myotubes in the present study could contribute to reductions in MyoD mRNA and increased 

Myostatin mRNA expression. However, IGF-1 is only lower in OB and not Ob-GM in the 

present study, thus reduced IGF-1 cannot account for reduction in MyoD and MRF4 mRNA 

observed with Ob-GM. Increased fatty acids, DAGs and ceramides may reduce myoblast 
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proliferation and differentiation via PKC activation of myostatin or inhibition of MyoD (11). In 

the present study we did not measure DAG formation or PKC activity, future studies should 

address this possible mechanism impairing SC function in obesity. Additionally, we did not 

measure Ca2+ flux induced by incubation with CTX. In the present study we did not confirm that 

obesogenic media induces hallmarks of metabolic dysfunction associated with obesity, such as 

insulin resistance or impaired fatty acid oxidation. 

 In conclusion, obesogenic media increases CTX-induced damage of primary human 

myotubes from OB donors and limits increases in nuclei and the reformation of primary human 

myotubes from LN and OB donors. Our findings indicate that the interplay between genetics and 

the environment regulate the susceptibility to muscle damage. Future work is needed to elucidate 

the mechanisms that regulate membrane integrity and regeneration in obesity. 
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Table 4.1. Primers used for qRT-PCR. 

Gene 

Name 
Gene ID Forward (5'-3') Reverse (5'-3') 

18s 106632259 GGCCCTGTAATTGGAATGAGTC CCAAGATCCAACTACGAGCTT 

SOD2 6648 GCTCCGGTTTTGGGGTATCTG GCGTTGATGTGAGGTTCCAG 

TFAM 7019 ATGGCGTTTCTCCGAAGCAT TCCGCCCTATAAGCATCTTGA 

Glut1 6513 GGCCAAGAGTGTGCTAAAGAA ACAGCGTTGATGCCAGACAG 

Glut4 6517 TGGGCGGCATGATTTCCTC GCCAGGACATTGTTGACCAG 

PPAR 5465 ATGGTGGACACGGAAAGCC CGATGGATTGCGAAATCTCTTGG 

MyoD 4654 CGCCATCCGCTATATCGAGG CTGTAGTCCATCATGCCGTCG 

MRF4 4618 GGAGCGCCATCAGCTATATTG ATCCGCACCCTCAAGATTTTC 

Myf5 4617 CTGCCAGTTCTCACCTTCTGA AACTCGTCCCCAAATTCACCC 

PCNA 5111 CCTGCTGGGATATTAGCTCCA CAGCGGTAGGTGTCGAAGC 

IGF-1 3479 GCTCTTCAGTTCGTGTGTGGA GCCTCCTTAGATCACAGCTCC 

Myostatin 2660 TCCTCAGTAAACTTCGTCTGGA CTGCTGTCATCCCTCTGGA 
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Table 4.2. Subject Characteristics. BMI- body mass index. HOMA-IR- homeostasis model 

assessment for insulin resistance. HDL- high density lipoprotein. LDL- low density lipoprotein. *- 

Significantly different than lean. Mean ± SE. 

 

Characteristics Lean (n=7) Obese (n=7) 

Age (yr) 24.4 ± 2 27.1 ± 1.8 

BMI (kg/m2) 22.5 ± 1 *40.6 ± 2 

Glucose (mg/dl) 93.7 ± 3.1 92.1 ± 3.9 

Insulin (U/ml) 8.1 ± 0.6 *33.1 ± 7.3 

HOMA-IR 1.9 ± 0.1 *7.3 ± 1.6 

Total Cholesterol (mg/dl) 165.6 ± 11.7 188.4 ± 14.7 

HDL (mg/dl) 44.4 ± 2.6 45.0 ± 4.8 

LDL (mg/dl) 101.3 ± 11.2 114.6 ± 15.2 

Triglycerides (mg/dl) 100 ± 14.8 144.9 ± 22 
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Figure 4.1. Cardiotoxin (CTX) reduces cell viability and myotube fusion in a dose dependent 

manner. Differentiated primary human myotubes from lean donors were exposed to cardiotoxin at 

various doses for 1 hr and either harvested immediately or placed in skeletal muscle growth media 

for 3 days to facilitate myotube recovery. (A) Cell viability measured via MTT assay and (B) 

myotube fusion immediately and 3 days after exposure to various doses of CTX for 1 hr. The 

change in (C) cell viability and (D) myotube fusion after 3 days of recovery in skeletal muscle 

growth media compared to immediately following CTX administration. Graphs A and B: Black 

bars – Immediately post (IP); grey bars – 3 Days Post. * - Significantly different than own IP 

(P≤0.05). # - Significantly different than control (P≤0.05). ** - Significantly different than all 

other groups (P≤0.05). Mean ± SE. n=4 - 7/group.  
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Figure 4.2. Obesogenic media reduces the expression of Glut 1 and Glut4 in primary human 

myotubes from lean and obese donors. (A) Mitochondrial content assessed fluorometrically via 

MitoTracker Green FM in primary human myotubes from lean and obese donors cultured in BSA 

(control) or obesogenic media. mRNA expression of (B) TFAM, (C) PPAR, (D) SOD2, (E) Glut1, 

(F) Glut4, (G) RELA and (H) IL-8 in primary human myotubes cultured in BSA (control) or 

obesogenic media media. Black bars – Lean; grey bars – Obese. Mean ± SE. n=6/group.  
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Figure 4.3. Obesogenic media reduces myotube fusion index and increases the extent of CTX-

induced damage in myotubes from obese donors. (A) Representative images of lean and obese 

primary human myotubes cultured in BSA (control) or obesogenic media immediately after 

treatment with vehicle (control) or CTX and stained for myosin heavy chain (red) and DAPI (blue). 

(B) Quantification of myotube fusion, (D) media LDH activity, and (F) cell metabolic activity 

measured via MTT in lean and obese primary human myotubes cultured in BSA (control) or 

obesogenic media after vehicle treatment. (C) Quantification of the change in myotube fusion, (E) 

LDH activity, and (G) MTT following CTX administration in lean and obese primary human 

myotubes cultured in BSA (control or obesogenic media as a percent of vehicle control 

(Vehicle=100%). *- Significantly different than all other groups/types. Black bars – Lean; grey 

bars – Obese. Mean ± SE. n=7/group.  
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Figure 4.4. Obesogenic media limits the expansion of undifferentiated myoblasts and myotube 

fusion in lean and obese primary human myotubes during extended culture after CTX. (A) 

Representative image of lean and obese primary human myotubes incubated in BSA (control) or 

obesogenic media for 3 days after CTX administration and stained with EdU (red) and DAPI 

(blue). (B) Quantification of the percent EdU+ nuclei, (C) the total nuclei per field view and (E) 

the fusion index in lean and obese primary human myotubes incubated in BSA (control) or 

obesogenic media for 3 days after CTX administration. (D) Quantification of the change in nuclei, 

(F) myotube fusion index and (G) MTT 3 days following CTX treatment in lean and obese primary 

human myotubes grown in BSA (control) or obesogenic media. Black bars – Lean; grey bars – 

Obese. Mean ± SE. n=7/group.  
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Figure 4.5. Obesity and obesogenic media independently alter the expression of genes associated 

with myogenesis. mRNA expression of (A) MyoD, (B) MRF4, (C) Myf5, (D) PCNA, (E) IGF-1 

and (F) Myostatin in lean and obese primary human myotubes incubated in BSA (control) or 

obesogenic media for 3 days after CTX administration. Black bars – Lean; grey bars – Obese. 

Mean ± SE. n=7/group.
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CHAPTER 5. CONCLUSION 

 The major goal of my dissertation studies has been to elucidate the mechanisms that lead 

to deficits in skeletal muscle integrity and regeneration in persons with obesity. Here we 

summarize the key findings of these studies and discuss the limitations and future directions. 

Summary 

Study 1. 

Obesity alters the miR content of skeletal muscle EVs targeting the anabolic 

pathways IGF-1 and Wnt/-Catenin. Consistent with our previous findings, skeletal 

muscle IGF-1 and Wnt ligand mRNA were reduced in individuals with obesity. One 

week of concurrent aerobic and resistance exercise training altered skeletal muscle 

extracellular vesicle miRNA contents targeting inflammatory pathways IL-6 and IL-10. 

The alterations in EV content in individuals with and without obesity and before and after 

exercise training, indicates the importance of skeletal muscle EVs in tissue crosstalk 

during health and disease. 

 

Study 2. 

The overexpression of PGC-1 in primary human myotubes increases myotube 

fusion and reduces cardiotoxin induced damage. PGC-1 overexpression limits the 

ability of reserve cells to reenter the cell cycle and produce progeny. PGC-1 

overexpression downregulates the gene expression of the myogenic regulatory factors, 

indicating that this is likely due to an increase in quiescence and not senescence. 

 

Study 3. 

Obesogenic media increases cardiotoxin induced damage in myotubes from obese 

but not lean donors and blunts the ability of undifferentiated myoblasts to proliferate and 

increase the fusion index after CTX administration. Our findings indicate that 

environmental and genetic factors interact with one another in the regulation of the 

susceptibility of muscle to damage. 
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Limitations and future directions. 

 

Study 1. 

Limitations for this study include: the timing of the final biopsy, the small n size 

of samples utilized for RNA Seq and the lack of control for cell origin in EV collection. 

The post training muscle biopsy was performed the day after the final training session 

and began around 12-14 hours after the final bout finished. There is conflicting evidence 

regarding if this long enough to avoid any acute effects of exercise. We did not control 

for EV origin in this study but isolated EVs from whole muscle which contains 

endothelial cells, satellite cells, neural cells, macrophages and pericytes. However, the 

contribution of EVs of non-muscular origin was likely minimal since approximately 80% 

of mapped reads were for muscle specific miRNA. Moving forward it would be 

interesting to explore how altered EV contents from skeletal muscle of individuals with 

obesity influence satellite cell function. Additionally, it would be very insightful to study 

the destination of in vivo produced skeletal muscle EVs in humans to better understand if 

these particles are capable of robust endocrine effects. 

 

Study 2. 

Limitations for this study include: the lack of direct measurements of senescence, 

calcium influx induced by cardiotoxin and the lack of characterization of undifferentiated 

myoblasts as a true Pax7+/MyoD- myogenic reserve cell population. Future directions for 

this project include examining if EVs secreted from myotubes overexpressing PGC-

1alter myoblast proliferation or differentiation. Research should be performed 

investigating the mechanism(s) through which PGC-1 reduces the expression of the 

myogenic regulatory factors. 

 

Study 3.  

Limitations for this study include not measuring the formation of DAG or 

ceramides, intracellular calcium flux after prolonged incubation in obesogenic media or 

after CTX administration and the lack of confirmation that our obesogenic media induced 

hall marks of metabolic dysfunction typically observed in individuals with obesity. The 
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next step for this project should be to explore what mechanisms are responsible for 

increased necrosis in obese but not lean myotubes cultured in obesogenic media. 

Additionally, examining the impact of exercise on skeletal muscle  


