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ABSTRACT 

Bioelectricity, or endogenous electrical signaling mediated by the dynamic distribution of charged 

molecules, is an ancient signaling mechanism conserved across living organisms. Increasing 

evidence has revealed that bioelectric signals play a critical role in many diverse aspects of biology 

such as embryonic development, cell migration, regeneration, cancer, and other diseases. However, 

direct visualization and manipulation of bioelectricity during development are 

lacking. Neuroscience has developed tools such as GEVIs (genetically encoded voltage indicators) 

and chemogenetics like DREADDs (designer receptors exclusively activated by designer drugs) 

which allow for real–time voltage monitoring and activation of mutated receptors by inert 

molecules for perturbing membrane potential (Vm). To uncover bioelectric activity during 

development, we generated a whole-zebrafish transgenic GEVI reporter line and characterized the 

electrical signaling during early embryogenesis using light sheet microscopy (LSM). Additionally, 

we generated tissue-specific transgenic lines that combined GEVIs and chemogenetic DREADD 

tools to manipulate Vm. We found zebrafish embryos display stage-specific characteristic 

bioelectric signals during the cleavage, blastula, gastrula, and segmentation periods. Furthermore, 

activation of DREADDs was able to alter cell-specific GEVI fluorescence intensity and could 

cause a melanophore hyperpigmentation phenotype. Ultimately, these results provide the first real-

time systematic analysis of endogenous bioelectricity during vertebrate embryonic development. 

Additionally, we generated and tested zebrafish transgenic lines for simultaneous visualization and 

chemogenetic manipulation of Vm during development. These results provide a better 

understanding of developmental bioelectricity and new tools for future studies, which could 

eventually help uncover the cellular electric mechanisms behind tissue patterning and disease.  
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 BIOELECTRICITY: ADVANCES IN BIOLOGICAL 

UNDERSTANDING AND NEW TOOLS 

1.1 Introduction: Bioelectricity 

Cell-to-cell communication is perhaps one of the most important necessities of multicellular 

organisms. Without these interactions, life would not have evolved distinct tissues, organs, and 

complex species. While there are a variety of ways for cells to communicate, one of the most 

essential is electrical signaling. Bioelectricity can be defined as endogenous electrical signaling 

mediated by the dynamic distribution of charged molecules [1-6]. This is represented by a 

difference in the net charge of cations and anions inside versus outside a cell. Many components 

are required for differences in electrical potential to be formed [7]. In essence, the semipermeable 

lipid-based plasma membrane acts as an electrical insulator, but also a capacitor that can 

accumulate charge, while specialized passages (ion channels, pumps, connexins/ gap junctions, 

and solute carriers) regulate ionic flow from one side to the other altering the voltage of the cell 

(Fig. 1-1). All systems and all cell types form ionic gradients across their cell membranes because 

channels exist throughout all organisms in all domains of life including plants, fungi, and bacteria 

[8-15]. Thus, ionic regulation, and the resulting bioelectricity, is considered an essential property 

of living cells across evolution and the innate properties can be used for cellular communication 

[16]. Therefore, deeply understanding all aspects of bioelectricity in cells and organisms, including 

outside of a neuromuscular context, is fundamental.  

1.1.1 Membrane potential and concentration gradients 

Bioelectricity encompasses several different components. Membrane potential (Vm), the electric 

potential difference between the intracellular and extracellular space is an essential element (Fig. 

1). Vm is involved with nutrient, salt, and water transport across the cell membrane as well as 

essential physiological processes like cell volume and excitability [4]. Additionally, it allows for 

cognitive and motor function through neuronal signaling resulting in organismal, tissue, or cellular 

sensory detection and movement [4, 16]. In typical neuronal signaling, the steady-state, baseline 

voltage is called resting Vm, whereas the excited “signaling” state is called an action potential.  
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Figure 1-1 Cell membrane diagram showing ionic regulators and ionic concentrations when the 

cell is in a non-excitable state. 

 

The resting potential is the overall combination of ions for a cell, but the equilibrium potential for 

each ion is different in different cell types, resulting in a range of resting membrane potentials [17]. 

Although this generally results in a range between -30 to -80 mV, resting Vm can even exceed a 

range of -5 mV to -150 mV depending on cell type (Table 1) [1]. These resting Vm values will 

fluctuate and can have small or large fluctuations. Large jumps from negative to more positive 

membrane potential (Vm) events are generally referred to as action potentials in neuronal and 

muscular signaling. These action potentials are triggered by ion channels that respond to changes 

in voltage reaching a certain threshold. More specifically, these events happen when action 

potential trains travel down an axon to a synapse repeatedly in waves, eventually passing the Vm 

threshold for voltage-gated ion channels [17]. These action potential waves can propagate from 

multiple locations and if two meet from opposing directions, they will annihilate each other [18]. 

While this quick (millisecond) and extreme (≥100 mV difference) swing in voltage caused by 

altering intracellular ion concentration is unique to excitatory cells, increasing evidence shows 

smaller and longer duration types of electrical signaling events in other, non-excitable cell types 

can have significant effects [19]. Changes in Vm of non-excitable somatic cells could come from 
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a variety of factors and would not be classified as a traditional action potential signal. Smaller and 

less extreme increases or decreases of Vm can occur within embryonic neural and non-neural 

tissues over various time periods, such as milliseconds, seconds, minutes, hours, or even days. 

Moreover, these could have important developmental functions [20-22]. These are the types of 

bioelectric signals that might be important during development, tissue patterning, regeneration, 

migration, and cancer [23-25]. 

 

Table 1 Vm of common cell types. [3, 17-27] 

Normal somatic cells Millivolts (mV) 

Skeletal muscle From -90 to -70 

Heart Muscle About -90 

Smooth muscle From -60 to -50 

Glia About -90 

Neuron From -90 to -70 

Adrenal cortex About -70 

Thyroid From -55 to -45 

Kidney/ tubule From -70 to -55 

Fibroblast From -70 to -25 

Liver From -55 to -35 

Pancreas From -70 to -40 

Epithelial From -70 to -25 

Melanocyte From -50 to -40 

Fat About -50 

Bone About -60 

Proliferating cells From -25 to -10 

Embryonic cells From -25 to -10 

Stem cells From -25 to -5 

Cancer cells and tumors From -50 to -5 

 

In addition to differences in electric potential across the cell membrane generated by the 

electromagnetic force of the ions, the concentration gradient of the molecules also influences Vm 

[16]. For example, cells contain elevated levels of intracellular potassium (K+) and low levels of 

sodium (Na+). High K+ levels within cells are mostly established by the sodium/potassium ATPase 

pump (Fig. 1). This ion pump will bind three intracellular Na+ ions, utilize ATP to change 

conformation via phosphorylation, and release the Na+ into the extracellular space. Next, two 

extracellular K+ will bind to this outward-facing conformation causing dephosphorylation and 
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reversal of conformation that allows the potassium into the cell against its concentration gradient 

[2, 28]. This form of active transport and the resulting electrochemical gradient is responsible for 

high intracellular potassium. These two ions are the main contributors to membrane potential, but 

Cl- and Ca2+ can also influence changes, as well as other charged molecules such as H+. 

Maintenance of high intracellular potassium is critical for establishing resting Vm [29, 30]. An 

adult human has an estimated 45mEq/kg, (1mEq=1mmol=39mg) concentration of K+ which ends 

up being about 1.76 g/kg of body weight and only about 2% is extracellular [28, 31]. This 

difference in concentration is hard to maintain, and potassium ions can exit the cell through a 

variety of leak channels (K2P) present in the plasma membrane [32]. Removal of positively 

charged K+ from the cell will result in a more negative electrical charge, which would generate a 

force for more positive ions to be pulled back into the cell, against the chemical gradient. This 

constant cycling of potassium being pumped into cells and leaking out helps to establish the 

electric potential of resting Vm [5]. Eventually, these electric and gradient forces will reach 

equilibrium. This balance is mathematically described in the Nernst equation [29]. Thus, the 

combination of pumps and channels within the cell membrane is crucial to generate and 

maintaining cellular resting Vm. 

1.1.2 Ion channels, gap junctions, and solute carriers 

Ion channels are a group of transmembrane proteins that significantly contribute to the overall 

cellular bioelectricity. Channels are essentially small pores in the cell membrane that alter 

permeability for specific ions based on selectivity (molecular charge and size) and gating (what is 

required to open the channel) [33]. Since channels are simply open or closed holes in the membrane, 

they do not require energy to function and allow for a high rate of ion-selective transport when 

opened. However, they will only allow for ions to flow down their concentration gradient (moving 

from high to low concentration areas). The composition of these channels on the cell membrane 

has been compared to an electronic component called a field-effect transistor [34]. In the human 

genome, there are more than 400 family members of ion channels currently characterized, which 

accounts for around 1.5% of the genome [35]. A comprehensive list of human ion channel details 

can be found on the HUGO Gene Nomenclature Committee website, as well as the IUPHAR/BPS 

Guide to Pharmacology [36, 37]. 
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Characterizations are based mainly on selectivity such as sodium (Na+), calcium (Ca2+), potassium 

(K+), and chloride (Cl-) though there are other channels for other charged and non-charged 

molecules, such as proton channels and aquaporins [38, 39]. The most direct contributors to Vm 

are K+ and Na+, while the others play a smaller role or secondary messenger role like Ca2+. 

Individual ion types can then be further categorized by method of gating. One group, Voltage-

gated channels, will open or close when their voltage-sensitive domains detect a specific change 

in membrane potential, usually a large depolarization from action potentials in neurons. Another 

type, ligand-gated ion channels, rely on their receptor binding a specific ligand to cause or prevent 

ionic flow. A third category, leak channels, continually allow a small amount of potassium to leave 

the cell, regardless of Vm state [32]. This can have a profound impact on Vm because it can heavily 

impact the ion gradient. There are additional mechanisms to regulate or gate channels, such as 

those sensitive to temperature, mechanical force, and light [40-42]. Another interesting group of 

channels is inwardly rectifying potassium channels (Kir). These cause K+ to move more easily 

into rather than out of a cell, which will impact concentration gradients and therefore resting 

membrane potential [43]. However, because the intracellular concentration of potassium is so high 

at rest, and this type of ion movement is against the concentration gradient, even when these are 

functioning it is difficult for K+ to enter the cell and might leak out. Furthermore, different 

channels can show distinct levels of rectification (e.g., high, or low). This type of channel can be 

further regulated by the lipid PIP2 (phosphatidylinositol 4,5-bisphosphate), Mg2+, polyamines, 

phosphorylation, or protein-protein interactions [43]. These channels are intriguing targets with 

multiple roles that vary through an individual organism depending on location, subtype, etc. 

Although ion channels and pumps are usually the main contributors to Vm, there is a third 

contributor to bioelectric changes known as gap junctions [44]. Gap junctions are much larger than 

ion channels and will create a connection physically between adjacent cells, but they do not rely 

on ATP like ion pumps. They are formed by connecting proteins called connexins and pannexins 

in vertebrates and innexins in invertebrates (depending on the number of cys residues in their 

extracellular loop and glycosylation) [45]. These connexins each have their own unique properties 

for permeability and gating. They are composed of six individual connexin subunits on one cell 

that oligomerize with another six connexins of a different cell. When these connexins are not 

coupled to form a gap junction they are known as hemichannels [46]. The connection of the same 
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connexin isoform is called homogenous/homomeric but these properties can change and become 

more complex by the formation of heterogenous/heteromeric gap junctions [47]. The large pores 

generally connect cells near one another and usually do not have high selectivity for specific ions. 

These junctions have been found to play significant roles in cell-to-cell communication through 

the exchange of vesicles, ions, and even organelles [48]. Electrical synapses between neurons are 

considered a specialized gap junction. They have also been found needed for direct cell 

communication in tunneling nanotubules (TNTs) [49, 50]. The gap junction connexin 43 has been 

implicated in multiple organisms and diseases to contribute to electrical signaling [51]. Its 

misregulation has also been shown to cause birth defects and disease in both mice and humans [52, 

53]. 

 

In addition to channels, pumps, and gap junctions, there is another group of ionic regulators called 

solute carrier proteins (SLCs). These proteins utilize secondary active transport, where 

thermodynamically favorable reactions (i.e., ions moving down their concentration gradient) are 

paired with one or more other molecules to be transported in an unfavorable reaction [54]. The 

free energy provided by the movement in the favorable direction makes movement in the less 

favorable direction possible and allows transport without the need for cellular energy. These 

reactions utilizing the electrochemical gradient can occur with both substrates moving in the same 

direction, known as symporters, or substrates moving in the opposite direction known as 

antiporters. This superfamily of over 450 transporter proteins is found in the plasma membrane of 

cells and cellular organelles. They have a large range of substrate specificity, including ions, 

organic ions, sugars, vitamins, amino acids, nucleotides, oligopeptides, drugs, and metals. Some 

SLCs can transport multiple different biomolecules, others can only transport a single biomolecule, 

and there remains up to 30% “orphan” proteins whose substrates remain unknown. Similarly, to 

other ionic regulators, SLCs have been linked to more than 190 diseases resulting in thyroid, 

hearing, neurological, metabolic, and congenital defects [54, 55]. Mutations in SLCs have also 

been found to cause alterations to pigmentation and fin size in zebrafish [56, 57]. Furthermore, 

there are striking changes to SLC protein expression in a variety of cancers making them enticing 

targets for drug treatment [58].  
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1.1.3 History and experimental evidence of bioelectric research  

The field of neuromuscular bioelectricity has a long and diverse history [59]. Luigi Galvani is 

credited with demonstrating the first relationship between electricity and animals in 1780 by 

electrically stimulating frog limbs to cause movement. However, it was almost another hundred 

years before the first measurements of action potentials in 1865 by Julius Bernstein using a 

differential rheotome. The first intracellular electrical measurements of resting membrane in the 

protozoon, Paramecium, were performed in 1934 [60]. However, some of the most iconic research 

done on bioelectricity was that of Hodgkin and Katz in the giant squid axon [61]. Their intracellular 

recording studies paved the way for neurology and the fundamental understanding of action 

potentials [62]. What we know today, when an action potential train has traveled down a neuron 

to its synaptic terminals, it depends on the frequency and the duration of this electrical signal to 

cause changes to voltage-gated Ca2+ ion channels. When the membrane potential becomes more 

positive past a threshold, the voltage gate is triggered and unlocked, allowing for Ca2+ ions to flow 

into the synapse. This increased concentration of calcium in the synapse of a nerve causes changes 

to proteins, and intracellular vesicles, and alters the conformation of the voltage-gated channels on 

the membrane. The resulting calcium signal causes neurotransmitter-filled intracellular vesicles to 

fuse to the nerve cells’ synapse membrane, resulting in diffusion into the extracellular space. These 

neurotransmitter molecules then bind to ligand-gated channels on the other side of the synaptic 

cleft to resume the electrical signal [63].  

 

The connection between electrical signaling and Ca2+ is important, as Ca2+ is one of the most 

important secondary messengers in many cellular signaling processes including during 

development [64]. Expanding on these concepts; it is not inconceivable that other electrical signals 

could travel across the membranes of non-nerve cells and trigger responses, resulting in the 

opening or closing of ion channels. This could cause other ions to enter the cell (or be released 

from internal stores) and change transcriptional regulation of the machinery, protein modifications 

such as conformation or phosphorylation to affect function, as well as modifying anything on the 

plasma membrane such as receptors, kinases, and lipids [65-68]. Understanding biological 

electrical signaling from multiple fields and cell types could help elucidate what unknown 

mechanisms utilized by organisms remain. This general idea could be used to explain how 
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electrical signaling in non-excitatory contexts could be causing downstream changes to gene 

expression, cell behaviors, and/or eventual tissue organizational modifications. 

1.2 Zebrafish as a superior model for bioelectric research 

The zebrafish has become one of the main model organisms used in research since its debut in the 

1970s [69]. These advantages can translate into a variety of fields, but it is also particularly suited 

to bioelectric research. Zebrafish are a powerful example of how alterations to normal endogenous 

bioelectricity can result in large-scale changes in adult organisms. The combination of excellent 

and well-established genetic tools with its transparent external embryonic development can allow 

for manageable mutant generation and cutting-edge microscopy to explore previously unattainable 

information. Additionally, their vertebrate biology with around 70% orthologous genes with 

humans makes them popular for studying human disease as well as in drug screens [70-74]. This 

can also be useful in bioelectric research as there are current efforts underway to determine which 

already FDA-approved ion channel drugs or drug combinations could be used to improve 

outcomes of amputations, regeneration of limbs, organ development, and channelopathies [75]. 

Furthermore, there is a large source of mutant lines available through the repository ZFIN and the 

greater zebrafish research community is highly collaborative. Therefore, studying bioelectricity 

with zebrafish could explain a variety of questions that remain. Below, I highlight bioelectric-

related zebrafish studies that demonstrate the importance of the model as an optimal way to 

characterize, investigate, and uncover the yet-to-be-determined characteristics and mechanistic 

roles bioelectricity plays during development.  

1.2.1 Zebrafish embryonic development 

There is increasing evidence demonstrating bioelectricity is an important regulator during 

embryonic development. There has been some evidence for the importance of membrane potential 

during embryonic development [76], such as ion currents measured in a dividing Xenopus embryo 

at the cleavage furrow [77]. Using electric probes to measure electrical changes, researchers were 

able to detect an increase in current as the cleavage furrow formed. Electrochemical dyes have also 

been used with some success to demonstrate a variety of calcium and voltage changes occurring 

during Xenopus and zebrafish embryonic development [78-80]. Even though these dyes have 
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improved, they lack the same reliability as genetically encoded indicators for either voltage or 

calcium. GEVIs and GECIs have already provided improved results via sensitivity and dynamics. 

GCaMP6s was used in zebrafish to further validate the furrow, blastula, and gastrula-associated 

calcium dynamics seen with dyes [81]. GCaMP6s was able to reveal additional signals previously 

missed and show new calcium dynamics not seen with dyes. The importance of calcium for 

cleavage furrow formation has been studied, however not been directly visualized in real-time [82]. 

Traditionally Ca2+ does not play as great of a role in its contribution to membrane potential, but 

serves mainly as a secondary messenger [64].  

 

In our lab, utilizing the GEVI ASAP1 (Accelerated Sensor of Action Potentials 1) we were able to 

show detailed cleavage furrow hyperpolarizations [83, 84]. Moreover, Vm signals were observed 

within unfertilized embryos meaning these could be essential even at the earliest stages of 

development. Membrane potential changes have been shown to influence the organization of 

phospholipids and these are known as critical components of the cleavage furrow and cytokinesis 

[68, 85, 86]. Additionally, Vm transients were seen within the superficial cells of the blastula and 

yolk syncytial layer (YSL). During gastrulation, Vm transients continued in the EVL, YSL, and 

started to occur in the deeper cells. Dynamic and complex bioelectric Vm signals were observed 

during the segmentation period as well. The information in this study provided for the first time a 

detailed understanding of real-time endogenous bioelectric signaling of tissues and structures 

during early zebrafish embryogenesis [84]. When compared to calcium studies, there is a partial 

overlap in the patterns, but it is hard to assess because of the properties of each reporter differing, 

as well as the imaging methods use. Furthermore, we characterized the evolution and early 

developmental expression of KCa (Calcium gated potassium channels) and Kir (inwardly 

rectifying) channels in zebrafish [87, 88]. Spatiotemporal regulation of channel expression was 

extensive and could vary considerably, depending on the stage of development. The presence of 

channels in non-neuronal cell types could also expose these channels as important regulators of 

embryonic development. Taken together, these studies demonstrate that diverse characteristic 

bioelectric activities are occurring during zebrafish embryogenesis and that this model organism 

is particularly well suited to illuminate these unknowns.  
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1.2.2 Zebrafish fin development 

One prime example of the power of bioelectric signaling comes from zebrafish fin mutants [89]. 

The wild-type zebrafish has a bi-lobed morphology, where the dorsal and ventral lobes are slightly 

longer than the cleft middle region. This even, lightly forked shape, is relatively small compared 

to the overall body length of the fish. However, multiple mutants display either elongated or 

shorted fins. All these fin mutants share a common defect- modifications to normal ionic regulation 

via a channel, solute carrier, or connexin flaws. The lack of channel specificity resulting in similar 

phenotypic outcomes is an indication that it is not the channels themselves, but their functional 

purpose that causes changes to body patterning.  

 

The classic long-fin zebrafish (lof- longfint2) is caused by the cis-ectopic expression of kcnh2a, a 

voltage-gated potassium channel [90]. The elongated fin mutant another longfin (alf) is caused by 

gain-of-function mutations in kcnk5b, a potassium leak channel [91]. The schleier fin mutant is 

caused by the inactivation of a K+ Cl− co-transporter, slc12a7a/ kcc4a [57]. Furthermore, ectopic 

expression of the inward rectifying potassium channel, kcnj13, within somites and dermomyotome 

resulted in elongated fins due to a viral insertion in the non-protein-coding exon 5 (likely a cis-

regulatory element) [92]. Conversely, the shortfin (sof) mutant is caused by a hypomorphic 

mutation in the gap junction, Cx43 [93]. There is also a mutant with short fins and pigmentation 

defects caused by a dominant missense mutation in Aqp3a (Aquaporin 3a) [39]. Another 

interesting case is that of the gain-of-function rapunzel mutant [94]. The rpz gene, which has an 

unknown function, has a long-finned phenotype in heterozygous adults. Furthermore, homozygous 

mutants are lethal but first develop a variety of channelopathy-like phenotypic defects such as jaw 

abnormalities, midface hypoplasia, abnormal hematopoiesis, and pericardial edema. These 

homozygous effects could be rescued with morpholino knockdown. In the context of these 

phenotypes, future studies might reveal the function of this protein to be related to ion regulation.  

 

Multiple key points can be obtained from comparing these fin mutants. First, the expressed 

location of the ionic regulatory protein is critical. Ectopically adding functional channels where 

they are not normally supposed to be can impact fin size. Conversely, removing one of these 

proteins from its normal domain can cause the same result. Second, increasing activity like in the 

GOF mutants, or decreasing normal levels also leads to changes in fin size. There is a dosage effect 
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on expression level that can also be observed in pax3a: kcnj13-IRES-EGFP transgenic fish. Third, 

both the location and activity of these proteins are dependent on the type of ionic regulator. Since 

each has its own intrinsic properties and conductance, it becomes difficult to explain the bioelectric 

regulation as a one-size-fits-all theory as not all channels show the same degree of conductance 

(e.g., strong, intermediate, weak). Rather, it appears that the electric signaling mechanism is 

modular, where combinations of different independent parts with different properties can be used 

to construct and modify the bioelectric state of cell groups and tissues. Phenotypic changes 

resulting from a specific channel, its conductance strength, its activity level, and its expression 

level, might all be relevant to the situation. All these attributes might still be condensed down to 

the two most important questions of “when and where” or spatiotemporal regulation for fine-tuning 

tissues and structures. Then, the subsequent intensity of phenotypes is dependent on the previously 

mentioned attributes. Future studies mixing and matching ectopic/ in situ ionic regulators with 

varying degrees of function will give a better understanding of these concepts.  

1.2.3 Zebrafish pigmentation  

Another strong phenotypic example of bioelectricity in zebrafish development comes from 

pigmentation mutants. Zebrafish form distinct stripe patterns along their bodies with alternating 

rows of melanophores (dark pigments) and xanthophores (red-orange pigments) mixed with 

iridophores (iridescent pigments) [95-97]. Interactions and communication among these different 

pigment cells are essential to forming the stereotypical stripe patterns. Furthermore, considerable 

evidence has been accumulated implicating cell-cell and tissue-level communication using 

bioelectricity in many different cell types. The development of these normal stripe patterns can be 

found to be altered in many different mutant fish lines, including mutants that affect ion channels 

and bioelectricity. This electrical cellular communication has been partially demonstrated in 

Zebrafish pigments as well. When normal zebrafish pigment cells are cultured in vitro with 

voltage-sensitive dyes, contact-dependent depolarizations can be observed that result in a repulsive 

migration [98]. Interestingly, when the same experiment is performed with the pigment cells of 

the obelix/ jaguar mutant, this repulsion is not observed and the melanophores appear consistently 

more depolarized. The jaguar mutant line has a non-functional version of the channel Kir7.1 

(kcnj13) resulting in abnormal stripe patterning [99]. CRISPR mutations of kcnj13 also result in 
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abnormal pigmentation patterning in zebrafish [92]. Another mutant, leopard Danio, causes a spot 

pattern due to a mutation in the connexin 41.8 gene [100]. This mutation was shown to impact the 

ability of the protein to conduct ions, which might be responsible for the incorrect patterning. 

Similarly, mutations of Cx39.4 (luchs) cause a spotted pattern but with less effect on the caudal 

fins [100]. Interestingly, it was shown that these two connexins can form heteromeric in addition 

to homomeric gap junctions which are essential for melanophore and xanthophore cellular 

communication. Gap junctions and potassium channels in pigment cells are also important in the 

regulation of cytonemes used for transporting small molecules and ions over longer distances [49, 

50]. In addition to zebrafish, when the modulatory wild-type B-subunit of the  KCNQ1 channel 

was misexpressed in Xenopus, it caused neural crest pigment lineage melanocytes to hyperpigment 

the animal [101]. This could be another channel important for growth rates, cell patterning, and 

membrane potential control.  

1.3 The difficulties of studying developmental bioelectricity  

The phenotypic evidence for bioelectricity in development and other areas is robust, but the 

underlying changes to Vm and how these changes work mechanistically are unknown. The 

functional study of bioelectric dynamics of not just a single cell, but groups of cells, tissue regions, 

and even whole organisms has so far been limited. This is mostly because it has been difficult to 

measure endogenous electrical activity on an organismal level in a real-time and non-invasive 

manner. Luckily, recent advances in neuroscience have generated a variety of tools for these exact 

purposes. Biosensors/ genetically encoded indicators can provide us with the means to measure 

Vm fluctuations and even metabolic changes via fluorescence signals [102, 103]. Additionally, 

chemogenetic and optogenetic tools provide the means of cell-specific manipulation of 

bioelectricity to answer gap questions combined with fluorescent reporters [42, 104-109]. While 

initially developed for studying the neurons and the brain, these tools can be repurposed in other 

research contexts such as for studying developmental bioelectricity.  

 

Using these new tools with this high level of control is required to study specific phenotypic 

changes after perturbing the system. This will allow for a deeper understanding of this type of 

signaling. Here, we will further discuss which of these neuroscience tools are available for 



 

 

27 

developmental-related studies and how some have already been successfully implemented 

resulting in novel discoveries not previously possible. 

1.3.1 GEVIs and GECIs 

One of the great advancements made to directly measure changes in the electrical activity of cells 

was the development of a variety of biosensors that can report changes in electrical activity. 

Genetically encoded voltage indicators (GEVIs) and genetically encoded calcium indicators 

(GECIs) are powerful dynamic fluorescent reporters that allow users to directly measure 

fluorescence intensity as an output of cellular membrane potential voltage or ionic concentrations 

(Table 2). Numerous advancements and variations of indicators have been developed. These 

GEVIs can fall into one of three categories. The first would be those that utilize voltage-sensitive 

domains (VSDs) within the cell membrane. They can be linked with either a single fluorescent 

protein (FP), dual FPs for FRET (Forester resonance energy transfer) signaling, or even 

bioluminescence. There are also opsin-based sensors with and without additionally combined FPs 

to improve brightness. Lastly, there is a group of hybrid GEVIs that utilize a combination of these 

different components with the addition of brighter and more photostable synthetic dyes [102].  

 

The ability to perform optical measurements to visualize neural activity can be more advantageous 

than previously used methods. Traditional electrode measurements, such as patch clamp, are 

highly accurate but they are limited to single-cell recordings [110]. These non-invasive, 

endogenous fluorescent biosensors can function over multiple cells and tissues to get a collective 

understanding of real-time bioelectric activities versus single cells. These are also more 

advantageous over previously developed electrochemical dyes due to increased speed, genetic 

specificity, higher sensitivity, and no toxic effects [111]. The fastest GEVIs have reported speeds 

up to 1 ms [102]. Another advantage is the ability to provide results over longer periods of time. 

While these sensors offer several advantages, they do have some drawbacks. They have weaker 

fluorescence intensity which can make the cell-specific expression more difficult. Additionally, 

they have a variety of dynamic ranges and signal-to-noise ratios [102]. Together, these benefits 

help neuroscience study electrical signaling in neurons and brains, but they are also advantageous 

when studying other biological processes such as those in development. Understanding 
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bioelectricity during development requires real-time and non-invasive measurements over 

extended periods of time. Therefore, these types of biosensors are well suited to study embryonic 

bioelectricity.  

1.3.2 Genetically encoded indicator application: visualizing electric fields across tissues 

and whole organisms throughout development  

There has already been some successful implementation of GEVIs and GECIs into animal models 

to study endogenous electrical activity. In zebrafish research, these tools show promise within and 

outside of neuronal studies. GCaMP has previously been implemented into the zebrafish model 

for brain studies [112-114]. GCaMP has also been used within the brain of free-swimming larval 

zebrafish to show calcium dynamic signaling of transgenic animals when larvae saw paramecium 

swimming by their eyes [115]. GCaMP use followed in a variety of other neuronal studies. The 

first developmental study utilizing GCaMP6 was able to show in detail the characteristic calcium 

signals that occurred at different development stages in the zebrafish [81]. The cleavage furrow 

had increased levels of calcium signaling during the initial divisions. There were extensive 

transient Ca2+ signals that occurred during the blastula and gastrula stages as well. This study 

reported quantifiably more and previously unobserved Ca2+ activity than older studies employing 

calcium dyes. Thus, this study demonstrated genetically encoded indicators as a superior tool for 

developmental studies.  

 

GEVIs have also been employed in the zebrafish model [116]. Our lab successfully generated a 

ubiquitous transgenic reporter line of ASAP1 (accelerated sensor of action potentials 1) [83, 84]. 

This was able to show Vm dynamics within the cleavage furrow, as well as certain tissue regions 

with more Vm signal such as the somites and notochord. Furthermore, we were able to observe 

fluorescent changes correlated with body movement and increased overall signal within a fish 

tumor. When we further performed a detailed characterization during development, we observed 

additional details not previously reported. For example, there was even more dynamic furrow 

signaling, an increased number of signaling events during the blastula and gastrula stages, 

signaling within the deep cells not previously seen, and complex Vm dynamic within the 

developing somites with this GEVI tool. While these are not directly comparable studies, our 

ASAP1 transgenic did show some similar signaling patterns to the GCaMP6s work. Additionally, 
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ASAP1 has been utilized in zebrafish neuronal imaging studies revealing signals within the 

cerebellum optic tectum and spinal cord [117, 118].  

 

There have also been advancements for GEVIs in vivo in other organisms. Multiple studies have 

shown the utility of genetically encoded indicators in drosophila but have so far only been focused 

on neuronal-related studies [119-123]. In mice, fewer research studies have utilized GEVIs in vivo 

and have also been focused on neurological research [124-126]. In addition, Xenopus oocytes were 

used to further characterize Arclight and Arclight’ but did not involve any developmental studies 

[127]. Their results showed that these sensors could potentially be employed to successfully 

characterize Xenopus bioelectricity during development. Even the yeast model Saccharomyces 

cerevisiae has utilized Arclight and ASAP sensors for monitoring voltage [128].  

 

There is great promise in utilizing these tools to study bioelectricity outside of neuromuscular 

signaling. Though it is essential to visualize and measure these changes in electrical activity to 

characterize and understand how bioelectricity is utilized, the next steps will be to then change the 

normal signals to understand their purpose. 
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Table 2 List of GEVIs and GECIs 

GEVIs  Fluorescence Relationship Fluorophore Source 

VSD based    

ASAP1-3 Hyperpolarize- brighter GFP [121, 129, 130] 

ASAP4 Depolarize- brighter GFP [131] 

Marina Depolarize- brighter GFP [132] 

FlicR1 Depolarize- brighter RFP [133] 

Arclight Hyperpolarize- brighter GFP [134] 

Bongwoori Hyperpolarize- brighter GFP [135] 

Aahn Hyperpolarize- brighter (external) GFP [136] 

VSFP (x) Depolarize- FRET increase multiple [137-142] 

Mermaid Depolarize- FRET increase multiple [143] 

Nabi Depolarize- FRET increase UGK/ mKO [144] 

JEDI Hyperpolarize- brighter GFP [145] 

Opsin based 
   

Arch Depolarize- brighter GFP [146] 

QuasAr x Hyperpolarize- brighter multiple [147-149] 

Archon Depolarize- brighter GFP/RFP [150] 

Ace-x Hyperpolarize- brighter green/ RFP [151, 152] 

VARNAM Hyperpolarize- brighter RFP [153] 

Dye or 

bioluminescence 

based 

   

Voltron Hyperpolarize- brighter multiple- dye [154] 

positron Depolarize- brighter multiple- dye [155] 

hVOS Depolarize- brighter Green- dye [156] 

Voltage spy Depolarize- brighter Green- dye [157] 

LOTUS Depolarize- FRET increase blue/green 

bioluminescence  

[158] 

AMBER Depolarize- voltage-gated 

luciferase increase 

blue/green 

bioluminescence  

[159] 

GECIs Fluorescence Relationship Fluorophore Source 

GCaMPx More Calcium- brighter GFP [160] 

RGECOx / 

RCaMPx 

More Calcium- brighter RFP [161] 
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1.3.3 Chemogenetic and Optogenetic application: perturbing electric fields in groups of 

cells and tissues to study bioelectricity 

Another requirement to elucidate the bioelectric signaling mystery is the direct and specific 

perturbation of the normal electrical state of cells and tissues. Chemogenetic and optogenetic tools 

are one experimental approach (Table 3) [104-106, 162-165]. These tools have so far demonstrated 

the capability to alter cell-specific electrical states in a variety of organisms in both more positive 

and more negative Vm directions allowing a high level of control. Chemogenetics function by 

utilizing either mutated GPCRs or ligand-gated ion channels that no longer function normally, but 

only in the presence of inert molecules. Optogenetics utilize light-sensitive ion channels which can 

only be activated by specific wavelengths of light. These tools can allow for downstream effects 

to be measured directly resulting from manipulations that can be linked to phenotypic changes. 

Moreover, the techniques described here will be essential to solidify bioelectric mechanisms when 

combined with additional validations.  

 

Zebrafish models have applied a variety of tools to manipulate endogenous bioelectricity. One of 

the first studies to do this generated transgenic zebrafish expressing transient receptor potential 

(TRP) channels within Rohon–Beard and trigeminal sensory neurons under the islet-1 enhancer 

[166].TRPV1 was turned on by capsaicin, TRPM8 was activated by the addition of menthol, while 

TRPA1 activity required temperatures above 28°C. Activation was able to induce dose-dependent 

locomotion, and ablation, and alter wake-sleep behaviors. Other examples of chemogenetic tools 

applied to zebrafish neuron studies include PSAMs (pharmacologically selective actuator modules) 

expressed in horizontal cells (HCs) which connect rod and cone photoreceptors via synapses [167, 

168]. These are mutated ligand-gated ion channels that can only be activated by Pharmacologically 

Selective Effector Molecules or PSMs. These were able to disrupt Vm in HCs resulting in altered 

light response and lateral inhibition in retinal ganglion cells. There is also evidence that DREADDs 

(Designer receptors exclusively activated by designer drugs) can be repurposed for use in the 

zebrafish model [169]. DREADDs are mutated GPCRs such as hM4DGi, hM3DGq, hM3DGs, 

and KORD that alter cellular Vm through downstream signaling changes such as intracellular 

Ca2+ release or activation of GIRK channels. Agonist treatment was able to induce dynamic 

ASAP2s fluorescence changes in multiple cell types using hM4DGi and hM3DGs. Furthermore, 

hM4DGi receptor activation in larval fish induced a hyperpigmented phenotype.  
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The use of optogenetics in zebrafish has been primarily targeted in neuroscience studies as well. 

Optogenetic tools work by exploiting light-gated ion channels. When exposed to specific 

wavelengths of light on expressing cells, channels open to allow specific ions in such as Na+, Ca2+, 

or Cl- into cells resulting in increased or decreased Vm. These have been used to modify swimming 

behavior [170], perturb hair cell sensory receptors [171], and alter olfactory responses [172]. One 

study demonstrated its practicality outside of the brain and within a developmental setting; inside 

zebrafish melanophores. ChR2 was expressed in the melanophores of zebrafish that were then 

placed in tanks exposed to blue light to stimulate depolarization [173]. These transgenic fish began 

to lose the boundaries of the normal stripe patterns. Interestingly, this was able to be partially 

reversed after allowing the depolarized cells to return to their normal membrane potential. 

 

To validate the chemogenetic and optogenetic results, genetic manipulation of spatiotemporal 

channel expression and chemical inhibitors would be a logical next step. Deleting or expressing 

specific ion channels can also have the same effects when added or removed from expressing 

tissues or groups of cells. This has already been demonstrated, such as in the transgenic pax3a: 

kcnj13-IRES-EGFP where transient ectopic expression of kcnj13 in zebrafish dermomyotome 

causes a long fin phenotype in adults [92]. Moreover, transient ectopic expression of multiple 

potassium channel genes with an actinb promoter could also induce elongated fins in adults. 

Further studies comparing the impact of different channels under multiple different tissue-specific 

promoters will help to better understand these phenomena. In addition to genetic manipulations, 

chemical treatments that can block or enhance channel function can also be useful as supporting 

evidence to show similar outcomes. For example, the calcineurin inhibitor FK506 was able to 

increase the growth rate and size of fins in both WT and shortfin mutants when treated after 

amputation but not within kcnk5b deficient fish [174]. This same inhibitor was used on fish with 

fin excavations (a hole within the caudal fin) and was able to induce atypical growth within the 

posterior cutting edge rather than only the anterior cutting edge of untreated fish [175]. There is 

also evidence for other chemical treatments in Xenopus that could promote nerve regeneration 

[176], abnormal organ development [177], and craniofacial defects [178]. While chemical 

treatments are not ideal on their own, they can further support evidence generated through other 

methods. 

 



 

 

33 

The combination of genetically encoded indicators, chemogenetic and optogenetic tools, with the 

use of genetic manipulations to add or remove specific channels combined with chemical 

inhibition will lead to the explanation of bioelectricity outside the brain. These are necessary to 

solidify a deeper mechanistic understanding of bioelectricity as a bona fide developmental 

regulator. 
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Table 3 Chemogenetic and optogenetic tools 

Chemogenetic 

tools 

Activation 

method 

Activation 

result 

Ref. Optogenetic 

tools 

Activation 

method 

Activation 

result 

Ref. 

hM4DGi DREADD 

agonist 

hyperpolarization [179] ChR2 Blue light 

(470 nm) 

depolarization [180] 

hM3DGq DREADD 

agonist 

depolarization [179] eNpHR3.0 Yellow 

light (590 

nm) 

hyperpolarization [181] 

hM3DGs DREADD 

agonist 

depolarization [179] CoChR Blue light 

(470 nm) 

depolarization [182] 

KORD DREADD 

agonist 

hyperpolarization [179] GtACR1 Green light 

(515 nm) 

hyperpolarization [183] 

PSAM-5HT3-

HC 

PSEM 

ligand 

depolarization [184] GtACR2 Blue light 

(470 nm) 

hyperpolarization [185] 

PSAM-5HT3-

LC 

PSEM 

ligand 

depolarization [184] BLINK2 Blue light 

(455 nm) 

hyperpolarization [186] 

PSAM-GlyR PSEM 

ligand 

hyperpolarization [184] CheRiff UV light 

(460 nm) 

depolarization [147] 

TRPV1 Capsaicin depolarization [166] Chronos Yellow 

light (500 

nm) 

depolarization [187] 

TRPM8 Menthol depolarization [166] eArchT3.0 Yellow 

(570 nm) 

hyperpolarization [188] 

TRPA1 > 28° C depolarization [166] ChrimsonR Red light 

(590 nm) 

depolarization [189] 

GluCl* Ivermectin hyperpolarization [190] 

    

NanoV1 Electro-

magnetic 

waves 

bidirectional [191] 
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1.4 Conclusions and future challenges for studying Vm 

Ultimately, the consequence of membrane potential and bioelectric signaling in non-excitatory 

cells has become evident. The ideology of electrical signaling only being vital in neuronal tissues 

has started to erode but is still largely present. While there is evidence that membrane potential is 

an important factor contributing to biosynthesis, energy storage, metabolite transportation, 

embryonic pattern formation, and disease, a critical mechanistic function of bioelectricity in many 

cellular processes has proven elusive [1, 192-195]. Discovering unknown downstream effects of 

Vm on different cellular mechanisms and machinery could help explain all the diverse unanswered 

questions. By incorporating these electromagnetic properties of charged atoms into biological roles, 

a much more profound relationship with living organisms and the universe around us is established.  

 

The fact that ion channels are one of the most represented protein-coding genes can also give 

perspective; evolution held onto such a large amount of genetic information because of its vital 

functions. Something that is present in every system and cell type should be deeply considered for 

all possible contributions to an organism. A variety of channelopathies and cancers that up and 

down-regulate a huge diversity of ion channels demonstrate that ion channels and subsequent 

bioelectric dysregulation can significantly contribute to disease. The large amount of ion channel 

drugs could hopefully be repurposed in a way to mitigate these incorrect bioelectric signatures 

until better strategies are developed. Additionally, new therapeutic channel activation will continue 

to be discovered [196, 197]. Even folk medicine seems to have inadvertently discovered ion 

channel modulation helpful for medicinal purposes which are being re-examined [198, 199]. 

Furthermore, it has been shown that a pore-forming peptide from spider venom selectively targets 

K+ channels by hyperpolarized cancer cells [200]. Such a treatment could help establish ion 

channel drugs a new class of cancer therapy treatment [201, 202]. Furthermore, cell-penetrating 

peptide uptake might also be reliant on membrane potential [203], warranting deeper investigation. 

Continually developed technology, such as wearable bioreactor devices for channel drug cocktails 

[75, 204], will also establish new applications for potential treatments to alter Vm. 

The exact process that defines bioelectric regulation is still not well understood. One major 

contributor could come from maintaining high intracellular potassium, as it is crucial for regulating 

resting membrane potential. This is probably why potassium ion channels are frequently appearing 

in new studies as markers for disease [205]. Most likely the reason that the detailed mechanisms 
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involved have not been discovered stems from the difficulty of studying ion movement and 

electrical changes. While it has been known for many years that membrane potential changes are 

important for neuronal signaling, the depth of study on the importance of bioelectric signaling in 

non-neuronal tissues is still lacking. This can mostly be attributed to the difficulty of studying 

bioelectric interactions in vivo. Current modeling approaches will provide useful insight [206-209], 

but meticulous functional studies are still needed. Eventually, simultaneous analysis of multiple 

channels will be required for the clearest mechanistic understanding because of the complexity of 

channel cross-talk [210, 211]. Hopefully, new tools such as chemogenetic manipulators will 

provide functional data [167, 169], as this will complement already successful optogenetic 

manipulations as a complementary approach [108, 173, 212]. Additionally, genetically encoded 

voltage indicators (GEVIs), calcium indicators (GECIs), and related tools such as potassium 

reporters (GINKO1) will assist in visualizing these important changes [81, 83, 117, 118, 213]. 

Studying Vm, the composition of all channel and ionic regulator activity, should increase our 

understanding of bioelectric mechanisms and narrow down what channels are the most important 

contributors. Future works looking at how bioelectricity plays a role in well-known biological 

events such as embryonic development, cell cycle progression, and cancer growth are sure to cause 

unprecedented developments in our understanding of living organisms. 
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 VISUALIZATION OF CELLULAR ELECTRICAL 

ACTIVITY IN ZEBRAFISH EARLY EMBRYOS AND TUMORS 

2.1 Abstract 

Bioelectricity, endogenous electrical signaling mediated by ion channels and pumps located on the 

cell membrane, plays important roles in the signaling processes of excitable neuronal and muscular 

cells and many other biological processes, such as embryonic developmental patterning. However, 

there is a need for in vivo electrical activity monitoring in vertebrate embryogenesis. The advances 

in genetically encoded fluorescent voltage indicators (GEVIs) have made it possible to provide a 

solution to this challenge. Here, we describe how to create a transgenic voltage indicator zebrafish 

using the established voltage indicator, ASAP1 (Accelerated Sensor of Action Potentials 1), as an 

example. The Tol2 kit and a ubiquitous zebrafish promoter, ubi, were chosen in this study. We 

also explain the processes of Gateway site-specific cloning, Tol2 transposon-based zebrafish 

transgenesis, and the imaging process for early-stage fish embryos and fish tumors using regular 

epifluorescence microscopes. Using this fish line, we found that there are cellular electric voltage 

changes during zebrafish embryogenesis, and fish larval movement. Furthermore, it was observed 

that in a few zebrafish malignant peripheral nerve sheath tumors, the tumor cells were generally 

polarized compared to the surrounding normal tissues. 

2.2 Introduction 

Bioelectricity refers to endogenous electrical signaling mediated by ion channels and pumps 

located on the cell membrane [2]. Ionic exchanges across the cellular membrane, and the coupled 

electrical potential and current changes, are essential for the signaling processes of excitable 

neuronal and muscular cells. In addition, bioelectricity and ion gradients have a variety of other 

important biological functions including energy storage, biosynthesis, and metabolite 

transportation. Bioelectrical signaling was also discovered as a regulator of embryonic pattern 

formation, such as body axes, the cell cycle, and cell differentiation [2]. Thus, it is critical for 

understanding many human congenital diseases that result from the misregulation of this type of 
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signaling. Although patch clamp has been widely used for recording single cells, it is still far from 

ideal for the simultaneous monitoring of multiple cells during embryonic development in vivo. 

Furthermore, voltage-sensitive small molecules are also not ideal for in vivo applications due to 

their specificities, sensitivities, and toxicities.  

 

The creation of a variety of genetically encoded fluorescent voltage indicators (GEVIs) offers a 

new mechanism to overcome this issue, and allows for easy application to study embryonic 

development, even though they were originally intended for monitoring neural cells [214, 215]. 

One of the currently available GEVIs is the Accelerated Sensor of Action Potentials 1 (ASAP1) 

[129]. It is composed of an extracellular loop of a voltage-sensing domain of voltage-sensitive 

phosphatase and a circularly permuted green fluorescent protein. Therefore, ASAP1 allows 

visualization of cellular electric potential changes (polarization: bright green; depolarization: dark 

green). ASAP1 has 2 ms on-and-off kinetics and can track subthreshold potential change [129]. 

Thus, this genetic tool allows for a new level of efficacy in real-time bioelectric monitoring in live 

cells. Further understanding of the roles of bioelectricity in embryonic development and many 

human diseases, such as cancer, will shed new light on the underlying mechanisms, which are 

critical for disease treatment and prevention.  

 

Zebrafish have been proven a powerful animal model to study developmental biology and human 

diseases including cancer [72, 216]. They share 70% orthologous genes with humans, and they 

have similar vertebrate biology [70]. Zebrafish provide relatively easy care, a large clutch size of 

eggs, tractable genetics, easy transgenesis, and transparent external embryonic development, which 

make them a superior system for in vivo imaging [72, 216]. With a large source of mutant fish lines 

already present and a fully sequenced genome, zebrafish will provide a relatively unlimited range 

of scientific discoveries.  

 

To investigate the in vivo real-time electrical activity of cells, we take advantage of the zebrafish 

model system and ASAP1. In this paper, we describe how to incorporate the fluorescent voltage 

biosensor ASAP1 into the zebrafish genome using Tol2 transposon transgenesis, and visualize 

cellular electrical activity during embryonic development, fish larval movement, and in tumors. 
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2.3 Protocol  

The zebrafish are housed in an AAALAC-approved animal facility, and all experiments were 

carried out according to the protocols approved by the Purdue Animal Care and Use Committee 

(PACUC). 

2.3.1 Tol2 Transposon Plasmid Construct Preparation 

NOTE: Tol2, a transposon that was discovered in medaka fish, has widely been used in the 

zebrafish research community [217, 218]. It has been successfully adopted to the Gateway site-

specific recombination-based cloning system and is known as the Tol2 kit [219]. The Tol2 kit 

allows for a more convenient way of creating customized expression constructs, while also 

increasing the efficiency of transgenesis. Thus, it was an easy decision to take advantage of this 

system and create a ubiquitous ASAP1 expression zebrafish line using a validated ubiquitin 

promoter to drive ASAP1[220].  

 

1. Creating a middle entry ASAP1 construct: pDONR221-ASAP1 

1. Acquire the genetically encoded voltage sensor ASAP1 construct, pcDNA3.1/Puro-CAG-

ASAP1 (Plasmid#52519), from Addgene. To amplify the ASAP1 coding region, set up a 

PCR using the customized primers (attB1-ASAP1F and attB2-ASAP1R) flanked with attB 

sequences at the 5' end of the primers (Figure 2-1). Phusion DNA polymerase was chosen 

for its high efficiency, and PCR conditions were optimized based on the previously 

published protocol [221]. 

2. Load the 50 µL PCR products into a 1% TAE gel using a regular pipette with 200 µL tips, 

and perform electrophoresis at 160 V in a horizontal gel tank for about 30 min. 

3. Check the gel under a UV transilluminator (353 nm), excise out the desired band using a 

blade/scalpel under a UV transilluminator as previously published [222, 223], and put the 

DNA-containing gel sample into a clean 1.5 mL microcentrifuge tube. 

4. Perform gel purification for the ASAP1 PCR products. Recover the DNA in the excised 

gel using a commercial DNA gel purification kit following the manufacturer's instruction, 

and elute the DNA into 20 µL of water. Take 1 µL as a sample, and measure the DNA 
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concentration using a spectrophotometer. Follow the software instructions using water 

as a blank control [224]. 

5. Take 100 ng of purified PCR product and mix it with 150 ng of pDONR221 plasmid in 10 

µL of TE buffer (10 mM Tris, 1 mM EDTA pH 8.0) [225]. Add 2 µL of BP Clonase II into 

the reaction and incubate the reaction at room temperature overnight. 

6. On the second day, add 1 µL of proteinase K into the reaction and incubate the reaction at 

37 °C for 30 min. 

7. Perform transformation. Transfer the reaction and mix it with 50 µL of Top10 competent 

E. coli cells and incubate the cells on ice for 30 min. Then, transfer the reaction tube into a 

42 °C water bath for 1 min. Immediately remove the tube and incubate on ice for 2 min. 

Next, put the tube into a 37 °C shaker and incubate it for 1 h. 

8. Take the tube out and plate the cells onto a kanamycin LB plate. Next, incubate the plate 

overnight (16-18 h) at 37 °C. 

9. Pick single and well-separated colonies and inoculate them into 14 mL cell culture 

tubes with 3 mL of LB medium. Culture them overnight at 37 °C in a shaker with a 

rotation speed of 250 rpm (rotation per minute). 

10. Perform miniprep using a commercial miniprep kit following its instruction manual [226]. 

11. Sequence 3-4 plasmids with Sanger sequencing to identify positive pDONR221-ASAP1 

clones using M13F and M13R sequencing primers. 

2. Creating the Tol2 construct for microinjection: pDestTol2-ubi-ASAP1 

1. Choose the sequencing verified pDONR221-ASAP1 clone and measure its DNA 

concentration using a spectrophotometer following the software instruction using water as a 

blank control [224]. 

2. Take 100 µg of pDONR221-ASAP1 and mix it with 100 µg of Tol2 kit 5-end plasmid 

(pENTR5'_ubi, Addgene #27320), 100 µg of p3E- polyA (Tol2 kit #302) and 150 µg of 

pDestTol2pA2 (Tol2 kit #394). Adjust total volume to 8 µL using TE buffer (10 mM Tris, 1 

mM EDTA, pH 8.0) in a 1.5 mL microcentrifuge tube and mix well by a 2-5 s brief vortex. 

Then, add 2 µL of LR Clonase II plus, and incubate the reaction at room temperature 

overnight. 

3. On the second day, add 1 µL of proteinase K into the reaction using a 10 µL pipette and 
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incubate the reaction at 37 °C for 30 min. 

4. Perform transformation and identify positive clones as described above (steps 1.1.7-11). 

5. Measure the DNA concentration of sequencing verified pDestTol2-ubi-ASAP1 clone 

(Figure 2-1B) using a spectrophotometer [224]. Usually, the concentration is around 

200ng/µL. 

2.3.2 Prepare Tol2 Transposase mRNA and Injection Solution 

1. Streak E. coli glycerol stock of pCS2FA-transposase plasmid (Tol2 kit #396) onto an LB plate 

(with 100 µg/mL ampicillin) using a sterilized inoculation loop. Incubate the plate at 37 °C in 

an incubator overnight. The next day, pick a single colony and inoculate it into 3 mL of LB 

(100 µg/mL ampicillin) using a sterilized 10 µL pipette tip. Culture it overnight at 37 °C in a 

shaker with a rotation speed of 250 rpm. 

2. Perform miniprep on the E. coli culture using a commercial miniprep kit following its 

instruction manual. Elute plasmid DNA into 30-50 µL of TE buffer in a 1-minute centrifuge 

at 14,000 rpm, and measure its DNA concentration with a spectrophotometer. 

3. Linearize 1-2 µg of plasmid with Not I endonuclease and purify the DNA with a DNA 

cleaning kit following its instruction manual after Not I digestion. Elute the DNA into 5 µL 

of water by centrifuging at 14,000 rpm for 1 minute. The expected concentration is about 

200-300 ng/µL. 

4. Perform in vitro transcription with Not I linearized pCS2FA-transposase as a DNA template 

using a commercial SP6 transcription kit. 

5. Once the reaction is finished, purify Tol2 transposase mRNA using a commercial RNA 

cleaning kit following the manufacturer's instructions. Finally, elute mRNA into 20 µL 

RNase-free water and measure the RNA concentration in a spectrophotometer. The expected 

concentration is about 1-3 µg/µL. Samples can be stored in a -80 °C freezer if needed.  

6. Prepare the microinjection solution by mixing 20 ng/µL pDestTol2-ubi-ASAP1 and Tol2 

transposase mRNA (100 ng/µL) in a microcentrifuge tube by pipetting. To prevent nucleic 

acid degradation caused by repeated thawing and refreezing, aliquot 6 µL per tube and store 

it in a -80 °C freezer for future use. 
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2.3.3 Microinjection 

1. Set up 4-6 breeding tanks with at least 2 males and 2 females in the afternoon before injection. 

These fish must not be fed in the afternoon. This step will reduce the amount of fish waste 

and save time to clean them out the next morning, while also helping to induce a breeding 

response. 

2. The following morning, remove the prepared injection solution (pDestTol2-ubi-ASAP1 

construct and Tol2 mRNA) from the -80 °C freezer, and place it on ice. 

3. Pull the dividers in the fish breeding tanks and allow the fish to mate. In general, fish lay eggs 

within 20-30 minutes after pulling out the divider. If not, wait 1-2 hours longer. Some fish 

may not lay eggs at all. In this case, repeat this experiment for fish embryo collection. 

4. While waiting, make sure there are needles prepared with the tip broken at an angle creating 

a beveled edge with forceps, or by breaking on a delicate task wiper. 

1. Pull needles from the capillary glass on a micropipette puller using the following 

parameters: heat 545; pull 60; velocity 80; time 250; pressure 500. Break the needle with 

forceps underneath a dissection scope (with an eye-piece ruler for diameter estimation) 

by holding the forceps at an angle of approximately 45°. Desired needle diameters can 

be variable depending on the microinjector settings, but a smaller diameter is preferred 

for decreasing embryo mortality. 

5. Once the fish have laid eggs, collect them in a 10-cm diameter Petri dish and bring them to 

the dissection scope. Remove all abnormal embryos and fish waste. 

6. Pipet the fertilized embryos into the prepared 3% agarose injection mold. Remove excess 

water to help keep the embryos in place. 

7. Once all of the rows are filled with viable embryos, arrange them so that the single cells all 

face the same direction toward the needle, which is about a 45° angle horizontally. This will 

make injection much easier later. 

8. While wearing gloves, use a 20 µL loading pipet tip and remove 5 µL of the prepared 

construct from the tube on ice. 

9. Carefully insert the tip into the back end of the broken capillary tube all the way to where it 

begins to taper, to get the reagent as close to the tip. If there are still air bubbles, shake the 

needle, making sure to not break the tip. 
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10. Insert the needle straight into the microinjection needle holder and carefully tighten it until 

the needle stays in place. Adjust the angle to about 45°. 

11. Once the needle is prepared and attached, turn on the microscope and gas pressure tank. 

Commercial CO2 tanks are generally good for this purpose. The injection volume is adjusted 

by the holding and ejection pressure: approximately 0.5 psi for holding and 30 psi for ejection. 

Be sure to check that the solution comes out when pressing the pedal. 

12. Using a stage micrometer with a drop of mineral oil, adjust the volume and flow of the 

solution to ~150 µm in diameter (about 2 nL). Ensure that the back pressure will let a small 

amount drip out of the needle. If there is not enough back pressure, capillary action will cause 

liquid to enter the needle and destroy the mRNA. 

13. Once the needle is calibrated, begin injecting the construct into the single cell of the fertilized 

embryos. 

NOTE: This takes a large amount of practice, patience, and finesse, due to the cell membrane 

being hard to pierce. It is important to inject the solution into the cell, not the yolk, for 

generating transgenic zebrafish. This is different from morpholino injection. It does not 

matter which side the needle enters the cell as long as the construct goes into the cell. 

Transgenesis will have a very low rate of success if injected into the yolk instead of the cell. 

Single-cell stage injection is also important, or somatic chimera fish will be created. This will 

reduce the chance of the transgene going into the germ cells. 

14. Use the edge of the gel notch to provide a backing that keeps the embryo in place and allows 

the needle to apply pressure without moving the embryo. Once the tip of the needle is in the 

single cell, press the pedal to release the desired amount of solution. Repeat this process for 

all of the embryos. 

15. When completed, transfer the injected embryos into a labeled dish by rinsing them out of the 

agarose notch with fish system water and a disposable 3.4 mL transfer pipette. Store the 

embryos in a 28.5 °C incubator to let them develop. Check back throughout the day removing 

dead fish embryos and replace water with 0.1% methylene blue in fish water. 

16. Around 6-8 hours after injection, take 10 individual injected fish embryos and prepare 

genomic DNA from them using the Hotshot method [227]. 
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17. The following morning, use a dissection microscope with a fluorescence light source to sort 

out the embryos showing GFP in the non-yolk tissues. These fish embryos should contain the 

injected construct. 

18. Perform Tol2 excise assay to check the transposon activity as described previously [228]. If 

excised plasmid can be detected, keep the injected fish embryos, and raise them. If no excised 

plasmid can be detected, repeat the Tol2 mRNA synthesis and microinjection process until 

achieving the positive results of the Tol2 excise assay. 

2.3.4 Establish Transgenic ASAP1 fish, Tg (ubi: ASAP1) 

1. Raise the injected fish (F0 generation) to adulthood as described previously in the zebrafish book 

[229]. This usually takes about 4 months. 

2. Take a single adult F0 fish and cross it with a single opposite-gender wild-type fish. Collect 

fish embryos after breeding later in the day. Keep the collected fish embryos in the 28.5 °C 

incubator in fish water with 0.1% methylene blue. 

3. On the third day, check the fish embryos underneath a fluorescent dissection microscope 

with a GFP filter. Sort out green fish embryos, if there are any, and raise them to 

adulthood as F1 generation transgenic fish, Tg (ubi: ASAP1). 

NOTE: Mendelian ratio is not expected since most of the parental F0 fish are germ-line genetic 

chimeras. 

4. Cross single F1 adult fish with wild-type fish and collect fish embryos. Sort out green 

fish embryos and raise them to adulthood as F2 generation fish. 

NOTE: Green and non-green fish embryos should be close to 1:1 if there is a single transgene. 

5. To view electric potential changes in tumor-like malignant peripheral nerve sheath tumors 

(MPNST), cross the F2 generation Tg (ubi: ASAP1) fish with rpl35hi258/wt fish. It is known 

that visible tumors start to be found in 6-8 month old adults [230, 231]. 

2.3.5 Imaging 

1. To image zebrafish embryos, take multiple F2 generation founder fish and cross them with 

wild-type fish in individual pairs. Collect fish embryos at different desired developmental 
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stages according to the zebrafish staging guide [232]. 

2. For the early stages of fish embryos, peel and remove chorions of the embryos carefully 

using a pair of forceps under a dissection scope in a 10-cm diameter Petri dish with fish 

system water. 

3. Transfer a few fish embryos onto a concaved glass slide with 3% methylcellulose using a 

3.4 mL disposable transfer pipette. Adjust the embryos to the desired positions to view the 

cellular GFP activity using a needle underneath a fluorescent dissection scope. 

4. For the moving stages of fish embryos (older than 12 somite stage), use 0.05% tricaine 

mesylate to anesthetize the fish embryos before transferring them to slides. Briefly, fish 

embryos were emerged into 0.05% tricaine mesylate in fish water until they stopped 

swimming and lost body balance. Also, add a drop of 0.05% tricaine mesylate with the 

methylcellulose on the slide. 

5. For less than 12 somite-stage fish embryos, use an epi-fluorescence compound microscope 

with a compatible camera and software for imaging. For older than 12 somite stage fish 

embryos, use a fluorescence dissection microscope. 

6. To image tumor cell voltage, first identify the fish with MPNST tumors. Then, anesthetize 

the fish with 0.05% tricaine mesylate. For whole-mount imaging, put the fish into a 10-cm 

diameter Petri dish. To view the tumor cell electrical activity, fish tumors may be dissected 

out after whole-mount imaging. 

2.4 Representative Results   

In a successful injection, more than 50% of injected fish embryos will display some degree of 

green fluorescence in the somatic cells, and most of them will be positive by Tol2 transposon 

excise assay (Figure 2-2). After 2-4 generations of out-cross with wildtype fish (until the 

fluorescent fish reach 50%, the expected Mendelian ratio), the transgenic fish were used for 

the imaging experiment to track cell membrane potentials during embryonic development. First, 

membrane potential changes were examined throughout the cell cycle during zebrafish’s early 

embryonic developmental stages. It was observed that the cells hyperpolarized before the 

cleavage furrow formation (Figure 2-3A-3C, and Supplementary Video 2-1). Moreover, 

different tissues showed a variety of membrane potentials in 1-3 day old fish embryos. (Figure 
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2-3D-3G). For example, the somites and notochord are generally hyperpolarized, compared to 

the adjacent tissues/organs. Once the zebrafish embryos were able to move, we were also able 

to detect the neuromuscular electrical activities (Figure 2-4, Supplementary Video 2-2). As 

bioelectric properties of cancer cells could be altered, we took advantage of this ASAP1 

reporter fish and crossed it with an rpL35 gene mutant, which is prone to spontaneous 

malignant peripheral nerve sheath tumors [230, 233, 234]. Although only a few fish tumors 

were examined, due to the long potential growth period for the fish tumor mutant, it was 

noticeable that there were voltage differences between tumors and surrounding tissues in live 

tumor-bearing zebrafish (Figure 2-5). Thus, these representative results demonstrated the 

successful generation of a cellular electric reporter fish line, and its potential application to 

developmental and cellular biology. 

 

 

 

 

 Figure 2-1 Illustration of the Tol2 transposon-based plasmid construction. 

(A) BP recombination was used for ASAP1 sub-cloning into the pDONR221 middle entry 

vector. attB sequences were added to the 5-end of the primers for ASAP1. (B) Diagram for 

Tol2 transposon-based construct assembling based on LR recombination. Purple oval shape 

shows Tol2 inverted repeats. The dashed lines indicate homologous recombination. 
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Figure 2-2 Typical results of injected embryos by epifluorescence and Tol2-excise assay. 

(A) Non-positive 1dpf fish embryo. (B) Successfully injected 1dpf fish embryo. GFP spots are 

evident in the trunk. (C) Non-positive 2dpf fish embryo. (D) Successfully injected 2dpf fish 

embryo. GFP spots are evident in the trunk. (E) A representative result of Tol2 excise assay. Lane 

1-7 PCRs were amplified from 7 randomly selected fish embryos 8 hours after injection. The last 

one is a negative control (NC) without any genomic DNA. Scale bar = 250 µm. 
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Figure 2-3 Dynamic voltage changes during zebrafish embryo development. 

(A-C) Differential cellular voltage polarity during mitosis in the fish embryos. (A) 2-cell stage 

zebrafish embryo. (B) 4-cell stage embryo. (C) 8- cell stage embryo. The red arrowheads indicate 

the positions of the cleavage furrows in the panels (A-C). The changes are also evident in the 

corresponding movie (Supplementary Video 2-1). The region around the cleavage furrow is more 

polarized compared to the rest of the cell. (D-G) Dynamic electric voltage changes in the different 

early stages of zebrafish embryos. (D) 12-somite stage. (E) 22-somite stage. (F) 48 hours post 

fertilization. (G) 72 hours post fertilization. e, eye; ht, heart; nt, notochord; op, optic vesicle; ov, 

otic vesicle; pf, pectoral fin; so, somite; yk, yolk. Scale bar = 250 µm. 

 

 

 

 

 

 

 

Figure 2-4 Electrical voltage changes of the fish body during fish embryo movement. 

2-day old fish embryos show neuro-muscular electric activities during movement. (A) - (F) 

Sequential imaging of the same fish embryo. Color density changes are corresponding to the 

electric signaling transduction. The interval time between two consecutive images is about 12.4 

milliseconds. The red arrows indicate the positions where voltage changed during the imaging 

period. The changes are also evident in the corresponding movie (Supplementary Video 2-2). All 

the panels are on the same scale. Scale bar = 250 µm. 
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2.5 Discussion  

Although the cellular and tissue level electrical activities during embryonic development and 

human disease were discovered a long time ago, the in vivo dynamic electrical changes and 

their biological roles still remain largely unknown. One of the major challenges is to visualize 

and quantify the electrical changes. Patch clamp technology is a breakthrough for tracking 

single cells, but its application to vertebrate embryos is limited because they are composed of 

Figure 2-5 Tumor cells tend to be more polarized. 

A 10-month old fish (rpL35hi258/wt; Tg(ubi: ASAP1) developed a malignant peripheral nerve sheath 

tumor in the abdomen. (A) & (C) Bright field image. (B) & (D) Image with GFP channel. (A) & 

(B) Intact fish. (C) & (D) Abdomen tumor was dissected out. Tumor cells are more polarized 

(brighter green) compared to surrounding tissues (dark green). Arrow heads show the tumors. All 

the panels are in the same scale. Scale bar = 25 mm. 
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many cells. The current chemical voltage dyes are also not ideal due to their sensitivities, 

specificities, and toxicities. The recent efforts on the invention of GEVIs provide us with a new 

path to visualize cellular electric activities in vivo in real-time time. Here, we showed the 

process of creating a zebrafish electric reporter line, Tg (ubi: ASAP1). 

 

Using this reporter fish line, we show cellular electrical activities that can be monitored in 

zebrafish embryos. The electric voltage change is highly related to the cell cycle during early 

embryonic development. We have observed that hyperpolarization happens before the 

formation of the cleavage furrow/cell division (Figure 2-3). This is in contrast to the current 

knowledge that depolarization happens before cell division [235]. Thus, more details of cell 

membrane voltage changes during the cell cycle of other animal and human cells, and whether 

this is related to tissue context, require further studies. Related studies are currently underway 

in our laboratory. Moreover, we have verified that ASAP1 is able to track physiological voltage 

changes in the neural-muscular system (Figure 2-4), in which the alteration is relatively fast 

compared to the changes during cell cycles. 

 

It was also demonstrated that this reporter can also be used to visualize zebrafish tumors (Figure 

2-5). It was interesting to find tumor cells were generally more polarized compared to the 

surrounding normal tissues. However, whether this is a general phenomenon for all malignant 

tissues requires further investigation, due to the limitation of tumor samples and fish tumor 

types in this study. Future investigations on cell membrane polarization and voltage 

quantification on other types of tumors and human cancer cells will be informative for better 

understanding its roles during tumorigenesis. 

 

In this protocol, we chose a ubiquitous promoter to drive ASAP1 expression to track all the 

cells in fish embryos. Tissue or organ-specific promoters could be another option if only a 

certain cell/tissue type is preferred. The ASAP1 voltage sensor is a relatively well-

characterized biosensor, and it is composed of a voltage-sensitive domain of sea squirt voltage-

sensitive phosphatase (S3-S4 loop) and a circular permutation of GFP (default is low 
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fluorescence). It was reported to be expressed on the outside cellular membrane in human 

neuron cells and mouse brain slices4,27,28. The brightness of the sensor is dominantly 

determined by the conformational positions of the S3-S4 loop and GFP. The rapid green 

fluorescence change was unlikely caused by protein concentration, due to the speed of the 

brightness changes and protein synthesis. However, the transgene, ASAP1, may have altered 

expression in tumor cells, due to the nature of genomic instability. In addition to ASAP1, other 

GEVIs, such as archaerhodopsin-based voltage indicators (QuasAr1 and QuasAr2), may also 

be a good complementary option, since they use a completely different mechanism and they 

also have a high sensitivity and speed [147]. In addition, their emission is in the red color range. 

This makes them particularly complimentary to the green ASAP1, if there is already another 

florescent protein in the same cell. For example, ASAP1 and QuasAr can be combined with 

Fucci zebrafish [236] for studying the relationship between cell cycle and electric potential 

changes. 

 

 

 

 

 

 

 

 

 

 

 



 

 

53 

 ZEBRAFISH EMBRYOS DISPLAY CHARACTERISTIC 

BIOELECTRIC SIGNALS DURING EARLY DEVELOPMENT 

3.1 Abstract  

Bioelectricity is defined as endogenous electrical signaling mediated by the dynamic distribution 

of charged molecules. Recently, increasing evidence has revealed that cellular bioelectric signaling 

is critical for regulating embryonic development, regeneration, and congenital diseases. However, 

systematic real-time in vivo dynamic electrical activity monitoring of whole organisms has been 

limited, mainly due to the lack of a suitable model system and voltage measurement tools for in 

vivo biology. Here, we addressed this gap by utilizing a genetically stable zebrafish line, Tg 

(ubiquitin: ASAP1), and ASAP1 (Accelerated sensor of action potentials 1), a genetically encoded 

voltage indicator (GEVI). With light-sheet microscopy, we systematically investigated cell 

membrane potential (Vm) signals during different embryonic stages. We found cells of zebrafish 

embryos showed local membrane hyperpolarization at the cleavage furrows during the cleavage 

period of embryogenesis. This signal appeared before cytokinesis and fluctuated as it progressed. 

In contrast, whole-cell transient hyperpolarization was observed during the blastula and gastrula 

stages. These signals were generally limited to the superficial blastomere, but they could be 

detected within the deeper cells during the gastrulation period. Moreover, the zebrafish embryos 

exhibit tissue-level cell Vm signals during the segmentation period. Middle-aged somites had 

strong and dynamic Vm fluctuations starting at about the 12-somite stage. These embryonic stage-

specific characteristic cellular bioelectric signals suggest that they might play a diverse role in 

zebrafish embryogenesis that could underlie human congenital diseases. 

 

3.2 Introduction 

All living cells have a membrane potential (Vm), making bioelectricity an essential property of 

life. Bioelectricity is endogenous electrical signaling mediated by the dynamic distribution of 

charged molecules [1-4]. The importance of bioelectric regulation has been shown in various fields 

such as neuromuscular, embryogenesis, cancer, wound healing, regeneration, tissue patterning, 
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and cell migration [192, 193, 205, 237]. The critical functions of electrical signaling during early 

embryonic development have been proposed for years, mainly based on indirect results. Mutations 

in a variety of ion channels and other regulators of charged molecules have been shown to cause a 

vast range of phenotypes, such as alterations to normal limb formation, craniofacial malformations, 

as well as heart and neurological disorders in multiple distinct species [238-241]. For example, the 

injection of KCNA5 mRNA into Xenopus embryos induced the growth of ectopic eyes [242]. In 

addition, we recently found that transient ectopic expression of kcnj13 in the somites can cause a 

long-finned phenotype in adult zebrafish [92]. Furthermore, changes to channels and gap junctions 

can alter normal pigment patterning [57, 90, 91, 243, 244]. All these results point to bioelectric 

signals playing an essential role in normal embryonic development. However, systematic real-time 

direct evidence of bioelectricity during vertebrate embryonic development has been lacking. 

Although, electrochemical dyes and electric probes in Xenopus embryos give some indications of 

the role bioelectricity plays in embryonic development [77, 79]. The main reasons for this lack of 

data are the limitations of the model system and voltage measurement tools for in vivo biology.  

 

Zebrafish embryos are a superior system for studying developmental biology due to many 

advantages such as rapid external development, transparency of early embryos, and tractable 

genetics [216, 232]. The stages of zebrafish embryogenesis have been well characterized. Females 

and males release their gametes into the water, where oocytes are fertilized and begin a 

synchronous meroblastic cleavage process. They are classified as discoidal, where the group of 

dividing cells sit atop a large yolk and eventually form the blastula. This ball of cells continues to 

multiply and eventually migrates down the yolk to form the three germ layers during gastrulation. 

The early embryo transparency and ease of genetic manipulation make zebrafish an ideal model 

for vertebrate imaging studies, and much progress has already been made in many research fields 

such as neuroscience and organogenesis [245-249]. 

 

With advances in modern neuroscience, genetically encoded biosensors have been developed to 

overcome the limitations of chemical dyes [111]. Genetically encoded biosensors generally allow 

sensitive and real-time dynamic assays for monitoring cells under natural physiological conditions. 

While chemical dyes/probes usually have limited lifetimes, relatively slow response, and delivery 

challenges due to tissue specificity and penetration. Thus, the use of GECIs (genetically encoded 
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calcium indicators) and GEVIs (genetically encoded voltage indicators) has increased in recent 

years. These tools have already been applied successfully in many model systems for monitoring 

real-time dynamic bioelectric signals in vivo [250]. Moreover, both types of genetically encoded 

indicators have also been validated in zebrafish embryos [81, 83, 112, 117]. For example, 

GCaMP6s provided an excellent temporal and spatial resolution of calcium signaling during 

zebrafish embryogenesis, and revealed previously missed signal information not visible with dyes 

[81]. One of the commonly used GEVIs, ASAP1 (Accelerated Sensor of Action Potentials 1), has 

also been effective at reporting zebrafish neuronal activities within developing embryos [83, 117]. 

Thus, these newly developed GEVIs and improved fluorescent imaging tools such as light sheet 

microscopy (LSM) provide an unprecedented opportunity to measure endogenous bioelectricity 

with enhanced sensitivity, signal-to-noise, acquisition speed, kinetics, and reduced toxicity and 

tissue damage [251, 252].  

 

In this work, we took advantage of our Tg (ubi: ASAP1) transgenic zebrafish and systematically 

analyzed endogenous bioelectric signals in early zebrafish embryos using LSM. To our knowledge, 

this is the first real-time systematic analysis of endogenous bioelectric signals during vertebrate 

embryonic development. We found zebrafish embryos show characteristic bioelectric signals at 

corresponding embryonic developmental stages, suggesting their versatile functions. 

3.3 Results 

We have generated a Tg (ubi: ASAP1) transgenic fish line that can report endogenous bioelectric 

signals. The ubi/ubiquitin promoter lines allow for expression in all cells during embryogenesis, 

and the fluorescent signal can be visualized using an epifluorescence microscope [83]. However, 

we have not systematically investigated the electric signal due to the relatively low fluorescence 

intensity, high signal speed, and phototoxicity. To record these changes with sufficient speed and 

reduced tissue damage, we turned to LSM (Fig. 3-1A-C), which overcomes the challenges 

presented by this type of imaging with epi-fluorescent microscopy.  
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Figure 3-1 Overall experimental procedure.  

(A) Illustration of a Tol2 construct, the method to produce stable ASAP1 zebrafish line, Tg (ubi: 

ASAP1), and zebrafish crosses. X indicates fish cross. Black arrows show fish raising or producing. 

The green color labels the ASAP1 transgene. (B) Experimental setup to image zebrafish Tg (ubi: 

ASAP1) embryos with Miltenyi Biotec light sheet ultramicroscope II. ASAP1-positive embryos 

were mounted in agarose on a platform to keep them stable during imaging. (C) Image analysis 

was performed using ImageJ (v1.53e) and Imaris programs (9.7.2, Bitplane AG). 

 

3.3.1 Cleavage Furrow Hyperpolarization Precedes Cytokinesis and Becomes More 

Dynamic as Zebrafish Embryos Develop in the Cleavage Period. 

An intriguing phenomenon we have noticed in Tg (ubi: ASAP1) fish embryos, is the local cell 

membrane hyperpolarization during the cleavage stage (Fig. 3-2, Supplementary Videos 3-1 to 3-

3). To better understand and quantify this hyperpolarization, we examined the Vm signal of 

cleavage-stage embryos using a high-speed LSM. Cell membrane voltage can be detected even in 

unfertilized embryos, which showed randomly positioned signals and variable shapes of Vm 

fluctuations (Fig. 3-3A-H, Supplementary Video 3-4). In fertilized 1-cell stage fish embryos, we 

first observed ASAP1 signals (brighter fluorescence) localized to the initial cleavage plane before 

the cell was cleaved in half (Fig. 3-2A-G). The initial “center furrow” from the first cleavage of 

the 1-cell stage remained hyperpolarized (Fig. 3-2H), and this dynamic signal persisted into the 

subsequent cell division. Meanwhile, the 2-cell stage embryo began to show a hyperpolarization 

signal at the center of each cell (parental cells, P1 and P2) (Fig. 3-2H-N, Supplementary Video 3-
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1). One of the parental cells, P1, showed stronger signaling throughout the division. This signal 

started in the middle of each cell perpendicular to the first division plane and moved bi-

directionally outward. The cell membrane of the P2 cell showed a similar bioelectric signal to P1, 

which could potentially be linked with cleavage furrow positioning and propagation. To better 

understand these signals, we defined regions of interest (ROIs) to calculate changes in fluorescence 

intensity at the locations of the furrows over time. Indeed, the furrows of the 2–4 cell stage 

transition showed that the fluorescent change (∆F) in P1 was the strongest overall, with P2 

following a weaker change (Fig. 3-2CC). The center furrow also displayed Vm changes while the 

two new furrows formed. Noticeably, all furrow-related hyperpolarized signals did not remain 

stable, as fluctuations were clearly noticed as cytokinesis processed. (Fig. 3-2I-N, CC, Fig. 3-3I). 

 

The 4-cell stage embryos had signals remaining at P2 furrows (Fig. 3-2O, white arrow) before new 

signals appeared at the center of the newly dividing cells. All four cells showed different initial 

fluorescence intensities (Fig. 3-2O-U). By our ROI quantifications, the furrows of the 4–8 cell 

stage transition showed a similar pattern to the 2–4 cell stage divisions (Fig. 3-2CC, DD, Fig. 3-

3I-J). The remaining signals from the previous furrows were stronger before the new divisions (P1, 

P2, Fig. 3-2DD, Fig.3-3J), but gradually decreased before the new furrows formed. The initial four 

peaks of DC1-4 matched up well but became less synchronized as cytokinesis progressed (Fig. 3-

2P-U). In most embryos we imaged (n = 8 out of 9), the left daughter cells (DC1 or 2) showed 

signals first (Fig. 3-2P), then the right daughter cells, (DC3 or 4) (Fig. 3-2Q, Supplementary Video 

3-2). However, this observation is not always consistent. One fish embryo showed a diagonal 

pattern (DC1 to DC3) (Fig. 3-3K-N). The cleavage furrow hyperpolarization signals continued in 

a comparable way for the 8–16 and 16–32 cell stages. However, the initial signal timing and 

intensity difference were more variable than in the 4-cell stage. Starting at 8–16 cells, less 

synchronized and more dynamic oscillations occurred at the furrows of newly dividing cells (Fig. 

2V-BB, Supplementary Video 3-3).  
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Figure 3-2 Zebrafish Cleavage period embryos display furrow-related dynamic hyperpolarization.  

(A–BB) Still-frame representative max-projection images from time-lapse videos (Supplementary 

Video S1–S3). 1–16 cell stages of Tg (ubi: ASAP1) zebrafish embryos were imaged from the 

animal pole position. (A–G) Representative Vm images from 1–2 cell stage fish embryo. (H–U) 

Representative Vm images from 2–8 cell stage fish embryo. (V–BB) Representative Vm images 

from an 8–16 cell stage fish embryo. Areas of bright green indicate hyperpolarization. Yellow 

boxes show regions of interest (ROIs) for measuring fluorescence intensity over time. The white 

arrow in (O) points to the P2 furrow signal. Signals appeared before cleavage furrows formed and 

then fluctuated as cytokinesis progressed. (CC) Adjusted fluorescence intensity, ∆FAdj, of ROIs 

in panels (H–N). (DD) Adjusted fluorescence intensity, ∆FAdj, of ROIs in panels (O–U). All lines 

in panels (CC,DD) represent the change in adjusted fluorescence intensity of ROIs for the 

designated cleavage furrows over time. CF (center furrow), a fertilized embryo’s initial division 

plane. P1, parental cell one. P2, parental cell two. DC1, daughter cell one. DC2, daughter cell two. 

DC3, daughter cell three. DC4, daughter cell four. Time (lower right corner), hours: minutes: 

seconds. Scale Bar = 250 µm. 
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Figure 3-3 Unfertilized Egg Vm signaling, ΔF/F, and diagonal pattern of 4-cell stage 

fish embryo. 

A–H. Still-frame representative max-projection images from a time-lapse video (Supplementary 

Video 3-4) of an unfertilized Tg (ubi: ASAP1) zebrafish embryo imaged from the animal pole 

position. The white arrowheads point to random Vm transient spots. I. ΔF/F quantifications of 

ROIs in panels H–N of Figure 2. J. ΔF/F quantifications of ROIs in panels O–U of Figure 2. All 

lines in panels I and J represent the standard change in fluorescence intensity of ROIs for the 

designated cleavage furrows over time. K–N. Representative Vm images from a 4-8 cell stage fish 

embryo showing a different pattern of furrow signaling (the second signal was diagonal from the 

initial). Scale Bar= 250 μm.  

 

3.3.2 Whole-Cell Vm Transient Signals Are Located in the Superficial Blastomere during 

the Zebrafish Blastula Period 

As zebrafish embryos develop into the blastula stage, cell number increases, but cell volumes 

decrease due to discoidal cleavage. With max intensity projections of Z-stack timelapse videos, 

we found that the electric signal mainly exhibits whole-cell Vm transients instead of cleavage-

furrows membrane local signal (Fig. 3-4A-L, Supplementary Video 3-5.). Interestingly, most 

whole cell Vm transients (Fig. 3-4A-B) were distributed over the embryo surface of the enveloping 

layer (EVL) as well as the yolk syncytial layer (YSL). Individual cells (in multiple frames) showed 

a dynamic nature of electric signals during this embryonic period (Fig. 3-4A-C, H-L). To further 

detect and track these signals, we turned to Oxford Instruments Imaris software (9.7.2 Bitplane 

AG) for signaling analysis. With time-lapse videos (Total time 30 min, 5-s intervals between Z-

stacks), we were able to count the number of Vm transients over time and calculate the duration 

of transients. Embryos (n ≥ 5) were either classified as “early” (2.5–3.5 h. or 512 cells to high 

stage) or “late” (3.5–4.5 h. or oblong to dome) blastula stage. Imaging analysis of the early blastula 

stage revealed that transient numbers fluctuated over time, with periods of a higher and lower 

number of signals in each frame (Fig. 3-4M). We then turned to the tracking feature in the Imaris 

program, which allowed one transient event to be counted once, even if the same cell displayed 

bright fluorescence in multiple frames. We found that more Vm transients were occurring in the 

early blastula (~727) compared to the later blastula period (~284) (Fig. 3-4N). The average 

transient duration (about 10 s) did not differ much between the two blastula stages (Fig. 3-4O). To 

examine whether these signals were within the deeper cells, we examined a single plane Z-slice 

and found that the signals were limited to the outer edge of the blastomere with a lateral slice from 
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both the lateral position (Fig. 3-4P, Supplementary Video 3-6) and from the view of animal pole 

(Fig. 3-4Q). The superficial blastomere signaling was observed in both the early and late blastula 

stages. Intriguingly, we observed sequential Vm signaling occurrences between adjacent cells (Fig. 

3-4R-AA, Supplementary Video 3-7), suggesting that Vm could function as an intercellular signal.  
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Figure 3-4 Whole-cell Vm transients occurred in the zebrafish superficial blastomeres during the 

blastula period.  

 (A–L) Still-frame representative max-projection images from a time-lapse video (18 min total 

time, 5.5-s intervals, Supplementary Video S5). Early-stage blastula of the Tg (ubi: ASAP1) 

zebrafish embryo was imaged from a lateral position. (A) White arrowheads indicate whole cells 

that were hyperpolarized. Blue arrowheads point to Vm signals in YSL. (B) The blue dashed line 

indicates the YSL region of cells. Arrowheads in panels (B,C) show the same cell with signal 

fading over time. (H–L) White arrows show a cell that became hyperpolarized and eventually 

faded after about 20 s. (M) Average number of transients occurred at a given time point from a 60 

min acquisition. The total number of hyperpolarized cells fluctuated over time. Each colored line 

indicates different fish embryos. (N) The total number of Vm transients occurred within the early 

(2.5–3.5 h) and the late (3.5–4.5 h) blastula (n ≥ 5 embryos for each group). Asterisks indicate a 

statistical significance of p < 0.001. (O) Vm transient duration of the early (2.5–3.5 h n = 4) and 

the late (3.5–4.5 h n = 3) blastula. (P) Max time projection (t = 2 min) of a 3.5 h blastula embryo 

imaged with a single Z-plane through the center (lateral position). Arrowheads point to the 

hyperpolarized cells only appearing within the superficial blastomere (Supplementary Video S6). 

A White dashed line indicated the EVL region of the embryo. (Q) Max time projection (t = 3 min) 

of a 3.5 h blastula embryo imaged with a single Z-plane through the center (animal pole position). 

Arrowheads point to the hyperpolarized cells only appearing within the superficial blastomere. 

The white segmented circle in the center of the blastula contains no hyperpolarized cells. Scale 

Bar= 250 µm. (R–AA) Early-stage blastula embryo (3 hpf) zoomed still-frame images from a time-

lapse video (1 min 17-s total time, Supplementary Video S7). Red arrows indicate whole cells that 

were hyperpolarized. (U) The red arrow points to a strongly hyperpolarized cell. (V) The red arrow 

points to an adjacent cell that signaled 5 s later. (W) The red arrow points to a new adjacent cell 

signaled after another 5.5 s. This pattern continued, with the arrow in panel (X) pointing to another 

new adjacent cell from panel (W) This pattern finally dissipated with the earlier signaling cells 

fading. Eventually, the last signaling cell in panel (X) faded in (AA). Time (lower right corner), 

hours: minutes: seconds. Scale Bar= 50 µm 

 

3.3.3 Whole-Cell Vm Transient Signals Occur More Frequently during the Zebrafish 

Gastrula Period but with Similar Signal Duration 

When the fish embryos develop to the gastrula period, we chose imaging with longer total times 

and intervals to capture an overall picture of Vm dynamics during this stage. Time-lapse imaging 

revealed a continuation of Vm transients within the early stages of gastrulation (4.5-6 hrs or 30% 

epiboly to shield) and within the later stages (6-8 hrs or shield to 75% epiboly) (Fig. 3-5 A-AA, 

Supplementary Video 3-8). Early gastrulation period Vm transients frequently fluctuated as in the 

blastula period. However, the number of Vm transients increased without the Vm transient 

duration being significantly affected (Fig. 3-5G-I vs. Fig. 3-4M-O). Since Vm transients were only 

observed within the EVL (enveloping layer) and YSL (yolk syncytial layer) during the blastula 
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stage, we decided to check if this held true during the gastrula period, in which the three germ 

layers are formed by dynamic cell movements and internalizations. Indeed, we found signaling 

within the deep cells during the gastrula period, starting at around 30% epiboly (Fig. 3-7). We 

could also detect Vm signals occurring within layers deeper than the superficial blastomere (Fig. 

3-5P-U, Supplementary Video 3-9).  
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Figure 3-5 Zebrafish gastrulation exhibited whole-cell transient hyperpolarization in both 

superficial and deep cells.  

Early stage gastrula (30%) to 75% epiboly stages of the Tg (ubi: ASAP1) zebrafish embryo still-

frame representative max-projection images from a time-lapse video (8 h total time, 3 min intervals, 

Supplementary Video S8). White arrows indicate whole cells that are hyperpolarized. (A–F) Early-

stage gastrula embryo (~30% epiboly, animal pole view) showed whole-cell hyperpolarization in 

the EVL. (G) Average number of transients occurred at a given time point from a 60 min 

acquisition. The total number of hyperpolarized cells fluctuates over time. Each colored line 

indicates different fish embryos. (H) The total number of Vm transients occurred within the early 

(30% epiboly to shield) and late (shield-75% epiboly) gastrula embryo (n = 7 embryos for each 

group). Asterisks indicate a statistical significance of p < 0.001. (I) Vm transient duration of the 

early and late gastrula embryos (n = 4 embryos for each group). (J–O) Gastrula period embryos 

(50% epiboly) images from a time-lapse video (3 min intervals, Supplementary Video S8). Cell 

signals were seen in both the EVL (white arrows) and YSL (blue arrows). Overall signals were 

increased along the edge of the embryo where the embryonic shield was forming. (P–U) Time-

lapse images of a 50% epiboly gastrula period embryo imaged with a single Z-plane through the 

center (lateral position). White arrows point to the hyperpolarized cells present within the deep 

cells (Supplementary Video S9). (V–AA) Gastrula period embryo 75% epiboly images from a 

time-lapse video (3 min intervals, Supplementary Video S8). Cell signals were seen in both the 

EVL (white arrows) and YSL (blue arrows). Overall signals were increased along the edge of the 

embryo where the embryonic shield was forming. Time (lower right corner), hours: minutes: 

seconds. Scale Bar= 250 µm 

 

3.3.4 During the Segmentation Period, There Are Tissue-Level Dynamic Cellular 

Bioelectric Signals 

When the fish embryos moved into the segmentation period, sporadic transient electric signals 

continued to occur all over the embryo. However, more tissue-level changes began to occur. 

Certain regions, such as the somites, became more hyperpolarized than surrounding tissues (Fig. 

3-6A-F, Supplementary Video 3-10). The Vm signals in some other tissues, such as the developing 

heart, also showed more obvious electrical signaling later (Fig. 3-6J-K). At about the 12-somite 

stage, Middle-aged somites became strongly hyperpolarized (Fig. 3-6G-L, Supplementary Video 

3-11). Interestingly, the somite signal was also dynamic, occurring in whole or partial somites. In 

addition, either unilateral or bilateral somites showed strong hyperpolarization (Fig. 3-6M-R, 

Supplementary Video 3-12). To quantify these somite signals, we divided the embryo trunk into 

seven ROIs, starting at the middle of the trunk along the dorsal side down to the tailbud region 

(Fig. 3-6S). Mean fluorescence intensity changes over time were tracked, and ∆F was calculated. 

As development progressed, we found that somite region fluorescence intensity gradually 
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increased as the embryos further developed. Moreover, middle to posterior somite regions, such 

as ROI-4 and ROI-5, showed a greater amount of signaling events (Fig. 3-6T-U). In contrast, the 

first few anterior somites did not show many signal fluctuations at this stage (Fig. 3-6T-U). There 

was a significant difference between the anterior and posterior somites and even significant 

differences among the other middle regions. 

 

 

 

 

 

 



 

 

66 

Figure 3-6 During the segment period, more complex and dynamic cellular bioelectric signals 

occurred at the tissue level.  

(A–F) Segmentation period (bud stage-6 somite stage, 1 h intervals, Supplementary Video S10). 

Somites and the posterior region of the embryo had an increased level of fluorescence. White 

arrows point to the somites. Note the relatively low fluorescent signals within the head region. (G–

L) Left lateral time-lapse images of 10–16 somite zebrafish embryos (Supplementary Video S11). 

White arrowheads point to the strong hyperpolarization of somites. Blue arrows point to Vm signals 

in the developing heart. (M–R) Dorsal view time-lapse images of 10–16 somite zebrafish embryos. 

White arrowheads indicate somite regions with strong hyperpolarization (Supplementary Video S12). 

(S) Embryo with positions of ROIs (1–7) used to calculate mean fluorescence and corresponding 

∆FAdj. (T) ∆FAdj over time of ROIs in panel (S). All colored lines represent the change in 

fluorescence intensity of the designated ROI at each time point. Signals appeared to increase over 

time as somites became more developed. The number of fluctuations also increased as more somites 

were generated. (U) The mean ∆FAdj for each ROI for the entire duration of the time-lapse video. 

ROIs 1–2 showed the least amount of activity (most anterior somites), ROIs 3–5 showed the most 

activity (middle age somites), and ROIs 6–7 showed a moderate amount of activity (youngest 

somites/presomitic mesoderm/tailbud region). Asterisks indicate a statistical significance of p < 

0.001. NS, not statistically significant. Scale Bar= 250 µm. 
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Figure 3-7. Deep cell Vm transient during the 30% epiboly period. 

A-F. Time-lapse images of a 30% epiboly gastrula period embryo imaged with a single Z-plane 

through the center (lateral position). White arrows point to the hyperpolarized cells present within 

the deep cells. Scale Bar = 250 µm. 

 

3.4 Discussion 

Mounting evidence has suggested that bioelectric signaling plays a significant role in embryonic 

development. However, direct evidence of embryonic bioelectric signaling has not been available 

yet. Here, we revealed zebrafish embryos show characteristic bioelectric signals at corresponding 

embryonic developmental stages (Fig. 3-8) using newly developed technologies such as GEVI and 

LSM. These results laid the fundamental groundwork for understanding the endogenous electrical 

signaling patterns accompanying the initial stages of zebrafish embryonic development. 
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Figure 3-8 Summary of bioelectric signaling during zebrafish embryogenesis.  

Each early embryonic zebrafish developmental period has distinct yet overlapping bioelectricity 

signals and/or patterns. (A) The embryonic cleavage period is marked by cleavage furrow-

associated Vm fluctuations that precede and persist cytokinesis. These signals become less 

synchronized and stable, starting around the 16-cell stage. (B) Whole-cell transient Vm signals 

characterize the blastula period. However, these signals are restricted to the superficial blastomere 

and are not seen within the deeper cells at this stage. In addition, intercellular signaling can be 

observed between adjacent cells. (C) The gastrulation period continues to display whole-cell 

transient hyperpolarization within the superficial blastomere and begins to occur within the deeper 

cells during epiboly. (D) Strong Vm transient signals mark the somite period. These signals can 

be whole or partial somites and are either unilateral or bilateral. The signals are more concentrated 

in the middle and posterior somites (bright green highlights hyperpolarization). 

 

Our study revealed that bioelectric signals are present even within unfertilized embryos and within 

the initial cleavage plane of the 1-cell stage embryos. Cell membrane hyperpolarization around the 

cleavage furrow preceded and persisted during the early divisions in a highly dynamic fashion. 

Moreover, the cleavage furrow signal continued but fluctuated when cytokinesis progressed due 

to the dynamic process of cytokinesis and the incomplete meroblastic cleavage of zebrafish 

embryos. Overall, bioelectric signals of this stage remained localized to the furrows and tended to 

be slightly asynchronous among the newly formed cells. However, we did notice the initial furrow 

signal could appear within cells on one side of the embryo or cells first appearing diagonally to 

one another during the 2-to-4 stage transition. However, this scenario was much less frequently 

observed. 

 

In contrast, the bioelectric signals transitioned to whole-cell Vm transient events once fish embryos 

reached the blastula period. We found that the Vm transients concentrated in the superficial regions, 

EVL and YSL, where cell divisions frequently occurred. This suggests that the signal could still 

be related to cell divisions. Interestingly, we also found intercellular sequential transients, which 

indicated that electric signaling might also be utilized for tissue-level communication. During the 

gastrulation period, Vm transients remained dominant in the margin of the embryos. However, 

they began to show in the deeper cells at about 30% epiboly. Compared to early gastrulation, the 

Vm transient number decreased in the later stages of gastrulation but not the bioelectric transient 

duration. This could be due to missed signals because we utilized a lateral position. Only one side 

of the embryonic cells was captured. Conversely, imaging from the anterior-posterior view would 
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not detect the signaling of migrating cells down the sides of the yolk. Therefore, imaging half of 

the embryo might mean the total number of transients at this stage would be roughly doubled. 

 

During the late gastrulation and segment periods, tissue-level hyperpolarization was observed in 

somites. These tissue-level bioelectric signals may be correlated to tissue differentiation. As the 

fish embryos marched into the segmental period, strong somite-level bioelectric signals became 

more dynamic, supporting the idea that they are related to tissue patterning and differentiation. All 

these characteristic bioelectric signals corresponded to specific embryonic developmental stages, 

indicating their intrinsic roles. However, the underlying ion channels and connexins that generate 

these signals are unknown. Our recent gene expression analysis of calcium-gated potassium 

channels (KCa) and inwardly rectifying potassium channels (Kir) revealed that many (kcnn1b, 

kcnn3, kcnma1a, kcnma1b, kcnmb2b, kcnmb3, kcnj4, kcnj2a, kcnj2b, kcnj11, kcnj5, kcnj21) have 

a somite-specific expression at similar developmental stages [87, 88]. Their presence in the 

developing somites may indicate that these channel activities underlie the tissue-level 

bioelectricity. Future experiments on disrupting these potassium channels by CRISPR may prove 

their contribution to somite bioelectrical signaling. Another interesting phenomenon we noticed is 

that neural tissues did not show more electric activities than other tissues in early zebrafish 

embryos, especially the newly formed somites. As the embryos are not mobile at this stage, it is 

unlikely that these strong Vm changes are due to movement. Instead, this may indicate the 

bioelectric signal could be crucial to somite differentiation, such as epithelial-to-mesenchymal 

transition and dermomyotome differentiation. Perturbation of such electric signals may have a 

dramatic impact on adult zebrafish body patterns. For example, the long-fin fish Dhi2059 mutant 

was caused by an ectopic expression of kcnj13 in the somites [92]. It is also interesting to note that 

the location of ectopic kcnj13 expression in Dhi2059 mutant fish during the somite stage is within 

the Middle-aged somites. Coincidently, this is the same tissue where our ASAP1 reporter line 

showed the most electrical activity. 

 

The functions of these unique developmental stage-specific bioelectric signal patterns during 

zebrafish embryogenesis remain largely unexplored. They could be related to cell cycle or 

cytokinesis, as previously suggested by ion channel studies from multiple species [253, 254]. As 

most Vm transients were found in the peripheral regions during the blastula and gastrula stages, 
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they likely play instructional roles in cell growth, differentiation, and organ patterning. As electric 

signals are correlated with calcium signals in neural tissues, it is also possible that the electric 

transients are just a reflection of calcium signal alterations in certain tissues, although this 

possibility is not high. Another possibility is the opposite, the electric signals trigger calcium 

signals. 

 

In the field of neuroscience, calcium signals have been used as a surrogate marker of neuronal 

firing and electrical activity, and recent comparative studies have confirmed the two have a good 

correlation [114, 255, 256]. Calcium signaling has been extensively investigated in zebrafish 

embryos [78, 80, 81, 257, 258]. Our observations of bioelectric signals share many similarities 

with reported calcium signals. Both are correlated to embryonic developmental stages from 

cleavage furrow localized patterns to whole-cell transients and intercellular occurrences [78]. 

These similarities suggest both might be involved in similar biological functions during 

embryogenesis. It is worth noting that single-cell organisms such as bacteria and protozoans, 

without a nervous system, still have calcium signaling and electrical activity, evidenced by the 

presence of ion channels, Vm, and even neurotransmitter activity [259, 260]. Thus, bioelectricity 

and calcium, as important regulators, may have evolved before the development of neural tissue 

in these species. In addition to similarities, we did notice differences between the two types of 

signals. When compared to previously reported calcium signaling by GCaMP6G in zebrafish 

embryos, we find that transient Vm signals are more numerous and occur more rapidly. This may 

indicate that the Vm reporter could be more sensitive than the calcium one, due to its nature as a 

secondary messenger [261, 262]. However, these differences also could be caused by the slower 

imaging speed in the GCaMP6Gs study [81]. Similarly, it is also difficult to directly compare our 

data with previously reported studies with calcium dyes [78, 80, 257].  

 

 

 

 

 

 



 

 

72 

In summary, this report revealed early zebrafish embryos’ first real-time endogenous bioelectric 

signals. Future investigations with improved GEVIs and genetic tools will expand our 

understanding of bioelectricity, especially its relationships with traditional developmental 

signaling pathways such as morphogen proteins (e.g., WNT) and transcriptional factors (e.g., HOX) 

[263, 264]. In the future, the biological roles of embryonic Vm could be further examined with 

zebrafish ion channel mutants, newly developed optogenetic, or chemogenetic tools such as 

DREADDs (Designer Receptors Exclusively Activated by Designer Drugs) or uPSAM 

(ultrapotent Pharmacologically Selective Actuator Modules) [163, 168, 265]. 
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 TISSUE-SPECIFIC MODIFICATION OF CELLULAR 

BIOELECTRICAL ACTIVITIES USING THE CHEMOGENETIC TOOL, 

DREADD, IN ZEBRAFISH 

4.1  Abstract 

Cellular electronic activity plays an essential role in neuronal communication. Manipulation and 

visualization of cellular membrane potential remain essential tasks in order to study electrical 

signaling in living organisms. Light-controlled optogenetic and designed chemical-controlled 

chemogenetic tools were developed to manipulate cellular electric activities for neuroscience 

research. One of the most common chemogenetic tools is DREADD (designer receptors 

exclusively activated by designer drugs). It has been extensively utilized due to its convenience 

and long-lasting effects in murine and primate models, but not in zebrafish, a leading model 

organism in various research fields. Here, we first establish multiple tissue-specific transgenic 

zebrafish lines that express two different DREADDs with a genetically encoded voltage indicator, 

ASAP2s. We observed voltage changes in zebrafish melanophores, epidermis, and neurons by 

hM4DGi or rM3DGs receptors measured by ASAP2s fluorescence intensity. Alteration to 

melanophore bioelectricity by DREADD generated dynamic electric signals and resulted in 

morphological alterations to pigment cells. Collectively, our experiments demonstrate that 

DREADD can be utilized to manipulate cell-specific membrane potential in the zebrafish model. 

The availability of this tool in zebrafish will offer a new resource for a variety of bioelectricity 

research fields such as neuroscience, cardiology, and developmental biology. 

4.2 Introduction  

Cellular bioelectric signaling has been extensively investigated in neuromuscular excitable cells 

due to the important roles of action potential signals and resting membrane potential [266]. 

Recently, accumulating evidence reveals that cellular electric signaling is also an important player 

for regulating hormone release, embryonic development, wound healing, and regeneration [192, 

193]. Non-invasive perturbation and visualization of cellular electrical activity in real-time and in 

vivo are the central requirements for studying cellular electric signaling [162]. 
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To meet the rapid growth of neuroscience, genetically encoded tools have been developed for 

perturbation and visualization of cellular bioelectrical activity [267]. Channelrhodopsin-based 

optogenetic tools can enhance or repress neuronal firing on a millisecond scale and have been 

successfully applied to elucidate neuron type, activity, circuits, and behaviors [268, 269]. 

However, optogenetics generally requires complicated equipment, constrained animals free of 

movement, and can only modify neuronal activity in the short term (seconds-minutes). The 

chemogenetic tools were then developed to meet these remaining unmet needs. Chemogenetics 

use synthesized small molecules to activate engineered proteins (channels or receptors), modifying 

cellular electricity over a relatively long period [162, 164]. DREADDs (Designer receptors 

exclusively activated by designer drugs) are one group of the most commonly used chemogenetic 

tools [163, 270]. The DREADDs are composed of four tools (hM3DGq, rM3DGs, hM4DGi, and 

KORD) based on different mutated genetically engineered muscarinic receptors. Depending on 

the downstream G protein-coupled receptor signaling, the DREADD tools can modify cellular 

bioelectric activity bidirectionally. For example, hM3DGq enhances neuronal excitability, while 

M4DGi and KORD inhibit cellular excitability. DREADDs have been successfully used to 

elucidate behavior, circadian disorders, pathways related to cognitive impairments, eating 

disorders, neuronal plasticity, memory, and more in various animal models [179, 271-273]. 

Furthermore, improvements have been made to increase the selection of ligands with improved 

specificity and affinity [271, 274, 275]. 

 

Genetically encoded tools for visualizing and measuring cellular electrical activity in vivo are 

equally important for studying cellular electricity. Revolutionary biosensor tools, genetically 

encoded voltage indicators (GEVIs), for measuring cell membrane voltage have been developed 

for neuroscience [250, 276, 277]. These GEVIs measure cellular voltage based on either FRET 

(fluorescence resonance energy transfer) or levels of fluorescence intensity. The advantages over 

traditional electrical physiology recording include non-invasive, real-time, and nanosecond 

sensitivity. Among them, the ASAP1-3 (Accelerated Sensor of Action Potentials) have been 

applied to a variety of model organisms such as fruit fly, mouse, and zebrafish [83, 121, 129, 130, 

278]. 
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Zebrafish have extensively been used for studying embryonic development and modeling human 

diseases, including cancer. This is because of the many advantages such as vertebrate biology, 

tractable genetics, external development, and early embryo transparency [72, 216]. We and others 

demonstrated that ASAP1 reported embryonic cellular voltage changes and neural activities in 

zebrafish [83, 117], and a few optogenetic tools were just successfully adopted to the zebrafish 

model [108]. However, DREADDs have been tested and reported to be non-functional in zebrafish 

[166]. Thus, there is still a critical need for a chemogenetic tool that can modify zebrafish cellular 

electricity in the long term. 

 

Here, we generated DREADD transgenic zebrafish lines and tested their function in zebrafish 

embryos and larvae using a newly developed agonist. We demonstrated that this chemogenetic 

tool is functional in melanophore, neuron, and epithelial cells. Thus, the DREADD tools and our 

transgenic zebrafish lines can be an excellent resource for the zebrafish community for 

investigating cellular electricity. 

4.3 Results 

4.3.1 Developing transgenic zebrafish lines to express DREADD 

Chemogenetic tools have been demonstrated successfully in neuronal studies with murine and 

primate models. However, the chemogenetic tools, both DREADD and PSAM (pharmacologically 

selective effector molecules), were found ineffective in injected zebrafish embryos [166]. 

Recently, the PSAM tool was reported functional in zebrafish using the Tol2 transposon-based 

transgenic approach [167]. Thus, we reasoned that the DREADD tool might also work in 

transgenic zebrafish. We then created melanophore-specific transgenic zebrafish lines to co-

express hM4DGi and ASAP2s using the mitfa2.1 promoter (Fig. 4-1A). This fish will allow us to 

simultaneously examine bioelectric changes during the process of cell membrane voltage 

manipulation. Adapting to investigate bioelectricity in multiple tissues, we also take advantage of 

the Gal4-UAS (Upstream activator sequence) artificial binary gene expression system (Fig.4-

1B)[279]. We made zebrafish lines in which a UAS promoter drives either hM4DGi or rM3DGs, 

together with ASAP2s. Additionally, we made the melanophore (mitfa2.1 promoter) and basal 
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epithelial cell (tp63 promoter) specific Gal4FF fish lines (Fig.4-1C). We chose these two cell types 

because they are on the surface of the fish embryos, where the agonist chemicals can reach the 

cells easily, and it is convenient for us to image the cell membrane voltage change. These fish lines 

allow us to assess the effects of DREADD with different agonists (Fig. 4-1D). All the transgenic 

fish were outcrossed with wild type to F1 or F2 to clean the genetic background before use for 

experiments. 

 

 

Figure 4-1 Illustration of DREADD transgenic fish lines and experimental workflow. 

A. Tol2 constructs and method to produce stable DREADD zebrafish line, Tg (mitfa2.1: ASAP2s-

IRES-hM4DGi). X, fish cross. Black arrow, fish raising or produced. B. Illustration of principles 

of the Gal4-UAS system. C. Diagrams of the Tol2 transposon plasmid constructs used for the 

Gal4-UAS transgenic zebrafish lines. The Gal4 fish lines have an eye maker (green), cryaa: EGFP. 

The UAS fish lines have a heart marker (green), cmlc2: EGFP. X, fish cross. Black arrow, fish 

raising or produced. Tol2, Tol2 transposon minimal flanking DNA sequences. IRES, internal 

ribosome entry site. D. Basic workflow: DREADD agonists were used to treat transgenic 

DREADD zebrafish embryos to cause cell bioelectric changes, then the fish embryos were 

subjected to green fluorescence imaging and quantification 
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4.3.2 DREADDs work in zebrafish embryos, evidenced by ASAP2s fluorescence intensity 

changes 

Since ASAP2s, a sensitive cell membrane voltage reporter, was included in our transgenic 

zebrafish, we reasoned that the green fluorescence of fish embryos would change if the DREADD 

tool works. To test this, deschloroclozapine (DCZ), one of the most recently reported highly potent 

DREADD agonists, was tested with a relatively high dosage by adding 1µL of 100mM DCZ to an 

imaging slide with about 400µL of fish system water (∼250 µM). We treated 2dpf (day post-

fertilization) Tg(mitfa2.1:ASAP2s-IRES-hM4DGi) fish embryos and indeed detected increased 

fluorescence in the melanophores on the top of the head about 5-10 minutes after treatment (Fig. 

4-2A, D). This increased fluorescence is consistent with the hyperpolarizing activity of hM4DGi. 

Next, we examined epithelial cells using the fish embryos from Tg (tp63: Gal4VP16; cryaa: 

EGFP) and Tg (4xnrUAS: ASAP2s-IRES-hM4DGi; cmlc2:EGFP) fish cross. Similarly, the DCZ 

treatment resulted in fluorescence intensity increases of the epithelial cells in the head region (Fig. 

4-2B, E) and caudal fin folds (Fig. 4-2bb, ee). To further test hM4DGi’s function in neurons, we 

first injected the elavl3 promoter-driven Gal4FF construct into Tg (4xnrUAS: ASAP2s-IRES-

hM4DGi; cmlc2: EGFP) fish embryos and raised them to 2dpf. Then, we treated the fish embryos 

with DCZ. As expected, we found the neurons in the neural tube showed enhanced green 

fluorescence in treated fish embryos (Fig. 4-2C, F). Thus, the inhibitory DREADD, hM4DGi, is 

indeed able to induce hyperpolarization within zebrafish. To further test the DREADD tools in 

zebrafish, we examined the excitable DREADD, rM3DGs. Both melanophores (Fig. 4-2G, J) and 

neurons (Fig. 4-2I, L) showed decreased green fluorescence after DCZ treatment. This decreased 

green fluorescence is consistent with depolarizing activity of rM3DGs. In contrast, the epithelial 

cells showed increased green fluorescence (Fig. 4-2H, K). This unexpected opposite result may be 

caused by the epithelial cell’s physiological response to maintaining its resting membrane 

potential. Overall, our experiments demonstrated that DCZ could activate both hM4DGi and 

rM3DGs in zebrafish. 
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Figure 4-2 Cell membrane voltage manipulation by DREADD in zebrafish embryos. 

A-F. Transgenic zebrafish expressing ASAP2s-IRES-hM4DGi in melanophore (mitfa2.1), basal 

epithelial cell (tp63), or neuron (elavl3) promoter, respectively. A-C. Fish embryos before DCZ 

treatment. D-F. The same fish corresponding to the A-C panels after treatment with DCZ. Inserts 

bb & ee: caudal fin images of Tg (tp63: ASAP2s-IRES-hM4DGi) fish before and after DCZ 

treatment, respectively. Yellow arrows indicate specific cells with increased levels of fluorescence. 

G-L. Transgenic zebrafish expressing ASAP2s-IRES-hM3DGs in melanophore (mitfa2.1), basal 

epithelial cell (tp63), or neuron (elavl3) promoter, respectively. G-I. Fish embryos before DCZ 

treatment. J-L. The same fish corresponding to the G-I panels after treatment of DCZ. Panels (A, 

D) with red dotted lines are from a cross between the Tg (mitfa2.1: ASAP2s-IRES-hM4DGi) and 

wild type. Panels (C, F, I, L) with blue dotted lines were from Tg (UAS: ASAP2s-IRES-hM4DGi) 

or Tg (UAS: ASAP2s-IRES-hM3DGs) fish injected with elavl3: Gal4FF plasmid construct. The 

remaining panels (B, E, G-H, J-K) were offspring from crosses of Gal4 and UAS transgenic fish 

lines. All the fish embryos are two days old. Yellow arrows indicate specific cells with altered 

levels of fluorescence. Only matching (before and after DCZ treated) embryos are directly 

comparable for fluorescence intensity levels (A & D, B & E, C & F, G & J, H & K, I & L.) Scale 

bars = 250 µm except for panel inserts bb and ee where scale bar = 50 µm. 

https://www.biorxiv.org/content/biorxiv/early/2021/06/23/2021.06.22.449481/F2.large.jpg?width=800&height=600&carousel=1
https://www.biorxiv.org/content/biorxiv/early/2021/06/23/2021.06.22.449481/F2.large.jpg?width=800&height=600&carousel=1
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4.3.3 DREADD activation causes dynamic bioelectric changes in zebrafish melanophores 

We have demonstrated that DCZ can activate hM4DGi in the Tg (mitfa2.1: ASAP2s-IRES-

hM4DGi) fish causing fluorescence to increase after 5-10 minutes. To further examine the exact 

bioelectric changes that take place after hM4DGi activation leading up to overall fluorescence 

increase, we decided to record treated larvae with time-lapse imaging immediately. We found that 

the green fluorescence intensity increase was not linear. Instead, the fluorescence intensity 

fluctuated, but the overall intensity increased with time extended. In addition, the fluorescence 

intensity of adjacent melanophores also fluctuated (Fig. 4-3A-G). These results indicate a 

melanophore membrane potential homeostasis, which may take time to change using DREADD 

and its agonist. These results also might indicate why all DREADD-expressing cells do not 

immediately show uniform fluorescence change. 
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Figure 4-3 Melanophores show dynamic fluorescence changes after DREADD modification. 

A-F. Six different time points of melanophore imaging in the head region of a 2dpf Tg (mitfa2.1: 

ASAP2s-IRES-hM4DGi) zebrafish embryo after DREADD activation. The time scale is in seconds. 

Arrows point to changes in GFP intensity in the same location. The upper white dashed lines 

outline a melanophore. The lower white dashed lines outline another melanophore. The red dashed 

lines outline projections from other melanophores. The yellow arrow at the center points to the 

middle region of the frame used for fluorescence quantification. G. ΔF/F quantification of 

melanophore fluorescence intensity changes over a 6-minute duration. ASAP2s fluorescence 

shows fluctuations in intensity. Scale bar = 25 µm. The corresponding time-lapse video can be 

found in Supplementary Video 4-1. 

 

4.3.4 DREADD functional validation by melanophore morphological changes 

We successfully modified cell membrane potential that can be measured via the ASAP2s voltage 

reporter. Whether this DREADD-induced voltage change is enough to affect the in vivo biology 

remains unknown. To address this question, we treated Tg (mitfa2.1: ASAP2s-IRES-hM4DGi) 

fish larvae and treated them with 20 µM DCZ from 2-3 dpf then raised them until 1 week (4 dpf-

7 dpf). We found that the treated fish larvae developed hyperpigmentation compared to the 

untreated sibling control group (Fig. 4-4A-B). Treated and untreated groups of larvae were 

assessed for hyperpigmentation phenotype and then individually genotyped to determine if the 

pigmentation alteration was the result of hM4DGi receptor activation or from off-target agonist 

effects. Overall, the hyperpigmented phenotype was found in transgene-positive larvae (Fig. 4-

4C). There was a statistically greater number that carried the transgene compared to Tg-negative 

and untreated larvae (p < 0.001). To figure out whether this melanophore hyperpigmentation was 

caused by an increased number of melanophores or melanophore dispersion, we treated these fish 

larvae with 1mM epinephrine (α2-adrenoceptor agonist), which is known to cause melanosome 

aggregation. Epinephrine caused pigment granule contraction in DCZ-treated fish larvae (Fig. 4-

4D-E). In summary, our results confirmed that the DREADD tools indeed are functional and can 

be used for relevant biological studies. 
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Figure 4-4 Activation of the hM4DGi receptor causes hyperpigmentation in 1-week old fish larvae. 

A. A representative untreated 1-week old fish larva. B. A representative treated fish larva with 

hyperpigmentation (circled with a red dotted line). C. Quantification of hyperpigmented phenotype 

from treated embryos. Bars are mean with SD from three independent experiments. The student’s 

T-test was used to determine statistical significance. p < 0.001 D. Dorsal view of another Tg 

(mitfa2.1: ASAP2s-IRES-hM4DGi) fish larva that was treated with DCZ. The melanophores are 

dispersed. E. The same fish larva was imaged 3 minutes after treatment with 1mM epinephrine. 

The melanophores are aggregated. Yellow arrows point to melanophores that are dispersed and 

then contracted, respectively. Scale bar = 250 µm for A-B and 50 µm for D-E. 

 

4.3.5 Discussion  

The chemogenetic tools are useful for manipulating bioelectricity and have been demonstrated 

successfully in neuroscience with murine and primate models. DREADD and PSAM tool 

adaptation was attempted but not successful in zebrafish [166]. Recently, we showed that the 

bioelectricity of the somites is involved in fin patterning [92]. To further investigate the roles of 

bioelectricity during embryonic development, there is a need for chemogenetic tools which allow 

us to manipulate bioelectricity for days and months. In addition, we have successfully adapted the 

ASAP1 voltage sensor to zebrafish using the Tol2 transposon-based transgenic approach [83]. 

Recently, the PSAM tools were demonstrated functional in zebrafish using the same transgenic 
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approach [167]. This motivated us to re-examine the possibility of adopting DREADDs in 

zebrafish. 

 

There are a few caveat issues that could make a difference between our work and the previous 

study. First, the sensitivity of the detection method may be a key factor. We use the newly 

developed ASAP2s, which were reported to have a high level of sensitivity to cellular membrane 

voltage changes. In comparison, locomotor activity was used for measuring bioelectric changes 

previously. It is possible that there is some level of bioelectric change, but not enough to drive the 

locomotor activity change. Second, we examined the DREADDs using transgenic zebrafish lines, 

not the direct injection as in the former study. The transgenic fish provide stable and specific 

DREADD expression in the fish embryos for the targeted tissue. Thus, it reduces many stochastic 

expressions for measuring electric activities. In contrast, the direct injection of DREADD 

constructs will yield different levels of expression in many places. When we injected the elavl3: 

Gal4FF plasmid construct into Tg (UAS: DREADD-ASAP2s) transgenic fish embryos, only a few 

larval neurons were observed with fluorescence changes. One solution is to improve the DREADD 

expression levels. In the future, zebrafish fish-codon optimization, utilizing the zebrafish Kozak 

sequence before an ATG start codon, and adding dORF (downstream open reading frame) could 

be attempted for this purpose [280, 281]. Lastly, the examination time after treatment might also 

affect the judgment. In our experimental system, a higher concentration of ligand is still needed in 

order to visualize more impressive fluorescence changes over a shorter period of time (∼5 min). 

This could be caused by tissue penetration, fish metabolism, or chemical potency. 

 

There are numerous zebrafish pigment pattern mutants that affect proteins that regulate charged 

molecules, such as ion channels and gap junctions [97]. Alteration of these ionic regulators can 

cause morphological changes to zebrafish pigments and disrupt normal stripe formation. It was 

previously reported that melanophore cell membrane voltage manipulation with the optogenetic 

tool ChR2 was able to disrupt stripe formation in metamorphic and adult zebrafish [173]. Here, 

we chose zebrafish melanophores as a model and tested two DREADDs, hM4DGi and rM3DGs, 

and four agonists. We demonstrated that both DREADDs are functional to change cell membrane 

voltage measured by ASAP2s. These voltage alterations were validated in basal epithelial cells 

and neurons. Moreover, we were able to generate a melanophore hyperpigmentation phenotype 
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via hM4DGi and DCZ in 1-week larvae, confirming the biological functions of DREADD in 

zebrafish. hM4DGi activation of metamorphic melanophores also results in hyperpigmentation 

compared to untreated controls. These results provide additional validation for the biological 

impact, as well as the potential use of zebrafish DREADDs in older fish over longer periods of 

time. 

 

In summary, we generated tissue-specific DREADD transgenic zebrafish lines and tested their 

function in zebrafish embryos and larvae using different agonists. We demonstrated that this 

chemogenetic tool works in zebrafish melanophores, neurons, and epithelial cells. We expect the 

DREADD tools and our transgenic fish lines will meet the critical need for neuronal and embryonic 

bioelectric studies. Moreover, they can be a great resource to the zebrafish community. 
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 OVERALL DISCUSSION 

Current zebrafish fish lines for bioelectric research are limited. In this thesis work, we first 

generated a ubiquitous reporter of zebrafish endogenous Vm (Tg(ubi: ASAP1) ) [83]. With this 

transgenic fish, we visualized the bioelectricity of early zebrafish larvae and showed Vm 

differences between normal and tumor tissue. Next, we carefully tracked and quantified 

characteristic electric signals from fertilization to the segmentation period during early 

development [84]. Furthermore, to manipulate Vm/bioelectricity, we adopted the chemogenetic 

DREADD tools hM4DGi and hM3DGs, which were combined with ASAP2s and generated new 

transgenic zebrafish lines [169]. Using these fish lines, we were able to examine DREADD 

function in zebrafish melanophores. Though the ASAP2s reporter is not ideal, we have found 

zebrafish larva developed a hyperpigmentation phenotype with DREAD agonist treatment. 

Collectively, the work presented here is a step toward studying how bioelectric signals in zebrafish 

might contribute to developmental patterning. Future optimization of GEVI and DREADD in 

zebrafish may yield useful tools for bioelectricity.  

 

 A whole-organism Vm reporter like the one here is useful when trying to get an overall picture, 

or there is not a tissue-specific promoter available, but the cell-specific expression will be needed 

to answer more in-depth questions on bioelectric regulation. While this work establishes the 

fundamental groundwork for understanding zebrafish embryonic endogenous bioelectricity, 

manipulations of these signals are needed to understand their mechanistic significance.  

 

We generated DREADD transgenics with either hM4DGi and hM3DGs that we would be able to 

make cells more negative or more positive respectively and then directly visualize Vm changes in 

cells simultaneously expressing the GEVI ASAP2s. We were able to increase ASAP2s 

fluorescence intensity in cells that also expressed the hyperpolarizing DREADD hM4DGi after 

treatment with the DREADD agonist DCZ. Next, we decrease ASAP2s fluorescence intensity in 

cells that also expressed hM3DGs after DCZ treatment. Furthermore, when examined over 

timelapse imaging, these hM4DGi-induced changes were revealed to be dynamic in zebrafish 

melanophores. These Vm changes were further functionally validated in melanophores by 
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inducing a hyperpigmented phenotype in larval fish embryos. The results show optimistic 

outcomes in future studies; however, more work is needed to improve this tool. 

 

One of the biggest difficulties is the relatively low brightness of the GEVI reporters[282, 283]. 

The main limitations stemmed from the inherent brightness of reporters and the promoters 

selected. Even with strong promoters such as ubiquitin, low fluorescence intensity makes imaging 

the dynamic Vm changes challenging using epifluorescence microscopy, even with LSM. The use 

of a direct promoter-driven construct for cell-specific expression was not as bright as anticipated. 

The weak fluorescence could be caused by a few reasons. 

 

First, the mitfa2.1 promoter could not be strong enough for the expression of GEVI and DREADD 

in zebrafish melanocytes. Also, the 4XnrUAS promoter could also not be strong enough [284]. 

While this has been reported to drive high expression levels while reducing silencing via DNA 

methylation compared to 14XUAS [285], we had difficulties achieving sufficiently high 

expression levels. Although, the 14XUAS promoter can be silenced after multiple generations due 

to the repetitive sequence [284] 14XUAS may perform better than 4xnrUAS. Secondly, we used 

human codon-optimized GEVI and DREADD in our studies. It was reported that zebrafish-specific 

codon optimization could enhance protein expression levels [281]. Along this line, dORFs were 

also reported to increase translation efficiency and thus could be added in the future. Thirdly, the 

ASAP1 reporter may not be bright enough, but studies in other organisms have already 

demonstrated that it functioned well in the brains of mice, flies, and even zebrafish. The weak 

ASAP1 in melanocytes could be caused by the intrinsic properties of these cell types. To overcome 

this, calcium reporters [160, 286] could be an alternative. Since these are intracellular rather than 

membrane-localized, the amount of fluorescence protein is greatly increased, and these signals are 

generally brighter than GEVIs in other reports. However, this also has its disadvantages because 

GECIs are not direct reporters of membrane voltage. Another option would be newly developed 

GEVIs that reportedly have improved fluorescence signals such as ASAP4 (ref) [130], and Voltron 

[154].  

 

It was previously reported that DREADD did not function in zebrafish [166], even though it has 

been successfully adopted in human cells, mice, drosophila, and primate studies [106, 271, 287].  
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The previously mentioned zebrafish study performed experiments within F0 transiently injected 

fish and used first-generation agonists. Their assay was also only based on larval movement, which 

might not be as sensitive to subtle Vm changes. Therefore, we thought to remove these possibilities 

by generating stable transgenic fish lines, adopting the latest generation agonist, and using real-

time GEVI reporters to measure any changes to Vm. In our hand, the DREADD tool seemed to 

work with high concentrations of agonists but certainly will need to be optimized to draw a clear 

conclusion that DREADD works well in zebrafish. The pharmacodynamics and the penetration of 

agonists into fish tissues are less likely the causes, as we selected the zebrafish melanophore for 

our experiments. The melanophores are close to the surface and relatively visible. Most likely, 

similar to ASAP1, the DREADD expression may not be ideal for functional studies. Further 

improvements will be needed to determine if these issues are related to receptor expression levels, 

pharmacodynamics, GEVI reporter shortcomings, or potentially all three. In addition, voltage 

validation measurements with patch-clamp will be useful to conclusively determine DREADDs 

functional activity in zebrafish.  

 

Overall, the future of developmental bioelectricity is an exciting and optimistic avenue for 

research. The implantation of modern genetically encoded tools provides researchers with a 

plethora of options to choose from when considering measuring and manipulating endogenous 

electrical activity. Once the implementation barrier is overcome, new knowledge will be generated 

for embryonic development, tissue patterning, regeneration, cell migration, and even cancer [1, 

192, 193]. Furthermore, elucidating the mechanisms behind this type of regulation outside of the 

brain will be groundbreaking. For example, future related studies will provide a better biological 

understanding of channelopathies essential to uncover the contributions to adult final form. This 

category of channelopathy-type diseases continues to expand and affects a variety of ion channels 

resulting in nervous system, endocrine, cardiovascular, respiratory, urinary, and immune diseases 

in addition to physical congenital abnormalities [195, 288]. Furthermore, the possibility of 

pharmaceutically resolving some of these issues is possible considering the large amount of 

already approved ion channel drugs [75, 202, 204]. Ergo, such an important regulator that affects 

such a large and diverse group of diseases, as well as fundamental biological processes, makes the 

unanswered questions of bioelectricity a priority research field.  
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 MATERIALS AND METHODS 

6.1 Visualization of Cellular Electrical Activity in Zebrafish Early Embryos and Tumors 

6.1.1 Materials 

Table 4 Materials 

 
 

 

 

 

Name Company Catalog Number Comments 

14mL cell culture tubes VWR 60818-725 E.Coli culture 

Agarose electrophoresis tank Thermo Scientific Owl B2 DNA eletrophoresis 

Agarose RA Amresco N605-500G For making the injection gels 

Attb1-ASAP1-F primer IDT DNA GGGGACAAGTTTGTACAAAAAA 

GCAGGCTTCACCATGGAGACGA 

CTGTGAGGTATGAACA 

ASAP1 coding region amplification 

for subcloning 

Attb2-ASAP1-R primer IDT DNA GGGGACCACTTTGTACAAGAAA 

GCTGGGTCTTAGGTTACCACTTC 

AAGTTGTTTCTTCTGTGAAGCCA 

ASAP1 coding region amplification 

for subcloning 

Bright field dissection scope Nikon SMZ 745 Dechorionation, microinjection, 

mounting 

Color camera Zeiss AxioCam MRc Fish embryo image recording 

Concave slide VWR 48336-001 For holding fish embryos during 

imaging process 

Disposable transfer pipette 3.4 ml Thermo Scientific 13-711-9AM Fish embryos and water transfer 

Endonuclease enzyme, Not I NEB R0189L For linearizing plasmid DNA 

Epifuorescent compound scope Zeiss Axio Imager.A2 Fish embryo imaging 

Epifuorescent stereo dissection 

scope 

Zeiss Stereo Discovery.V12 Fish embryo imaging 

Fluorescent light source Lumen dynamics X-cite seris 120 Light source for fluorescence 

microscopes 

Forceps #5 WPI 500342 Dechorionation and needle 

breaking 

Gateway BP Clonase II Enzyme 

mix 

Thermo Scientific 11789020 Gateway BP recombination cloning 

Gateway LR Clonase II Plus 

enzyme 

Thermo Scientific 12538120 Gateway LR recombination cloning 

Gel DNA Recovery Kit Zymo Research D4002 DNA gel purification 

Loading tip Eppendorf 930001007 For loading injection solution into 

capilary needles 

Methylcellulose (1600cPs) Alfa Aesar 43146 Fish embryo mounting 

Methylene blue Sigma-Aldrich M9140 Suppresses fungal outbreaks in 

Petri dishes 

Microinjection mold Adaptive Science Tools TU-1 To prepare agaorse mold tray 

for holding fish embryos during 

injection 

Microinjector WPI Pneumatic Picopump PV820 Microinjection injector 

Micro-manipulator WPI Microinjector MM3301R Microinjection operation 
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Table 4 Materials- continued 

 

6.2 Zebrafish embryos display characteristic bioelectric signals during early development 

6.2.1 Zebrafish Strains and Transgenic Fish Line Husbandry 

Zebrafish were raised and maintained within the Purdue veterinary hospital animal housing facility 

(West Lafayette, IN. USA), which was approved by the Association for Assessment and 

Accreditation of Laboratory Animal Care (AAALAC). Purdue Animal Care and Use Committee 

(PACUC) approved protocols were used to perform experiments. All zebrafish trials were 

conducted in wild-type TAB fish genetic backgrounds. Zebrafish were maintained according to 

the zebrafish book, and embryos were staged according to the Kimmel staging guide [232]. The 

Tg (ubi-ASAP1) fish line was generated in our previous report [83].  

Micropipette puller Sutter instrument P-1000 For preparing capillary needle 

Mineral oil Amresco J217-500ml For calibrating injection volume 

mMESSAGE mMACHINE SP6 

Transcription Kit 

Thermo Scientific AM1340 mRNA in vitro transcription 

Monocolor camera Zeiss AxioCam MRm Fish embryo image recording 

Plasmid Miniprep Kit Zymo Research D4020 Prepare small amount of plasmid 

DNA 

Plastic Petri dishes VWR 25384-088 For holding fish or fish embryos 

during imaging process 

RNA Clean & Concentrator-5 Zymo Research R1015 mRNA cleaning after in vitro 

transcription 

Spectrophotometer Thermo Scientific NanoDrop 2000 For measuring DNA and RNA 

concentrations 

Stage Micrometer Am Scope MR100 Microinjection volume calibration 

Thermocycler Bio-Rad T100 DNA amplification for gene cloning 

Thin wall glass capillaries WPI TW100F-4 Raw glass for making cappilary 

needle 

Tol2-exL1 primer IDT DNA GCACAACACCAGAAATGCCCTC Tol2 excise assay 

Tol2-exR primer IDT DNA ACCCTCACTAAAGGGAACAAAAG Tol2 excise assay 

TOP10 Chemically Competent E. 

coli 

Thermo Scientific C404006 Used for transformation during 

gene cloning 

Tricaine mesylate Sigma-Aldrich A5040 For anesthetizing fish or fish 

embryos 

UV trans-illuminator 302nm UVP M-20V DNA visualization 

Water bath Thermo Scientific 2853 For transformation process of gene 

cloning 
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6.2.2 Imaging Early Zebrafish Embryo Vm Fluorescence and Data Analysis 

Multiple Tg (ubi: ASAP1) adult fish were in-crossed or out-crossed with TAB fish to acquire green 

fluorescence-positive offspring. Zebrafish embryos were collected at different desired 

developmental stages. To better visualize the cellular GEVI-GFP activity, zebrafish embryo 

chorions were either left in place or carefully removed using a pair of forceps under a dissection 

scope before mounting in 0.6% low melting agarose (IBI Scientific CAS#9012-36-6) on a sample 

platform to maintain their positions.  

 

Zebrafish embryos were imaged using a Miltenyi Biotec light sheet microscope, Ultra-Microscope 

II with a Super Plan Module configuration, a 4x NA 0.35 MI PLAN objective, and ImspectorPro 

software (7.1.4 Lavision Biotec, Bielefeld, Germany). Image acquisition total times varied from 

minutes to 16+ hours depending on embryonic stages. Z-stacks between 1 and 20 slices had total 

intervals between 0.5 s and 3 min. Laser power was set between 50–70% and sheet width at 60% 

for image acquisition. Water was selected as the imaging medium. Exposure times were between 

50 ms and 300 ms, depending on the imaging speed. 

 

Max intensity projections were used to display 3D images by importing TIF files to ImageJ [289]. 

ROIs were placed over areas of embryos with signals to track mean fluorescence changes over 

time. Fluorescence intensity data were exported into Excel for further analysis. The ∆FAdj was 

calculated as (Ft – F0Adj)/F0Adj, where Ft is the fluorescent value at a given time t, and F0 is the 

baseline fluorescence constant value. F0Adj was calculated by averaging at least four frames without 

any bright GFP signal. Traditional ∆F/F was also calculated as (Ft – F0)/F0, where F0 is equal to Ft 

(n-1). Vm transient signals were analyzed using Imaris software (9.7.2 Bitplane AG). Time-lapse 

Imaging files were converted to .ims format and imported to the Imaris program. The "spots" 

function was used to detect electric transient fluorescent signals within an ROI of a given embryo 

(n ≥ 5). For the algorithm, default parameters were used. Estimated XY diameter was based on 

cell diameter measured within the Imaris slice tab and generally fell between 10–20 µm depending 

on the embryonic stage. Background subtraction was selected. The signal "quality" parameter in 

Imaris for detection was set at a sufficient "level" using the slide bar, which could detect transient 

signals without recognizing background noise, generally between 80 and 100+. The "Tracks" 
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function was used to determine the total number of Vm transients over time so that a signal was 

counted only one time if appearing in multiple frames to define transient number and duration. 

Autoregressive motion, an algorithm that allows for tracking back an immediately previous time 

point, was selected with "Max Distance" set as a value equal to the diameter of the cell and a gap 

distance of zero. After completing the analysis, data was converted and saved into an Excel file 

format. "Track Duration" statistics gave the total number of transients and the different transient 

durations. GraphPad Prism (v9.4.1) was used to generate graphs and perform statistical 

calculations. The student's t-test was used to determine the statistical significance between groups.  

6.3 Tissue-specific modification of cellular bioelectrical activities using the chemogenetic 

tool, DREADD, in zebrafish 

6.3.1 Zebrafish husbandry  

Zebrafish were raised and maintained at the Purdue animal housing facility following Association 

for Assessment and Accreditation of Laboratory Animal Care (AAALAC) approved standards. 

Experiments were carried out according to Purdue Animal Care and Use Committee (PACUC) 

approved protocols. All zebrafish experiments were carried out in wild-type TAB fish. Zebrafish 

were maintained according to the zebrafish book. Zebrafish embryos were staged based on the 

Kimmel staging guide. 

6.3.2 Tol2 constructs, microinjection, and zebrafish transgenic lines 

Tol2 transposon plasmids were generated using a three-fragment Gateway cloning-based Tol2 kit 

(40). The 5’ end entry plasmids p5E-mitfa2.1 (plasmid #81234), p5E-elavl3 (plasmid #72640) 

(41), p5E-4xrnUAS (plasmid #61372) (42) were acquired through Addgene. pME-Gal4FF were 

subcloned from pCR8GW-Gal4-VP16-FRT-kan-FRT (43), a gift from Dr. Koichi Kawakami. 

p5E-tp63 was a gift from Dr. Qing Deng (44). The pENTR-D-ASAP2s plasmids were generated 

by site-directed mutagenesis from pENTR-D-ASAP1 (24) using the primers (ASAP2s-F: ATA 

TTT CAG CTG GCT TCA CAG AAG AAA CAA CTT GAA GTG G and ASAP2s-R: AGC CAG 

CTG AAA TAT TCT TAT TAA GAT AAC AAT TCT CAG AAC TCG AAG AAG AG). The 

p3E-IRES-hM4DGi and p3E-IRES-rM3DGs were generated by subcloning from pAAV-hSyn-
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DIO-HA-hM4DGi-IRES-mCitrine (plasmid# 50455) and pAAV-hSyn-DIO-HA-rM3DGs-IRES-

mCitrine (plasmid# 50456) into p3E-IRES-EGFP vector (Tol2 kit #389), respectively. All the 

subcloning and site-directed mutagenesis were performed using the In-Fusion cloning system 

(Takara Bio). Final entry constructs were verified by Sanger sequencing. The final constructs were 

built using LR Clonase II Plus enzyme (Thermo Scientific) following the manufacturer’s 

instructions. 

 

pCS-zT2Tp plasmid (a gift from Koichi Kawakami) was used as a template to generate Tol2 

transposase messenger RNA (mRNA) using the mMESSAGE mMACHINE SP6 transcription kit 

(Thermo Scientific). Capped and tailed mRNAs were purified by Monarch RNA Cleanup Kit 

(NEB) according to the manufactory guide and eluted in DEPC-treated water. Microinjection of 

Tol2 expression constructs (25 ng/µl) and Tol2 mRNA (50 ng/µl) with 0.025% phenol red (P0290; 

Sigma) was performed on one-cell-stage zebrafish embryos under a dissection microscope 

(SMZ445; Nikon, Garden City, NY) using a PV820 pneumatic PicoPump (World Precision 

Instruments). About ten injected embryos were sampled for gDNA isolation using the HotSHOT 

method after at least 8 hours (45). Tol2 transposon efficiency was verified with an excise assay 

(46). Once the excise assays confirmed the Tol2 activity, the remainder of the injected fish 

embryos were raised to adulthood. TAB wild-type fish were crossed with F0-injected adult fish, 

and positive fluorescent transgenic zebrafish embryos were selected and raised to adults as stable 

F1 transgenic fish lines. 

6.3.3  DREADD ligand addition and fluorescence imaging 

To detect cell membrane potential changes via ASAP2s imaging, embryos were raised to 2 days 

post fertilization (dpf), then anesthetized in a 0.05% Tricane solution. For fluorescence imaging 

experiments, embryos were raised in fish system water without methylene blue to reduce 

autofluorescence and treated with 1X PTU (1-phenyl 2-thiourea, 0.2mM) to reduce pigments. 

Anesthetized embryos were placed on a glass slide with fish system water and positioned properly 

for imaging. In order to visualize large changes in fluorescence intensity, 1µL of 100mM DCZ 

was added to slides containing Tg fish and ∼400µL of fish water for a final concentration of 250 

µM. Untreated images were taken before agonist addition. After treatment, embryos were either 
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monitored for 5-15 minutes for fluorescence changes and then imaged, or immediately recorded 

with time-lapse imaging. Exposure was set at the start of imaging (between 4000 and 8000 ms) 

and kept consistent for the entire length of time the same individual larva was imaged in order to 

compare levels of fluorescence intensity between images directly. All the DREADD agonists were 

purchased from HelloBio and diluted in water as 100mM stock solutions that were stored in a -

20C freezer before use. Described concentrations of DREADD agonist were then added to the fish 

system water on the slide. Embryos were monitored for positional shifts and adjusted if they drifted 

from their original location. Next, time-lapse imaging was continued for 5-15 minutes. Cellular 

ΔF/F= ((Ft – F0)/F0) was quantified using ImageJ to define a region of interest for mean 

fluorescence intensity at each time point. Ft is the fluorescent value at a given time t, and F0 is the 

starting fluorescence value. All images were acquired using a Zeiss AxioCam MRc camera on 

Stereo Discovery.V12 or Axio Imager 2 compound microscope. For elavl3: Gal4FF, Tol2 plasmid 

was injected into 1-cell stage Tg (UAS: DREADD-ASAP2s) transgenic fish embryos. UAS fish 

lines were prepared for one-cell-stage microinjection as described above. Injected embryos were 

monitored and raised to 2dpf. Embryos with positive fluorescence, via GFP eye and heart markers, 

were sorted and used for agonist addition and fluorescence imaging, as previously mentioned. 

Unless specified otherwise, this type of signal is expressed as a fractional change in fluorescence 

intensity ΔF/F0. 

6.3.4 Tracking 1-week larvae for DREADD induced phenotype 

To track pigmentation changes caused by DREADD treatments, we crossed Tg (mitfa2.1: ASAP2s-

IRES-hM4DGi) with TAB fish. Dechorionated 2dpf embryos were separated into groups of about 

40 and placed into 6-well plates containing fish water with 0.05% methylene blue. This mixed 

group of siblings contained wildtype and transgenic larvae. Next, the water was replaced with fresh 

water containing a designated concentration of DREADD agonists. Embryos were treated once at 

2dpf and raised until 7dpf. At 7dpf, larvae in each well were counted to obtain the number with 

increased head pigmentation. This was repeated, and both trials later added to the total number of 

fish tracked for each DREADD agonist (n=128). 
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For genotyping a representative portion of DREADD-treated embryos, 96-well plates were used 

to separate single embryos from Tg (mitfa2.1: ASAP2s-IRES-hM4DGi) crossed with wild-type 

fish. Dechorionated 2dpf embryos were separated and placed into individual wells containing fish 

water with methylene blue. This mixed group of siblings contained wildtype and transgenic larvae. 

Next, water was replaced with 200uL of fresh fish water containing designated amounts of 

DREADD ligand. These two-day-old fish embryos were treated with either DCZ, JHU37160, C21, 

or CNO (n=48 for each agonist), respectively. Each well was raised for seven days to observe 

pigmentation changes. On the seventh day, the number of embryos with increased head 

pigmentation was counted. All embryos were then harvested for genotype using 100 mM NaOH 

(hotshot method). PCR primers (ASAP1-genoF: ATA TGA CCT ACT CCT TCT CTG ACC and 

ASAP1-genoR: AGG TTA AGG TGG TCA CCA GG) were used to amplify the ASAP2s 

transgene to validate transgenic mutant correlation with phenotypic changes. These percentages 

were calculated as a representative of a total of 128 tracked embryos for each agonist. 

 

For examining the variation of melanophore morphology, 7dpf larvae were treated with 

epinephrine (1mM) to determine any changes to total pigment cell count and assess the dispersion 

of pigment granules. The larvae were placed on a glass slide with fish system water and imaged 

under regular epifluorescence light. For evaluating the impact of bioelectric changes on 

metamorphic fish melanophores, transgenic larvae that were about two weeks of development 

(∼6.5mm) were treated with DCZ (20 µM) for one week every two days. Once fish reached about 

30 days old (9-10mm), they were imaged under a microscope for pigmentation changes. 

Comparable-sized untreated transgenic fish were also imaged as a control. 
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