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Figure 2.1 The multitissue interface model contained a collagen sphere tissue that was
fully anchored (100% surface area) to the surrounding collagen, which enhanced its
ability to resist contraction and maintain cell-matrix tensional forces. (A, C) Schematic
diagrams and (B, D) boundary conditions for (A, B) homogeneous monodispersion and
(C, D) multitissue interface culture formats. Monodispersion cultures involve
homogeneous distribution of cells within a surrounding collagen-fibril matrix.
Multitissue interface cultures are created by embedding a cell-collagen tissue sphere
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within a surrounding cell—collagen tiSSUE CONSIIUCE. ......ccvvveiiiiiieiiiiieiiiiie e 37

Figure 2.2 (A) Schematic diagram demonstrating interactions of a droplet with surfaces
having uniform wetting properties. (B) Biphilic surfaces with hydrophilic spots
surrounded by superhydrophobic regions used to form collagen or tissue spheres. The
superhydrophobic areas facilitate sphere formation, while the hydrophilic spots assist in
deposition and adhesion of spheres to the substrate. (C) Overview of the tissue sphere
formation process. Aliquots of neutralized oligomer solution in the presence or absence
of cells are deposited onto the hydrophilic spots of the biphilic surface. The surface is
subsequently placed into a humidified 37 °C incubator to induce self-assembly of
collagen fibrils (polymerization). The rightmost photograph shows oligomer collagen
spheres with volumes of 15, 10, and 5 uLL formed on the biphilic surface.......................

Figure 2.3 The method for producing collagen spheres was reproducible when using the
positive displacement pipet. Due to gravity, the collagen spheres became flatter as the
volume of the droplet was increased. (A) Representative goniometer images and
volumetric measurements for oligomer spheres prepared at target volumes of 5, 10, and
15 pL with matrix stiffnesses of 0 (water), 200, and 1000 Pa (specified by the oligomer
concentration). The goniometer images represent oligomer spheres (200 Pa) prepared at
designated volumes (scale bar = 1 mm). Target volume indicates the volume specified
on the air-displacement (Air) or positive-displacement (Pos) micropipette. (B) Scatter
plot of measured oligomer sphere volumes and aspect ratios for all of the matrix stiffness

values. Data points represent a combination of 0, 200, and 1000 Pa oligomer spheres....45

Figure 2.4 Sphere tissues within the multitissue interface model prevented cell-mediated
contraction at all time points and densities, while the monodispersion tissue constructs
experienced an increase in rate and extent of contraction as cell density was increased.
Time-dependent contraction of tissue constructs prepared using (top) the
monodispersion format and (bottom) the multitissue interface method. Monodispersion
constructs were prepared by seeding 0.5x106, 2.0x106, or 5.0x106 ECFCs/mL within an
oligomer matrix (200 Pa). Multitissue interface constructs involved embedding an
oligomer sphere (200 Pa, 5 uL; arrows) prepared with 0.5x106, 2.0x108, or 5.0x10%
ECFCs/mL within a surrounding tissue consisting of 0.5x106 ECFCs/mL within an
oligomer matrix (200 Pa). Final tissue volumes were measured after 72 h of culture and
compared statistically using Tukey’s test. Letters indicate statistically different groups

(D < 0.05). oottt ettt 47



Figure 2.5 Within the uncontracted tissue constructs (multitissue interface model,
BOTTOM), ECFC vessel formation increased with increasing ECFC density. On the
other hand, the contracted monodispersion tissue constructs contained smaller,
compromised vessel formation. Projections of confocal image stacks (50 um thick)
illustrating vessel network formation (green fluorescence, lectin) and type IV collagen
deposition (red fluorescence) following 3 days of culture in either (A) the
monodispersion format or (B) the multitissue interface format. Confocal images were
taken within the tissue sphere of the multitissue interface format. Monodispersion
constructs were prepared by seeding ECFCs at specified densities within an oligomer
matrix (200 Pa, 250 pL). Multitissue interface constructs were prepared by embedding
an oligomer sphere (200 Pa, 5 uL) prepared with ECFCs at a specified density within a
surrounding tissue consisting of 0.5x10% ECFCs/mL within an oligomer matrix (200 Pa,
250 pL). After 3 days of culture, the 5x106 ECFCs/mL sphere demonstrated superior
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vessel network formation relative to the other groups. Scale bars =150 pm . ................. 49

Figure 2.6 The presence of ASC in the surrounding tissue provided a significant boost
to ECFC vessel volume percentage within the sphere tissue compartment. Projections
of confocal image stacks (200 pum thick) taken within the tissue sphere, illustrating
vessel network formation and basement membrane deposition for various multitissue
interface constructs after 3 days of culture. ECFC-encapsulated oligomer spheres (200
Pa, 5x108 ECFCs/mL, 5 pL) were embedded in oligomer matrices (200 Pa, 250 uL)
seeded with either (A) no accessory cells, (B) ECFCs only, (C) ASCs only, or (D) a
combination of ECFCs and ASCs. Tissue constructs were stained with UEAL lectin
(green fluorescence) and type IV collagen (red fluorescence) for visualization of ECFC
vessel networks and deposited basement membrane, respectively. The inset at the
bottom right in each panel contains quantified vessel morphology parameters and vessel
volume percentages. The vessel volume percentage increased significantly with the
presence of ASCs in the surrounding tissue, as determined using Tukey’s test
Superscript letters indicate statistically different groups (p < 0.05). Scale bars = 150 pm.

Figure 2.7 Increasing ASC density in the surrounding tissue compartment resulted in
(TOP) an increase in ECFC vessel volume percentage within the sphere tissue
compartment and (BOTTOM) ECFC angiogenic sprouting across tissue compartments.
(A) Projections of confocal image stacks (200 um thick) illustrating vessel network
formation and basement membrane deposition within the tissue sphere for various
multitissue interface constructs after 3 days of culture. ECFC-encapsulated oligomer
spheres (200 Pa, 5x106 ECFCs/ mL, 5 pL) were embedded in oligomer matrices (200
Pa, 250 pL) seeded with ASCs at either 0.1x106, 0.2x106, or 0.5 x10% cells/mL. Tissue
constructs were stained with UEAL lectin (green fluorescence) and anti-type 1V collagen
(red fluorescence) for visualization of ECFC vessel networks and deposited basement
membrane, respectively. Scale bars = 150 um. (B) Quantified vessel morphology
parameters show that the vessel volume percentage as well as the percentage of
extensive vessel networks were positively correlated with the ASC density. Tukey’s test
was used to compare groups. Superscript letters indicate statistically different groups (p
< 0.05). (C) Projection of confocal image stacks (50 pum thick) illustrating vessel
network formation at and across the tissue—tissue interface (dotted line). Tissue
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constructs were stained with phalloidin (green fluorescence) and anti-type IV collagen
(red fluorescence) for visualization of cells and deposited basement membrane,
respectively. Scale bars = 150 LML ..oooiiiiiiiiiiiii 55

Figure 2.8 Increasing the ASC density in the surrounding tissue compartment increased
the cell-matrix tensional forces, resulting in matrix and cellular alignment towards the
sphere tissue compartment. (LEFT) Schematic showing imaging areas with specified
distances from the sphere. (CENTER) Projections of confocal image stacks (30 pum thick)
outside the tissue sphere for various multitissue interface constructs after 3 days of
culture. ECFC-encapsulated oligomer spheres (200 Pa, acellular or 5 x106 ECFCs/mL,
5 uL) were embedded in oligomer matrices (200 Pa, 250 uL) seeded with ASCs at either
0.0x108, 0.1x108, 0.2x108, or 0.5x106 cells/mL. Tissue constructs were stained with
phalloidin (green fluorescence) for visualization of ASC orientation, and confocal
reflectance was used to visualize the collagen-fibril microstructure (red fluorescence).
Increasing the ASC density in the surrounding tissue increases the collective cell-
mediated traction force, leading to tension-induced alignment of collagen fibrils.
Parallel alignment of collagen fibrils appears to be positively correlated with the ASC
seeding density. Constructs with 0.5x108 ASCs/mL vyielded higher alignment at
distances farther away from the sphere compared with the other groups. Scale bar = 150
um. (right) Bar graphs displaying the alignment of the collagen fibrils (red) and ASCs
(green) for each reSPECTIVE GrOUD. ....vvrieeei et e e e ettt e e e e e st e e et e e e e s n e e e e sennaneeeas 56

Figure 3.1 (A) ASOR and (B) VSOR were internalized by different cell lines,
demonstrating the versatility of the biosensor across cell types. Fluorescence images
after 20 min of incubation with ASOR-Cy5 (A) and VSOR-5-FAM (B) (20 uM each)
in different cell types cultured on 2D glass coverslips at 37°C. Scale bar =20 um. ........ 63

Figure 3.2 ECFC cultured in 2D demonstrated an appropriate response to VEGFR-2 (A)
stimulation and (B) inhibition. (C) VEGFR-2 signaling increased with downstream
activation of AKT. Similarly, (D) VEGFR-2 signaling decreased in response to an
inhibitor with additional downstream effects on the AKT pathway. Real-time multiple x
monitoring of VEGFR-2 and AKT phosphorylation in 2D culture. (A) FLIM images and
(C) quantitative analysis of VSOR and ASOR upon 20 ng/mL of VEGF stimulation. (B)
FLIM images and quantitative analysis (D) of VSOR and ASOR treated for 60 min with
10 nM of the inhibitor, Axitinib in ECFC. Quantitative analysis was conducted on three
cellular compartments: cell nucleus (nuc), receptor (rec), and cytoplasm (cyt) compared
to control (TOP). Scale bar = 20 um. n=3 biological replicates. ...........cccccceevviiiiireeennnns 65

Figure 3.3 ECFC cultured in 2D demonstrated appropriate cell signaling response to
insulin, an AKT promotor. AKT signaling increased, which resulted in an increase in
VEGFR-2 signaling. Real-time monitoring of ASOR and VSOR after 1-hour of AKT
stimulation with 100 ng/mL insulin. (A) Fluorescence lifetime of VSOR (TOP) and
ASOR (BOTTOM) shows an initial increase during the first 20 minutes, followed by an
oscillatory behavior for the remaining time period. (B) Results drawn from the
qualitative images were validated by quantifying the relative change in fluorescence
lifetime in both the sensors. In the first 20 minutes, fluorescence lifetime of both sensors
increased, however the increase in ASOR (red line) was greater than VSOR (blue line).
After 20 minutes, both sensors exhibited a decreasing oscillatory response. Data is
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representative of three independent biological and three technical replicates. Scale bar
0 U PSSP 66

Figure 3.4 ECFC cultured in 2D demonstrated appropriate cell signaling response to
honokiol, an AKT inhibitor. AKT signaling decreased, which decreased upstream
VEGFR-2 signaling. Real-time monitoring of ASOR and VSOR after 1-hour of AKT
inhibition (treatment with 100 um Honokiol). (A) Time-course FLIM images of VSOR
(top) and ASOR (bottom) showed an overall trend of decreasing fluorescence lifetime
for both sensors, although a noticeable increase in VSOR fluorescence lifetime was
noted after 20 minutes. (B) Quantitative analysis showed a larger decrease in the
fluorescence lifetime of ASOR after Honokiol treatment, which was followed by a
relatively smaller decrease in the fluorescence lifetime of VSOR. VSOR showed
oscillating response starting from 20 minutes with a general decreasing trend. Data was
representative of three independent biological and three technical replicates. Scale bar
O U 1 OO O PP PPPPPUPPPPPPPPTP 67

Figure 3.5 Confocal images validated the presence of an intact, interconnected ECFC
vessel network. (a) Micro vessel network formed in 3D vasculogenesis model after 3
days of culture. Phalloidin (green) and Hoechst (red) stained for visualization of F-actin
and nucleus, respectively with (A) 10x objective, (B) 20x and (C) 60x objective. Scale
DAr = TO0 UM 68

Figure 3.6 ECFC-formed vessels successfully internalized ASOR and VSOR after 30
minutes of incubation with 15 uM of each sensor. 10x magnification images of 3D
vasculogenesis model from (A) the bright field mode, (B) the ASOR fluorescence
channel and (C) the VSOR fluorescence channel. Scale bar = 100 pm. ..........cccccceeeneee. 68

Figure 3.7 ECFC cultured in 3D demonstrated an appropriate response to VEGFR-2 (A)
stimulation and (C) inhibition. (B) VEGFR-2 signaling increased, with downstream
activation of AKT. Similarly, (D) VEGFR-2 signaling decreased in response to an
inhibitor, with additional downstream effects on the AKT pathway. Real-time
monitoring of VEGFR-2 and AKT phosphorylation in 3D culture. FLIM images (A, C)
and quantitative analysis (B, D) for VSOR and ASOR in 3D vasculature during 60 min
of observation: (A, B) Fluorescence lifetime of VSOR and ASOR increases upon 10
ng/mL VEGEF stimulation. (C, D) Fluorescence lifetime of VSOR and ASOR decreases
within 10 min upon treatment with the inhibitor, Axitinib at 20 nM. Scale bar = 20 pm.
N=3 DIol0giICal rePlICALES. ... 69

Figure 3.8 Endothelial cells within a zebrafish model demonstrated an appropriate
response to VEGFR-2 (B) stimulation and (E) inhibition. (C) VEGFR-2 signaling
increased, with downstream activation of AKT. Similarly, (D) VEGFR-2 signaling
decreased in response to an inhibitor, with additional downstream effects on the AKT
pathway. Real-time monitoring of VEGFR-2 and AKT phosphorylation in live zebrafish:
(A) Sensor distribution in live 5 dpf zebrafish larvae. FLIM images (B, E) and
quantitative analysis (C, D) of VSOR and ASOR in the vasculature (white box) of
zebrafish depicted in (A) during 60 min of observation. (B, C) Fluorescence lifetime of
VSOR and ASOR increases upon treatment with 100 ng/mL of the VEGF stimulant. (D,
E) Fluorescence lifetime of VSOR and ASOR decreases within 10 min upon treatment
with 100 nM of Axitinib. Scale bar = 20 um. n=3 biological replicates...............c.ccceee.. 71
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Figure 4.1 Schematic of medium-throughput confined compression device and tissue
densification mechanism (A) Medium-throughput compression device, including 48-
well plate and 3D printed compressor head. Adaptor-top facilitates integration with a
mechanical testing instrument, enabling user definition of strain and strain rate. (B)
Custom-fabricated polyethylene foam platens (10 mm diameter, 0.25” thick) facilitate
even and controlled fluid flow out of tissue construct during compression, resulting in a
densified collagen-fibril MICrOSIrUCTUNE. .........ooiiiiiiiiie e 78

Figure 4.2 Schematic of custom-fabricated Tissue Tensioner for maintaining tissue
geometry and cell-matrix tensional forces. To maintain cell-matrix tensional forces, the
device clamped onto the outer edge of the tissue construct in place, preventing cell-
mediated tissue construct contraction. (A) One complete device, with a collagen tissue
in the middle chamber. (B) A front-facing view (C) Top-view showing a Tissue
Tensioner with three 12 mg/mL tiSSUE CONSEIUCES.........uuvveeeiiiiiiee e 80

Figure 4.3 Bar graph showing the thickness of the various groups of tissue constructs.
As collagen fibril density was increased, there was increased resistance to matrix
deformation. Although not statistically significant, there was increased matrix
deformation astime was increased. Compared statistically using Tukey’s test. Different
letters indicate statistically different groups (p < 0.05). N=3 .....ccoiiiiiiiiiiiie e 84

Figure 4.4 Increasing collagen fibril density of tissue constructs increased the tissue
constructs resistance to deformation. Projections of confocal image stacks (50 pm thick)
illustrating vessel network formation within the densified tissue constructs after 3 and 7
days of culture. ECFCs and ASCs were encapsulated in oligomer tissue constructs and
densified to reach final densities of 25x106 ECFC/mL and 6.25x105 ASC/mL. ECFC
were transfected with TdTomato (red fluorescence). All cell populations were stained
with anti-vimentin (green fluorescence) and DAPI (blue fluorescence). White numbers
at the top of each image represent the average thickness for that specific group. Scale
DAF = 200 UM ..ttt 85

Figure 4.5 ECFC vessel formation was achieved within all tissues. As collagen fibril
density was increased, there was decreased (B) vessel volume percentage and (C) total
vessel length at3 and 7 days. (D) Vessel diameters were not statistically different from
one another. (A) Projections of confocal image stacks (50 pm thick) illustrating vessel
network formation within the densified tissue constructs after 3 and 7 days of culture.
Scale bar = 200 um (B) Plot comparing the average vessel diameters of each group at 3
and 7 days. (C) Plot comparing the vessel volume percentage of each group at 3 and 7
days. (D) Plot comparing the total length of the vessel structures at 3 and 7 days. Scale
bar = 200 pum. Comparisons made using two sample T-tests. ............oovvvivviiiiiriiieeneennn. 87

Figure 4.6 At 3 days (A), the ECFC within the least dense matrices had the most vessel
segments at the largest diameters (16-24pum). At 7 days (B), the largest diameter vessel
segments were in the 20 mg/mL group, with the second largest being in the 12 mg/mL
group. Comparison of ECFC vessel diameter fractional distributions at (A) 3 days and
(B) 7 days at the specified collagen fibril densities (12, 20, and 40 mg/mL). .................. 88



Figure 4.7 At 3 days(A, C), there were more longer vessel segments (>100um) in the 12
and 20 mg/mL groups. At 7 days (B,D), all groups contained a similar number of long
vessel segments (>100pm), with the denser group containing a larger fraction of long
vessel segments. Comparison of ECFC vessel segment length distributions at 3 days
(A,C) and 7 days (B,D) at the prepared initial collagen fibril densities (12, 20, and 40
mg/mL). (A-B) Plots showing the distribution of each vessel segment length. (C,D)

20

Plots showing the fractional distribution of vessel segment length. ..........cccccoeviiiennnn. 89

Figure 4.8 At 3 days, there are more large volume segments (>4000um3) in the 12 and
20 mg/mL groups. At 7 days, the 20 mg/mL group contains the greatest number of long
vessel segments (>4000um3). Comparison of ECFC vessel segment volume
distributions at 3 days (A,C) and 7 days (B,D) at the prepared initial collagen fibril
densities (12, 20, and 40 mg/mL). (A-B) Plots showing the distribution of each vessel
segment volume. (C,D) Plots showing the fractional distribution of vessel segment

170 11101 (TP 90

Figure 4.9 Qualitatively, ECFCs contracted the oligomer matrices to similar final
densities. Scanning electron microscope (SEM) images of the ECFC vascularized tissue
constructs after 7 days of culture taken at (TOP) 1500X magnification and (BOTTOM)
3000X magnification. Cryo-SEM was performed to visualize the dense collagen fibrils.
All groups contain a dense arrangement of collagen fibrils. Void spaces in the collagen
represent vascular tunnels carved out by ECFCs. Scale bar =50 pm. ........cccccoeevviivnneen.

Figure 5.1 (A) Schematic of the high throughput compression device. The compressor
was attached to a Test Resources mechanical testing device. Collagen matrices were
polymerized in the wells of the 24 well plate. Using controlled strain, tissue constructs
were compressed, and fluid was removed in a controlled manner through the porous
polyethylene foam. To create tissue constructs with varying densities, wells were filled
with different initial volumes of collagen. (B) Schematic showing the various groups
tested throughout the study. Full thickness wounds (including removal of the panniculus
carnosus) were created using a biopsy punch. Wound space was filled with the specified
treatment groups. (C) Overhead photograph of showing a 40 mg/mL collagen tissue
construct sutured INtO the WOUNG...........uviieiiiiiiee e ee e e

Figure 5.2 Plastic compression of oligomer supports creation of dermal substitutes with
graded microstructures similar to native rat skin. Cryo-SEM images along the thickness
of native ratskin, oligomer dermal substitutes prepared at 4 mg/mL, 20 mg/mL, and 40

93

mg/mL, and Helicote. Scale bar = Spm ... 104

Figure 5.3 The 20 mg/mL and 40 mg/mL groups resisted wound contraction at 14 days.
(A) Representative gross images of wounds taken at 0, 7, and 14 days. At 7 days, the 4
mg/mL group has contracted significantly more than the 20 mg/mL and 40 mg/mL
groups. This trend continues at 14 days; the 4 mg/mL group nears complete closure
while the 20 mg/mL and 40 mg/mL groups continue to resist complete contraction. (B)
Bar graph showing measured wound sizes for each group at 7 days and 14 days. The

wound sizes are represented by an area normalized to the starting wound size. ............ 106
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Figure 5.4 Within the oligomer collagen groups, the rate of cell infiltration appeared to
decrease with increasing collagen fibril concentration. Over the duration of the 14 days,
all oligomer tissues persisted in the wound and were infiltrated by the host’s cells.
Representative histological images (Masson’s Trichrome) of each treatment group at 7
and 14 days showing the center of the treatment (4x images) and the boundary (40x
images, yellow dashed line). Regarding the boundary images, on the right was the native
rat dermis. Scale bar: 200[IM. .....oooiiiiiiiii 111

Figure 5.5 High magnification images of cellular infiltration (Masson’s trichrome, 100x)
showed a progression of inflammation and revascularization in all samples. Notably,
high collagen density in the positive control and 40 mg/mL samples had decreased
infiltrate, though more neutrophils were present. Other experimental groups showed
lymphocytes, fibroblasts, and new vessels forming. The commercial comparison shows
granulocytes lining the material, along with beginnings of a foreign body giant cell
response. Green: lymphocytes, red: vessels, orange: granulocytes, yellow: giant cell,
WHIE: FIDFODIAST. ...eeeiee e 113

Figure 5.6 As collagen concentration increases, there was decreasedinvasion of vessels.
Vessels appeared to subside within the 4 mg/mL at 14 days, while the 20 and 40 mg/mL
group contained persisting vessels. Confocal microscope images of each treatment
group at 7 and 14 days. To visualize blood vessels, excised tissues were stained with a
CD31 primary antibody (red) and DAPI (blue). At 7 days, the 4 mg/mL group appears
highly vascularized up to the surface of the tissue construct. Alternately, there is less
vascularization seen in the 20 and 40 mg/mL tissue constructs. At 14 days, a decrease
in vascularization is observed in the 4 mg/mL group, while extensive vascularization is
observed in 20 and 40 mg/mL. The extent of the observed vascularization appears to be
collagen fibril density dependent. The 20 mg/mL group appears to have more
microvessels near the surface, while the 40 mg/mL has microvessels near the tissue
boundary. Scale bBar = 200 M .....ooiiiiii 115
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The skin provides protection and maintains homeostasis, making it essential for
survival. Additionally, skin has the impressive ability to grow, as observed in children as
they grow into adults. However, skin functions are compromised in large skin defects, a
serious problem that can be fatal. The gold standard treatment is to use an autologous skin
graft; however, due to donor site morbidity and limited availability, when full-thickness
defects surpass 2% total body surface area (TBSA), skin substitutes are preferred.
Unfortunately, current skin substitutes on the market: are slow to revascularize (2+ weeks),
have low graft survival rates (<50% take), and lead to significant scarring and contracture.
Fortunately, a promising solution is to prevascularize engineered skin substitutes in vitro,
which has been shown to facilitate rapid tissue integration upon grafting by providing an
intact vascular network that readily connects to the host’s circulation. However, current
approaches for prevascularizing tissue constructs require long in vitro culture times or
implement low extracellular matrix (ECM) density tissue constructs — both which are
problematic in a clinical setting. To address this, we implemented a novel multitissue
interface culture model to define the design parameters that were essential for rapid
vascularization of soft tissue constructs in vitro. Here, we identified endothelial colony
forming cell (ECFC) density and maintenance of cell-matrix tensional forces as important
factors for rapid in vitro tissue vascularization (18% vessel volume percentage after 3 days
of culture). We then applied these parameters to achieve rapid in vitro vascularization of
dense, oligomer tissue constructs (12, 20, and 40 mg/mL). We demonstrated, for the first
time, rapid in vitro vascularization at 3 days within dense matrices (ECM concentration >
10 mg/mL). Lastly, a rat full-thickness excisional wound model was developed to

determine the acellular densified oligomer’s (20 and 40 mg/mL) ability to resist wound
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contraction and facilitate a wound healing response (recellularization and vascularization)
when grafted into wounds. Future work will implement the vascularized, dense tissue
constructs into the developed animal model to assess the vascularized graft’s efficacy on

treating wounds to reduce scarring and contracture outcomes.
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CHAPTER 1. INTRODUCTION

1.1 Introduction

Skin serves as the organismal interface with the environment, offering protection
from infection and maintaining homeostasis (i.e., temperature and fluids). Furthermore,
skin demonstrates its remarkable ability to grow while maintaining its function, as shown
when children grow into adults[1], [2]. While full-thickness skin defects present known
challenges in adults, it is skin loss within children, which occurs for a number of reasons,
including trauma, burns, oncologic resection, and congenital anomalies, that brings forth
additional complications as the child grows. The current gold standard of care for patients
suffering from full-thickness defects is to implement autografts. However, if the
autografted dermis does not contain enough blood vessels, these grafts are not able to grow
with the patient. Additionally, when patients experience wounds that are too large (>20%
total body surface area), there is limited availability and donor site morbidity[3] —therefore,
skin substitutes are needed. The current procedure for skin substitutes starts with suturing
the skin substitute into the wound. Since skin substitutes on the market are not vascularized,
they must be thoroughly vascularized by the host’s body, after which an epidermal layer
can be added[4]. Unfortunately, current skin substitutes on the market are slow to
revascularize (2+ weeks), since angiogenesis-related in-growth of vessels moves at a rate
of roughly Sum/hr[5]. Additionally, the time required for revascularization is prolonged
when thicker dermal substitutes are used. Overall, the current procedure for applying skin
substitutes is lengthy, requiring multiple steps and results in poor take rates (<50%),
scarring and contracture, and growth limitations[6]-[9]. Clinical observations have
demonstrated that a vascularized tissue grows with a child[10], [11]; therefore an
engineered skin replacement that is rapidly vascularized would adapt with a growing child.

Skin is the largest organ of the body and relies on its vasculature to supply nutrients
to support its many functions. The skin i.) protects internal organs from the outside world
(i.e., chemicals, bacteria, physical), ii.) regulates homeostatic processes (i.e.,
thermoregulation, fluid balance), and iii.) facilitates the sensation of our surroundings.

Additionally, skin demonstrates its remarkable ability to grow with patients as observed in
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growing children. The epidermis (0.07 mm to 0.6 mm thick) is the outermost layer of the
skin and is responsible for barrier function. This layer is comprised mostly of keratinocytes
and is characterized by layers of keratin supported by an underlying basement membrane.
The epidermis does not contain any blood vessels; therefore, the keratinocytes must receive
nourishment from blood vessels of the underlying dermal layer. The dermis (0.6mm to
3mm) is responsible for the skin’s mechanical properties and contains many of the
functional structures of the skin (i.e., glands, follicles, vasculature). These structures
receive their nourishment from the microvasculature (capillaries). As one moves deeper
into the skin, the dermis transitions into the hypodermis (AKA fat or subcutis), which
contains adipocytes (fat cells), fat, and is well vascularized. The vasculature in the
hypodermis are made up of arteries and veins and provide the bulk supply of blood to the
rest of the dermal vasculature. Overall, analyzing the hierarchical assembly of skin in terms
of structure and function highlights the importance of the vasculature when engineering
next-generation full-thickness skin substitutes. The ideal engineered skin substitute should
contain ECM and cellular components associated with rapid vascularization to facilitate
rapid restoration of normal skin functions (i.e., barrier function, thermoregulation, ability
to grow).

At present, pediatric patients are treated the same as adults, which is problematic
when evaluating post-operative patient quality of life. The gold standard for skin defects is
to treat the patient with an autologous split thickness skin graft (STSG) that is taken from
another location on their body. STSGs contain the entire epidermis and only part of the
dermis, while a full thickness skin graft contains both the entire epidermis and dermis.
Once the skin graft is applied, successful take relies on the graft’s access to nutrients via a
step-wise occurrence of: i) plasmatic imbibition, ii.) vascular anastomosis, and iii.)
revascularization[12]. When a skin graft is placed onto the wound, it initially receives

nourishment from the wound plasma in a process known as plasmatic_imbibition (“drinking

plasma”). Over the next 24 to 72 hours, vascular anastomosis is observed, where the host’s

blood vessels grow into the graft and connect with the graft’s vessels. Once the vessel
networks are connected, the mode of graft cell nourishment transitions from plasmatic
imbibition to normal (and more effective) capillary blood vessel diffusion. Around 4-6

days after grafting, the whole tissue is revascularized. This three-step process determines
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graft take success and precedes key regenerative processes such as re-epithelialization and
re-innervation.

Graft characteristics are an important determinant of successful outcomes in terms
of reducing scarring and contraction. STSGs may be used to cover large wounds, but they
are not ideal since they lack most of the mechanically stable dermal layer. As such,
successful graft take still results in scarring/contracture outcomes[13]-[15]. As mentioned
earlier, this is especially bad for children because scar tissue is dense and inelastic, which
hinders movement and does not grow[14], [15]. As such, the aesthetically unappealing
scars result in continual suffering by growing pediatric patients who experience a painful
recurrence of wound openings. Alternately, an ideal approach would be to apply a full
thickness skin graft (FTSG) to the patient’s wound, which includes the entire epidermal
and dermal layers. Since it contains more of the mechanically stable dermal layer,
successful FTSG take results in reduced scarring/contracture outcomes. Conversely, since
FTSGs represent amore-complete graft (than STSGs), their usage is limited to wounds that
encompass less than 2% of total body surface area. Therefore, autologous grafts are not
sufficient due to limited availability and donor site morbidity[3]. These patients, especially
children, need a skin substitute that reduces the occurrence of scarring/contracture events.

While many skin substitutes are commercially available (Table 1.1), there is still no
permanent skin substitute for children suffering from large skin defects. While current skin
substitutes on the market succeed in having 1.) ideal handling characteristics, ii.) support
for barrier function, and iii.) inductions/conduction of neodermal regeneration, no
substitute on the market can grow with the patient[5], [16]. Tissue engineered skin
substitutes replace the need for autologous grafts, and different types exist to address
various wound types/locations: epidermal, dermal, and dermo-epidermal substitutes.
Epidermal substitutes (AKA cultured epithelial autografts; Epicell, ReCell) consist of
autologous keratinocytes (the predominant cell in the epidermis) that are harvested from
the patient, grown in vitro for three weeks, and subsequently applied onto the wound
site[17]. While the use of an autologous cell source reduces immunogenicity, this approach
is hindered by long prep times (3 weeks), low success rates (<50% take), tissue fragility,
and scarring/contracture outcomes[8], [9]. In contrast, dermal substitutes (Integra®,

AlloDerm®, Matriderm®) provide more mechanical integrity, which reduces the amount
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of scarring/contraction when compared to epidermal grafts[18]. These thick scaffolds are
comprised of type | collagen, the predominant ECM protein in the skin, and are either
acellular or cellular (allogenic fibroblasts). Dermal substitutes must be paired with a STSG
to complete the graft and provide barrier function. However, unlike native dermis, the
dermal substitutes are not vascularized. Therefore, after grafting thick dermal substitutes
(>1mm), clinicians must wait 2-3 weeks for the dermal substitute to be sufficiently
vascularized before adding an STSG or an epidermal substitute on top[19], [20].
Prematurely adding the epidermal component results in graft failure via tissue necrosis due
to insufficient accessto nutrients[4]. As vessels grow into the dermal substitute, so do other
cell types, including fibroblasts, fibrocytes, and inflammatory cells. The recellularization
process contributes to wound contraction[21]. Despite the care and consideration taken for
this two-step approach, these transplants still suffer from low success rates and
scarring/contraction[8], [9]. Lastly, dermo-epidermal substitutes (Apligraf, Orcel),
contain an allogenically cellularized epidermis (keratinocytes) and a mechanically fragile
dermis (fibroblasts). Similar to the aforementioned skin substitutes, these still require
remodeling, recellularization, and vascularization by the host, which contributes to wound
contraction[22]. Furthermore, this approach is expensive and timely[23]. In conclusion, the

overarching problem of commercially available skin substitutes are that they are timely

(requiring multiple steps), ineffective (<50% graft take), and do notgrow with the patient
(due to scar tissue formation)[8], [9]. We believe these problems can be overcome by
creating skin grafts that i.) are sufficiently vascularized and consist of an ECM that is ii.)

biocompatible and iii.) mechanically stable.
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Table 1.1 Summary of commercially available treatments for large skin defects

Products ECM material Cellular component Indication Disadvantages
Dermal Substitutes
Alloderm Decellularized - Burns and full-thickness -May contain immunoFenic
human dermis wounds residual allogeneic cel
remnants
Matriderm Decellularized - Full-thickness burns -May transmit diseases

bovine dermis

Integra Collagen-GAG - Deep partial thickness  -Infection
sponge and full thickness burns  _Hematomas
-Seromas
Epidermal substitutes
Epicell - Cultured autologous Deep partial- and full-  -Fragile, requires dermal
keratinocytes thickness burns support
-Variable take rates
ReCell - Autologous, Reduce need for donor <ROOE |[ongiETIn FEsults
highly-proliferative site in deep dermal
keratinocytes defects

Dermo-epidermal substitutes

Apligraf Acid-extracted, Allogenic keratinocytes  Ulcers (venous leg and  -Allogenic cell sources are
Bovine Type | and fibroblasts diabetic foot) eventually lost 1-2 months
Collagen after grafting

-Cannot treat full thickness
burns due to lack of
mechanical integrity

Our long-term goal is to employ advanced tissue fabrication techniques for creating
regenerative skin replacements that rapidly integrate and generate fully functional skin that
adapts with the growing patient. This thesis focused on the design of the dermal component
with an emphasis on deciphering mechanobiology mechanisms for promoting vessel
formation in vitro and in vivo. Important design requirements for this dermal component
of the regenerative skin replacement include: biocompatibility, mechanical stability, and
rapid vascularization. The regenerative dermal replacement will utilize type | collagen,
which is advantageous since, in its fibrillar form, collagen determines the structural and
mechanical properties of skin[24]. Specifically, type I collagen oligomeric collagen, will
be used. Unlike other self-assembling collagens, such as monomeric telo- and
atelocollagens, oligomeric collagen contains intermolecular crosslinks that result in tissue
constructs  with  improved mechanical integrity,  polymerization times and
reproducibility[25], [26]. Furthermore, unlike decellularized tissues or collagen sponges,
oligomeric collagen retains cell signaling properties through its inherent cell and molecular
binding domains without the concern for immune rejection. As such, the oligomer collagen
matrix offers a promising solution by providing a microenvironment where cells have
remained viable and have responded to local matrix mechanophysical cues by displaying
altered morphology, cytomechanics, phenotype, and tissue morphogenesis[27]-[29]. To

further enhance the mechanical integrity of the biomaterial, a densification process will be
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employed[28], [29]. When oligomer collagen self-assembles into a matrix, it consists of
interconnected collagen fibrils with interstitial fluid in between. During densification, a
confined compression is used to control fluid removal from the tissue construct, resulting
in tissue constructs resembling soft connective tissues in terms of collagen density, higher -
order interfibril associations, and mechanical properties. The densification process
facilitates the creation of physiologically dense tissue constructs (40 mg/mL collagen
concentration) while maintaining the ability to readily encapsulate cells throughout the
ECM, a feat that is unachievable within top-down tissue engineering approaches. The use
of confined compression to modulate fibril architecture and mechanical properties of the
engineered tissue without compromising collagen’s biological signaling properties
provides significant advantages over conventional collagen processing techniques.
Specifically, promiscuous exogenous crosslinking agents (i.e., glutaraldehyde,
dehydrothermal treatment, ultraviolet radiation, enzymatic crosslinking) have been used to
strengthen collagen tissue constructs, which have been shown to induce cytotoxicity,
protein denaturation, infllmmation, and can mask cell binding sites[30]-[33]. In addition
to the matrix component, endothelial cells (EC) will be added for rapid vessel formation to
facilitate successful graft take and growth with the patient. Specifically, the ECs will form
vessels via vasculogenesis, or the de novo formation of blood vessels. Here, ECs are
encapsulated within an extracellular matrix (ECM), and these individual ECs migrate, form
vacuoles, coalescence into wvessels, and eventually mature/stabilize. Early in vitro
vasculogenesis models primarily employed human umbilical wvein endothelial cells
(HUVEC) due to their accessibility and ease of expansion[34]. However, their mature
phenotype results in limited proliferative and vessel-forming capacity and tends to regress
shortly (~48 hrs) after suspension within a 3D ECM[35]. Alternately, endothelial colony
forming cells (ECFCs) display high clonogenic and proliferative potential as well as robust
vessel forming capacity[36]. When compared to HUVECs, ECFCs form a higher density
of vessel networks in vitro[37]. As such, to achieve rapid vascularization of the oligomer
tissue constructs, we will encapsulate endothelial colony forming cells (ECFCs). This
pairing has been shown to form vessels that continue to persist after 2 weeks of culture in
vitro[38]. Furthermore, previous work in our lab has shown that matrix mechanophysical

features, like collagen-fibril microstructure and stiffness, guides human vessel



30

morphogenesis by ECFCs both in vitro and in vivo[38]-[40]. It has also been shown that
prevascularization of a tissue construct results in rapid anastomosis when grafted onto
animals[41]. While vascularization of these tissue constructs has been achieved, the
employed ECMs are relatively less-dense than physiologic skin (1.0-3.0 mg/mL vs. 40
mg/mL)[42], [43]. As mentioned earlier, graft characteristics, such as mechanical stability,
are important for reducing scarring and contracture outcomes. Therefore, what is needed is
a method to vascularize physiologically dense tissue constructs.

Current research approaches aimed at prevascularizing skin substitutes in vitro are
slow (2-4 weeks) and do not employ mechanically stable ECMs. The majority of
approaches are either top-down or bottom-up. Top-down approaches implement
prefabricated scaffolds, such as collagen sponges and decellularized tissues, that are seeded
with ECs[44]—-[48]. Due to the dense nature of these prefabricated scaffolds, ECs aggregate
at the periphery of the scaffold and employ simulated angiogenesis to slowly vascularize
the scaffold. Unlike vasculogenesis, angiogenesis is the formation of blood vessels from a
pre-existing vessel network. The dense aggregation of ECs mimics a blood vessel wall that
invaginates, which initiates blood vessel sprouting into the tissue construct. However, ECs
are typically seeded on one side of the tissue construct, so vessels must grow through the
entire thickness of the scaffold to fully vascularize it. On the other hand, bottom-up
approaches employ vasculogenesis. Here, ECs are encapsulated within a soluble ECM that
is subsequently polymerized, holding ECs in their 3D conformation[42], [43], [49]-[51].
ECs are dispersed throughout the ECM and begin to individually form vessels via
vasculogenesis. As vessel networks form throughout the tissue construct, they eventually
anastomose with one another, forming an interconnected vascular network throughout the
tissue construct. As such, employing vasculogenesis is favorable over angiogenesis since
vascularization concurrently occurs throughout the entirety of the tissue construct.
Although the vasculogenesis approach seems ideal, these approaches still implement low-
density ECMs (3-6 mg/mL collagen) that are more prone to tissue contraction. As such,
current tissue culture methods are cell density-limited: increased cell densities result in
tissue contraction. When tissues contract, cell-matrix tensional forces are lost, resulting in

EC vessel regression[52]. We believe that increasing the EC density while maintaining
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cell-matrix tensional forces will enhance vessel formation by bringing cells closer together

and providing mechanotransductive signaling cues for survival.

1.2 Organization of thesis

This dissertation aims to show the process by which the critical design parameters,
specifically cell-matrix tensional forces and ECFC density, can be applied to modulate in
vitro ECFC vessel formation within tissue constructs at a variety of ECM densities. Cell-
matrix interactions have been identified as a critical design parameter for tissue
vascularization[39], [52], [53]. Specifically, not only can ECs sense the type of ECM, but
they also sense the mechanical stiffness through their integrins using mechanotransduction
signaling pathways[54]. Furthermore, when the cell-matrix interactions are unbalanced,
vessel formation is compromised. In the case for imbalance towards matrix interactions, it
has been previously shown that increasing the ECM density inhibits vessel formation[52],
[55]-[58]. During vessel formation, ECs must degrade their surrounding ECM to clear a
path for nascent vessel sprouting and branching. Therefore, when the ECM density is too
high, the ECM poses a physical barrier to neovascularization. On the other end of the
spectrum, when cells dominate the cell-matrix tensional force balance, cell-mediated tissue
contraction is observed[52]. As the cell density of a tissue culture is increased, so is the
collective traction forces within the tissue construct. When the collective traction force
within the tissue construct exceeds its adhesion force to the well plate, the tissue construct
separates from the wall. Here, cell-mediated tissue construct contraction is initiated, cell-
matrix tensional forces are lost, and the encapsulated ECs regress. We hypothesized that
maintaining these cell-matrix tensional forces under high cell density conditions would
provide ECFC with signaling cues for rapid and extensive vessel network formation.
Furthermore, we hypothesized that implementing these design criteria within denser ECMs
(>10 mg/mL collagen concentration) will enable the rapid vascularization of dense tissue
constructs in vitro, a feat that remains unachieved. By increasing the ECFC density within
dense ECMs, the cell-matrix tensional forces are more balanced, favoring vessel formation.
In Specific Aim 1, we defined the critical design parameters for rapidly vascularizing low-
density tissue constructs (<10 mg/mL collagen concentration) in vitro. Here, the

multitissue interface model was proposed, and is the method used to maintain cell-matrix
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tensional forces. In Specific Aim 2, we defined cell signaling within the rapidly formed
vessels created in Aim 1. Specific Aim 3 employed knowledge gained from Aims 1 and 2
to rapidly vascularize densified oligomer tissues (>10 mg/mL collagen concentration).
Lastly, Specific Aim 4 details the development of a rat wound model that was used to

define wound healing response to densified oligomer tissue constructs.
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CHAPTER 2. IN-VITRO MULTI-TISSUE INTERFACE MODEL
SUPPORTS RAPID VASCULOGENESIS AND MECHANISTIC
STUDY OF VASCULARIZATION ACROSS TISSUE
COMPARTMENTS

2.1 Overview

Here, we detailed the development of a novel culture model that overcomes
limitations of current tissue culture models and allowed us to achieve Specific Aim 1: To
define the critical design parameters for rapidly vascularizing low-density tissue constructs
(< 10 mg/mL collagen concentration) in vitro. The story begins with the goal of rapidly
vascularizing less dense tissue constructs, because this range has been shown to facilitate
vessels formation. The novel tissue culture system we developed is the multitissue interface
model. Unlike conventional tissue cultures, the multitissue interface culture system
allowed the encapsulation of a high density of endothelial colony forming cells (ECFC)
(>2x106 cel/mL) within a tissue construct in absence of cell-mediated tissue contraction.
As such, cell-matrix tensional forces were maintained and extensive vessel formation was
observed in 3 days. This model enabled us to study ECFCs in a context that was not
previously possible. In this work, we determined that the critical design parameters for
vascularizing less-dense tissue constructs was: i.) maintaining cell-matrix tensional forces,
ii.) increasing ECFC density, and iii.) addition of adipose stromal cells (ASC) to the culture.
Defining the critical parameters for rapidly vascularizing these less-dense tissue constructs
set the foundation for rapid vascularization of a denser tissue construct that may serve as a
dermal substitute. As mentioned previously, vascularization is a key determinant of skin
graft success. The sooner that the tissue constructs can be vascularized, the better the
patient outcome will be. This work was published and featured as a spotlight application

in in the American Chemical Society: Applied Materials and Interfaces.

2.2 Introduction

A significant challenge facing tissue engineers is the design and functional
assembly of complex multitissue systems, including vascularized tissue—tissue

interfaces[59], [60]. Such systems are typically composed of multiple cell types arranged
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and organized with boundaries or within gradients of extracellular matrix (ECM)
components to perform specific functional roles[61]. Moreover, incorporating functional
vasculature within such multitissue systems is essential to their scalability, long-term tissue
survivability, and effective integration with host tissues upon implantation[62]. It is now
recognized that a complex interplay of biochemical and biophysical cues is involved in
tissue morphogenesis[63], and new design approaches to support the construction and
optimization of vascularized tissue—tissue interfaces are needed.

To create complex, vascularized tissue-engineered constructs, the guiding
mechanisms of blood vessel formation, maturation, and stabilization must first be
understood. Neovascularization, as occurs in vivo during embryonic development and
throughout adult life, involves two primary processes, namely, vasculogenesis and
angiogenesis[63], [64]. Vasculogenesis represents the de novo self-assembly of vessel
networks by endothelial cell precursors, making it ideally suited for tissue engineering
strategies. Angiogenesis involves the sprouting and elongation of new vessels from pre-
existing vasculature, a process necessary for facilitating functional anastomosis, or hook-
up, between the vascularized tissue construct and the host vasculature.

A number of critical steps and mechanisms underlying vasculogenesis and
angiogenesis have been defined using various three-dimensional (3D) in vitro
vascularization models. For example, angiogenic capillary sprouting is observed when
endothelial cells (ECs) are cultured as a monolayer atop the surface of a 3D ECM
substrate[65] or sandwiched between substrate layers[66], [67]. Capillary sprouting also
occurs from aortic rings[68], microvessels[69], EC-coated microbeads[70], or EC
aggregates/spheroids[71], [72] embedded within substrates. Collectively, angiogenesis
involves invasion of physiologically relevant substrates, such as interstitial fibrillar type |
collagen or fibrin, by activated ECs of existing vessels or monolayers; this requires limited
matrix proteolysis, proliferation, migration, and lumen formation and stabilization[73]. In
contrast, in vitro models of vasculogenesis involve monodispersion of ECs or their
progenitors, where individual cells are homogeneously distributed within a 3D substrate
(Figure 2.1AB)[74]-[76]. Here, programmed events associated with vasculogenesis
include vacuole formation, vacuole coalescence to form multicellular lumens, and vessel

maturation and stabilization[77]. These 3D in vitro models, together with corroborating in
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vivo evidence, show that vessel morphogenesis is modulated by a complex series of events
involving cell—cell, cellFECM, growth factor, and morphogen signaling[78].

While these 3D in vitro models have provided mechanistic insight into
vascularization processes, they are limited in their ability to define critical design
parameters necessary for vascularization of tissue-engineered constructs and, more
importantly, vascularization across tissue—tissue interfaces. For example, tissue construct
contraction, which results from cell-matrix traction forces, is often associated with high
cell densities and/or low-mechanical-integrity substrates[52], [79]. Such contraction events
affect vessel morphogenesis outcomes by altering the mechanical boundary conditions of
the tissue construct[52], [80], compromising the overall vessel network morphology, tissue
histology, and scalability. Improved definition and standardization of critical design
parameters, including cell type, cell seeding density, medium composition, substrate
composition, substrate physical properties, and mechanical boundary conditions, are
needed to ensure robust and reproducible functional performance of vascularized tissue
engineered constructs for both research and clinical applications[75], [81].

The present study featuresa design approach that utilizes, for the first time, biphilic
wettability surfaces having hydrophilic regions patterned onto a superhydrophobic
background to direct the formation of spherical cell-collagen tissues. Such spherical
cell-—collagen tissues can be readily integrated into a second tissue for creation of a
multitissue interface in vitro (Figure 2.1C,D). This approach enables independent
specification of each tissue’s interstitial collagen-fibril ECM and resident cell populations,
including type and density. This new culture model was applied to test a hypothesis that
independent control of cellFECM and cell-cell interactions would affect vessel
morphogenesis within a component tissue as well as across the tissue—tissue interface. An
essential element of the design approach is the application of type I collagen oligomers,
which represent a soluble collagen formulation that self-assembles to form collagen-fibril
matrices with higher-order interfibril associations. As such, the supramolecular assembly
of oligomers supports the creation of collagen—fibril matrices with a broad range of
structural and mechanical properties (specified by fibril density and matrix stiffness)
beyond those that can be achieved with conventional collagen monomers, atelocollagen,

and telocollagen[25], [39], [82], [83]. Furthermore, embedding oligomer-based tissue
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spheres within an oligomer-based surrounding tissue facilitates the creation of a
tissue—tissue interface that maintains stability even in the presence of high cell densities,
which may be necessary to replicate certain physiological conditions.

Previously, oligomer collagen-fibril matrices have been shown to provide the
necessary mechanobiological cues to induce and guide monodispersions of endothelial
colony forming cells (ECFCs) to form lumenized vessel networks stabilized by a basement
membrane both in vitro and in vivo[39], [40]. In the present work, the multitissue interface
method is applied to culture ECFCs at unprecedented densities, thereby accelerating vessel
morphogenesis to within 3 days. This culture model also demonstrates that the ECFC
density and crosstalk between ECFCs and adipose-derived stromal cells (ASCs) across a
tissue—tissue interface play critical roles in not only determination of the vessel network
morphology but also stabilization of vessels formed within and across tissue compartments.
Controlling and optimizing relevant design features associated with multitissue interfaces,
specifically the structural and mechanical features of the collagen-fibril matrix as well as
the cell composition and density, may assist the development of vascularized tissue

interfaces for a diverse range of tissue engineering applications.
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Figure 2.1 The multitissue interface model contained acollagen sphere tissue that was fully
anchored (100% surface area) to the surrounding collagen, which enhanced its ability to
resist contraction and maintain cell-matrix tensional forces. (A, C) Schematic diagrams and
(B, D) boundary conditions for (A, B) homogeneous monodispersion and (C, D)
multitissue interface culture formats. Monodispersion cultures involve homogeneous
distribution of cells within a surrounding collagen-fibril matrix. Multitissue interface
cultures are created by embedding a cell-collagen tissue sphere within a surrounding
cell-collagen tissue construct.

2.3 Materials and Methods
2.3.1 Fabrication of Biphilic Surfaces with Spatially Nonuniform Wettability

Wettability. Superhydrophobic surfaces were fabricated on Si substrates using a

metal-assisted chemical etching method[84]. The surface was first etched with 5% HF
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aqueous solution for 3 min to produce a hydrogen-terminated substrate and then immersed

into an aqueous solution containing 4.8 M HF and 5 mM AgNO3 for 1 min to create a

uniform layer of Ag nanoparticles. The surface was rinsed with water to remove surplus

Ag™ and then immersed in an etchant composed of 4.8 M HF and 0.4 M H202 for 30 min.

After etching, the Si substrate was washed repeatedly with water and immersed in dilute

HNO3 (1:2 HNO3/deionized water) for 30 min to dissolve the Ag catalyst. As a result of

this process, Si nanowires were grown uniformly across the substrate. To render the surface
superhydrophobic, the sample was silanized through immersion in a 1 mM n-hexane
solution of 1H,1H,2H,2H-perfluorooctyltrichlorosilane for 1 h followed by heat treatment
at ~150 °C on a hot plate for 1 h. The static apparent contact angle and roll-off angle of
the as-fabricated surface were measured to be ~165° and <1°, respectively, using a rame-
hart (Succasunna, NJ) model 590 goniometer; while a spherical droplet was formed upon
deposition on the surface, these highly nonwetting characteristics prevented reproducible
attachment and positioning of droplets on the surface.

In order to facilitate the formation and adhesion of spherical collagen and
cell-collagen droplets on the surface, laser-assisted surface treatment was used to
selectively create hydrophilic regions on the superhydrophobic background. An array of
dots (0.9 mm diameter dots with a center-to-center spacing of 4.5 mm) was generated on

the surface using a commercial CO2 laser-engraving system (PLS6MW, Universal Laser

Systems, Inc., Scottsdale, AZ; 75 W, laser wavelength = 10.6 um). The system was used
to inscribe the desired pattern on the substrate by raster-scanning the laser beam across the
surface at aspeed of 0.2 m/s with 400 pulses per inch. The laser irradiation rapidly increases
the local temperature and removes the superhydrophobic surface-coating material,
generating hydrophilic dots to which droplets can attach.

The biphilic surfaces were exposed to two different sterilization techniques,
including an autoclave (121 °C, 15 atm, 15 min) and 80% ethanol diluted in Milli-Q water
(15 min). Surfaces that received the 80% ethanol treatment were rinsed thrice in sterile
phosphate-buffered saline (PBS) and then air-dried. Contact angle measurements of water
droplets (5 uL) were taken before and after the sterilization treatments. Surfaces were tested

in triplicate (n = 3), and the results were compared using a paired t test.
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2.3.2 Preparation of Type I Collagen Oligomers

Type | collagen oligomers were acid-solubilized from the dermis of market-weight
pigs and lyophilized for storage as described previously[39]. The oligomer formulation
was standardized on the basis of molecular composition as well as polymerization capacity
according to ASTM International standard F3089-14[85]. Here the polymerization
capacity is defined by the matrix shear storage modulus, G’ (in Pa), as a function of
oligomer concentration in the polymerization reaction. Each collagen solution was diluted
with 0.01 N HCI to achieve the desired concentration and neutralized with 10x PBS and
0.1 N NaOH to achieve pH 7.4[86]. Neutralized solutions were kept on ice prior to

induction of polymerization by warming to 37 °C.

2.3.3 Validation of Collagen Sphere Geometry and Reproducibility

Type 1 collagen oligomers were diluted in 0.01 N HCI and neutralized to stiffness
values of 0, 200, and 1000 Pa, which correspond to final oligomer concentrations of 0.0,
1.4, and 2.9 mg/ mL, respectively. Air-displacement (Pipetman, Gilson Inc., Middleton,
WI1) and positive-displacement (Microman, Gilson Inc.) pipettes were used to dispense
oligomer at specified volumes of 5, 10, and 15 puL. onto the hydrophilic spots of the biphilic
surface, resulting in sphere formation (Figure 2.2). For each experimental group, triplicate
spheres were formed (n = 3). Sphere volumes were measured from goniometer images, and
the sphere geometry was characterized by the droplet height-to-width aspect ratio (ImageJ,
NIH, Bethesda, MD):

Hgspn
Aspect Ratio = P

(1)

Wsphere
where Hsphere and Wepnere represent the height and width of the oligomer sphere,
respectively. An ideal sphere would have an aspect ratio of 1; the amount of reduction

below 1 indicates the degree of sphere distortion.
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Figure 2.2 (A) Schematic diagram demonstrating interactions of a droplet with surfaces
having uniform wetting properties. (B) Biphilic surfaceswith hydrophilic spots surrounded
by superhydrophobic regions used to form collagen or tissue spheres. The
superhydrophobic areas facilitate sphere formation, while the hydrophilic spots assist in
deposition and adhesion of spheres to the substrate. (C) Overview of the tissue sphere
formation process. Aliquots of neutralized oligomer solution in the presence or absence of
cells are deposited onto the hydrophilic spots of the biphilic surface. The surface is
subsequently placed into a humidified 37 °C incubator to induce self-assembly of collagen
fibrils (polymerization). The rightmost photograph shows oligomer collagen spheres with
volumes of 15, 10, and 5 uL. formed on the biphilic surface

2.3.4 Cell Culture

Human ECFCs were isolated from umbilical cord blood and cultured as described
previously[87]. Low-passage human ASCs were grown according to the manufacturer’s
instructions (Zen-Bio, Research Triangle Park, NC). Both ECFCs and ASCs were
propagated in complete endothelial cell growth medium (EGM-2, Lonza, Walkersville,
MD) supplemented with 10% fetal bovine serum (HyClone, ThermoFisher Scientific,
Waltham, MA). Cells were grown and maintained in a humidified environment of 5% CO,

in air at 37 °C. ECFCs and ASCs were used in experiments at passages between 8 and 13.
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2.3.5 Preparation of 3D Monodispersion and Multitissue Interface Tissue Constructs

For the monodispersion format (Figure 2.1AB), ECFCs were suspended in
neutralized oligomer ata density of 0.5x106, 2x106, or 5x10° cells/mL. The oligomer—cell
suspension was aliquoted into a 48-well plate (250 puL/well) and subsequently polymerized
at 37 °C for 15 min.

For the multitissue interface format (Figure 2.1C,D), 5 uL aliquots of oligomer—cell
suspension were pipetted onto the biphilic surfaces to create spheres, which were
polymerized for 10 min at 37 °C. Next, the oligomer—cell suspension for the surrounding
tissue was pipetted into 48-well tissue culture plates at 250 pL/well. A single polymerized
oligomer—cell sphere was immediately placed in the center of each well, and the
surrounding tissue was polymerized for 15 min at 37 °C. The volumes of the sphere and
surrounding tissue microenvironment were selected such that the sphere was not in contact
with the upper (liquid—air interface) and lower (cultureware) surfaces, ensuring uniform
and highly reproducible tissue—tissue interactions and mechanophysical properties across
the sphere surface area. All of the tissue constructs were cultured in complete EGM-2
medium in an incubator (5% CO2, 37 °C) with daily medium replacements. All of the

experimental groups were tested in triplicate (n = 3).

2.3.6  Assessment of Sphere and Overall Tissue Contraction

To monitor qualitative changes in the embedded sphere and tissue construct volume
as a function of cell seeding density and time, macroscopic top-view images of the 48-well
plate were taken at 0, 24, 48, and 72 h. The sphere boundary was identified in each image,
and the sphere cross-sectional area was calculated using ImageJ. After 3 days of culture,
tissues were rinsed thrice in PBS, fixed in 3% paraformaldehyde, and rinsed thrice again
in 1x PBS. A volume displacement method was used to quantitatively measure the final
tissue volume. Triplicate wells containing tissue constructs, along with three empty wells,
were carefully filled with PBS. Next, the supernatant (PBS) from eachsample was weighed
using an analytical balance (BP 210 D, Sartorius, EIk Grove, IL). The known mass of the
supernatant and the density of waterat 21.5 °C (0.9979 g/mL) were used to calculate the

supernatant volume, Vsupernatant. Which represents the volume in the well not occupied



42

by tissue. The volume calculated for the empty wells represents the total volume of each

well, Vel Subtracting Vsypernatant from Vel gives a measure of tissue volume:

Vtissue = VYwell — Vsupernatanl (2)
From initial tissue volumes, Vj, of 250 and 255 pL for the matrix-only and

multitissue interface methods, respectively, the final tissue volume percentages were

calculated:

_Vfi;f“e * 100% = Final Tissue Volume %
L

2.3.7 Immunostaining of 3D Tissue Constructs

Tissue constructs were fixed in 3% paraformaldehyde after 3 days of culture,
permeabilized with 1% Triton X-100, blocked with 1% bovine serum albumin, and stained
with rabbit anti-human collagen type 1V (ab6581, Abcam, Cambridge, MA) overnight at
4 °C. The constructs then were rinsed with PBS and incubated with goat anti-rabbit—A lexa
Fluor 633 conjugate (A-21070, Life Technologies, Carlsbad, CA) overnight at 4 °C. After
rinsing, constructs were counterstained with fluorescein isothiocyanate (FITC)-conjugated
Ulex europaeus agglutinin 1 (UEA-1) lectin (L9006, Sigma-Aldrich, St. Louis, MO) and
phalloidin (A22283, Molecular Probes, Eugene, OR) to stain the endothelial cell membrane
and actin cytoskeleton, respectively.

2.3.8 3D Vessel Morphology Analysis

For 3D qualitative analysis, tissue constructs were imaged using an Olympus
FluoView FV-1000 confocal system adapted to an inverted microscope (1X81, Olympus
Corporation, Tokyo, Japan). Image stacks were collected from one to three locations within
each of the three independent tissue constructs per experimental group. All of the image
files were imported into MATLAB (The MathWorks, Natick, MA) to create projections of
each stack. Confocal reflection microscopy was used to visualize the collagen-fibril
microstructure[88].

For quantitative vessel morphometric analysis, a confocal image stack
(635.9x635.9x100 um?3) was collected from the tissue sphere within each of the three
independent tissue constructs per experimental group (n = 3). Image files were imported
into Imaris (Bitplane, Concord, MA) for 3D reconstruction and analysis. Briefly, an

3)
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isosurface was created and split into individual surface objects that were characterized by
a set of geometric parameters including sphericity, ellipticity (prolate or oblate), ellipsoid
axis length, and volume. Objects were then classified asa quiescent cell, short vessel, small
vessel network (SVN), extensive vessel network (EVN), or other using the decision tree
Supplemental Figure 1. Objects with volumes less than 2000 um3 were regarded as debris
and not considered in the morphological profile analysis. The volumes of objects classified
as a short vessel, SVN, and EVN were summed to calculate the total vessel volume, which

was used to calculate the vessel volume percentage of the entire imaged volume.

2.3.9 Quantification of Alignment of Collagen Fibrils and Cells.

Confocal reflection and fluorescence image volumes were used to determine the
collagen fibril and cell orientations, respectively. Image volumes (1309 pum x 436 um x 30
um) were captured in such a way that their length was oriented parallel to the normal line
of the sphere. Eachimage volume was then segmented into thirds lengthwise to determine
the orientation as a function of distance from the tissue— tissue interface. The angular
direction was calculated using an ImageJ fast Fourier transform algorithm. The absolute
values of all orientation angles were then divided by 90 to create a normalized alignment
parameter with values of 0 and 1 representing orientations tangent (parallel) and normal
(perpendicular) to the sphere surface. Two image volumes within each of three replicate

constructs were analyzed

2.3.10 Statistical Analysis

Statistical analyses were performed using statistical analysis software (SAS, Cary,
NC). Unless otherwise stated, comparisons were made using one-way analysis of variance

(ANOVA) with a Tukey posthoc test. A critical global p value of 0.05 was used.

2.4 Results and Discussion
2.4.1 Biphilic Surfaces Reproducibly Form Collagen and Tissue Spheres

Superhydrophobic surfaces are characterized by a large water droplet contact angle
(>150°; see Figure 2.2A) and low contact angle hysteresis (<10°), resulting in spherical

droplets that roll off the surface even whenit is tilted at a very slight angle. In the present
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work, biphilic  surfaces consisting of hydrophilic regions patterned onto a
superhydrophobic surface supported the highly reproducible formation of variously sized
tissue spheres composed of polymerized collagen-fibril matrices in the presence and
absence of cells (Figure 2.2B,C). Patterning the superhydrophobic surface with small
hydrophilic spots was necessary to facilitate solution deposition and prevent free rolling of
spheres. Spots with a diameter of 0.9 mm preserved a high contact angle of greater than
150°, creating highly spherical tissue construct geometries.

A full factorial experimental design was performed to quantify the effects of
oligomer matrix stiffness (as specified by the oligomer concentration) and volume (5, 10,
or 15 pL) onthe tissue sphere geometry and reproducibility. For a given target tissue sphere
volume, the measured sphere volume delivered by anair-displacement pipet was inversely
related to the collagen-fibril matrix stiffness (oligomer concentration) (Figure 2.3A). The
measured tissue sphere volumes for 1000 Pa oligomer, representing the highest-viscosity
solution, were roughly 73%, 78%, and 84% of the specific target volumes of 5, 10, and 15
uL, respectively. The use of a positive-displacement pipet dramatically improved the
volume delivery accuracy and precision. In fact, when a positive-displacement pipet was
used to create 1000 Pa spheres, the accuracy was at least 87% and the precision was 1.9%
or better for all volumes tested. Unlike air-displacement pipettes, which use a compressible
dead-air volume to move the fluid, positive-displacement pipettes use an incompressible
piston to move the fluid. This direct contact enhances the accuracyand precision, especially
for viscous liquids. Finally, although gravity effects caused an inverse relationship between
the sphere aspect ratio and the measured volume, the sphere aspect ratios were greater than
0.8 for all volumes and matrix stiffness values tested (Figure 2.3B). Taken together, the
results demonstrate that the oligomer tissue sphere volume and geometry can be

reproduced with high precision and accuracy
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Figure 2.3 The method for producing collagen spheres was reproducible when using the
positive displacement pipet. Due to gravity, the collagen spheres became flatter as the
volume of the droplet was increased. (A) Representative goniometer images and
volumetric measurements for oligomer spheres prepared at target volumes of 5, 10, and 15
pL with matrix stiffnesses of 0 (water), 200, and 1000 Pa (specified by the oligomer
concentration). The goniometer images represent oligomer spheres (200 Pa) prepared at
designated volumes (scale bar = 1 mm). Target volume indicates the volume specified on
the air-displacement (Air) or positive-displacement (Pos) micropipette. (B) Scatter plot of
measured oligomer sphere volumes and aspect ratios for all of the matrix stiffness values.
Data points represent a combination of 0, 200, and 1000 Pa oligomer spheres.

2.4.2 Multi-tissue Interface Format Prevents Cell-Mediated Tissue Contraction of High-
Cell-Density Tissues

A number of researchers, including our group, have shown that conventional
monodispersion cultures of ECs or their progenitors within type | collagen or fibrin
matrices undergo vasculogenesis[38], [40], [52], [53], [89]. The extent of vessel network
formation, as well as their maturation and stability, depends on specific microenvironment
conditions, including matrix composition and physical properties[25], [40], [52], [90], [91],
medium composition[92], type of EC[52], and addition of accessory cells[77], [91]. The
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extent of vessel formation was also shown to be positively correlated with the EC seeding
density[93]; however, seeding densities of 1x10° cells/mL or lower are routinely used to
avoid tissue construct contraction. Tissue contraction depends on the combination of cell
density and type[52], matrix type and associated physical properties[94]-[96], and physical
boundary conditions[79], [95]. Culture surface coating with glutaraldehyde,
polyethylenimine, or poly-L-lysine may be applied to improve construct adherence and
minimize contraction[55], [97].

Here we evaluated both the conventional monodispersion format and the proposed
multitissue interface culture format on their ability to maintain mechanical boundary
conditions and avoid tissue construct contraction (Figure 2.4). In all of the experiments,
the oligomer concentration was kept constant at 1.4 mg/mL (G’ = 200 Pa) since
conventional monodispersion culture of ECFCs within this matrix formulation has been
shown to induce robust vessel formation[38]. The volumes of the sphere (5 uL; ~2 mm in
height) and surrounding tissue microenvironment (250 pL; ~2.6 mm in height) were
selected such that the tissue sphere was completely embedded within the surrounding tissue
microenvironment, ensuring uniform and highly reproducible tissue—tissue mnteractions
and mechanophysical properties across the sphere surface area. As expected, for
monodispersion cultures (Figure 2.4, top), the tissue construct contraction increased
significantly (p < 0.05) with increasing cell density, except for constructs prepared at the
lowest ECFC density (0.5x10° cells/mL), where contraction was not detected. Tissue
constructs prepared with 2x106 and 5x10% cells/mL displayed density-dependent
contraction as early as 24 h, with final tissue volume percentages of 38.5 + 12.6% and 10.3
+ 12.1%, respectively, after 3 days of culture. In contrast, all of the constructs prepared
using the multitissue interface method maintained their starting tissue volumes regardless
of ECFC seeding density (Figure 2.4, bottom). Additionally, there was no statistically
significant change in the cross-sectional area of the embedded sphere for any of the
experimental groups over the 3 day time period (Figure 2.4). Notably, tissue sphere
embedment within a surrounding tissue matrix represents a variation of bilayered collagen
substrates in which two collagen matrices are polymerized consecutively, one on top of the
other[98]. Both approaches result in fusion of two different tissue microenvironments to

create a tissue interface. Unlike the conventional monodispersion format, the multitissue
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interface approach incorporates a tissue—tissue interface that prevents cell-mediated tissue
contraction, representing a more controlled and physiologically relevant microenvironment.
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Figure 2.4 Sphere tissues within the multitissue interface model prevented cell-mediated
contraction at all time points and densities, while the monodispersion tissue constructs
experienced an increase in rate and extent of contraction as cell density was increased.
Time-dependent contraction of tissue constructs prepared using (top) the monodispersion
format and (bottom) the multitissue interface method. Monodispersion constructs were
prepared by seeding 0.5x106, 2.0x106, or 5.0x106 ECFCs/mL within an oligomer matrix
(200 Pa). Multitissue interface constructs involved embedding an oligomer sphere (200 Pa,
5 uL; arrows) prepared with 0.5x106, 2.0x108, or 5.0x106 ECFCs/mL within a surrounding
tissue consisting of 0.5x10% ECFCs/mL within an oligomer matrix (200 Pa). Final tissue
volumes were measured after 72 h of culture and compared statistically using Tukey’s test.
Letters indicate statistically different groups (p < 0.05).

As presented here, our in vitro multitissue interface model involves a “tissue
spheroid” formed with a specified cell population as well as a specified ECM component.
Such an approach should be distinguished from the more well established “cell spheroids”,

which are formed exclusively from cells. Specifically, endothelial cell spheroids, formed
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in the absence of any specified matrix component, are routinely embedded within a
surrounding collagen matrix, creating an in vitro model of angiogenesis[99]. Spheroid
formation is induced by culturing endothelial cells overnight within nonadherent
cultureware[72], [100]. Compared with the multitissue interface model, cell-cell
interactions dominate within endothelial cell spheroids, and vasculogenesis is not observed.
Instead, vessels sprout and extend from the spheroid into the surrounding matrix,

mimicking angiogenesis[99]

2.4.3 Multi-tissue Interface Cultures Enhance the Rate and Extent of Vessel
Morphogenesis and Stabilization

In the present study, we compared the two culture formats and observed differences
at the tissue and cellular levels in terms of vessel morphogenesis. Although both formats
showed that the extent of vessel formation was positively correlated with ECFC density,
dramatic differences in vessel network induction, morphology, and stabilization were
observed; this is largely attributed to differences in the mechanical boundary conditions
(Figure 2.5). Consistent with our previous reports[38], ECFCs cultured for 3 days at low
density (0.5%10° cells/mL) in a monodispersion format were round or vacuolated with
regional collagen type IV deposition associated with ECFC membranes (Figure 2.5A). As
the ECFC density increased, vacuolated cells fused, forming increased numbers of small
vessel networks with type IV collagen deposition apparent along the length of the vessel.
Constructs containing 5x106 ECFCs/mL appeared to have the highest vessel density
because of contraction of the tissue volume; however, the ECFCs remained round or
formed only short vessels with limited network interconnections (Figure 2.5A). For
monodispersion cultures, the cell-matrix tension balance is quickly lost upon tissue
contraction, which occurs when collective cell traction forces overcome tissue—plastic
adhesive forces. As such, the matrix—integrin—cytoskeleton signaling experienced by the
vessel-forming endothelial cells is altered, compromising vessel elongation and
anastomosis. Clearly, these results confirm that sufficient cell-matrix traction forces are
necessary for induction of vasculogenesis as well as vessel morphogenesis[101]. In
addition, the number of vessel-forming networks, which depends on the ECFC density, is

an important driver for network connection or anastomosis.
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Figure 2.5 Within the uncontracted tissue constructs (multitissue interface model,
BOTTOM), ECFC vessel formation increased with increasing ECFC density. On the other
hand, the contracted monodispersion tissue constructs contained smaller, compromised
vessel formation. Projections of confocal image stacks (50 um thick) illustrating vessel
network formation (green fluorescence, lectin) and type IV collagen deposition (red
fluorescence) following 3 days of culture in either (A) the monodispersion format or (B)
the multitissue interface format. Confocal images were taken within the tissue sphere of
the multitissue interface format. Monodispersion constructs were prepared by seeding
ECFCs at specified densities within an oligomer matrix (200 Pa, 250 pL). Multitissue
interface constructs were prepared by embedding an oligomer sphere (200 Pa, 5 uL)
prepared with ECFCs at a specified density within a surrounding tissue consisting of
0.5x108 ECFCs/mL within an oligomer matrix (200 Pa, 250 pL). After 3 days of culture,
the 5x108 ECFCs/mL sphere demonstrated superior vessel network formation relative to
the other groups. Scale bars = 150 pm .
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Results observed with the multitissue interface model further support the concept
that both the number of vessel-forming networks and cell-matrix traction forces are critical
to the overall vessel morphogenesis process. In this format, tissue sphere ECFCs showed
rapid, extensive vessel network formation (Figure 2.5B) that increased with ECFC seeding
density. Infact, extensive multicellular vessel networks stabilized by type 1V collagen were
apparent within only 3 days. This accelerated rate of vessel formation is at least 2 times as
fast as those in previous reports by our group[38] as well as other culture models involving
EC—pericyte cocultures[77]. Thus, our model likely better recapitulates in vivo
developmental vasculogenesis, which is said to occur in the span of between several hours
to a few days[102].

Upon comparison of the monodispersion and multitissue interface formats at the
lowest ECFC density (0.5x106 ECFCs/mL), the observed vessel numbers and
morphologies were similar, largely since ECs in the two formats experience similar
celF-matrix tension balance. In contrast, high-density multitissue interface cultures
prepared with 2x106 or 5x106 ECFCs/mL formed vessel networks that were longer and
more interconnected than those in the corresponding monodispersion cultures. We
postulate that this improved outcome may be attributed to the fact that the multitissue
interface model supports maintenance of the tissue geometry and the associated
cellF-matrix tensional forces. As shown in Figure 2.5B, multitissue interface cultures
prepared with 5x106 ECFCs/mL formed extensive, highly interconnected, and lumenized
vessel networks stabilized by a basement membrane, resembling capillary networks
(Supplemental Figure 2) formed in vivo. It has been postulated that pericytes or accessory
cells are required for stabilization of formed vessels by basement membrane deposition[77].
However, the results obtained in the present study confirm our previous findings that
oligomer collagen matrices are sufficient to induce type IV collagen deposition by ECFCs
in the absence of accessory cells[38], again emulating steps of vasculogenesis reported in
the quail[103].
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2.4.4 Customizable Tissue-Tissue Interface: ASC Addition to Surrounding Tissue
Dramatically Improves ECFC Vessel Formation and Stabilization within Tissue
Sphere

Recently, much attention has been focused on determining how accessory cells,

such as pericytes, affectvessel morphogenesis and stabilization for both in vitro and in vivo

tissue engineering strategies[90], [104]-[107].- Itis generally accepted that accessory cells
enhance vessel morphogenesis through not only paracrine signaling but also direct
cell-cell contact[108], [109]. Accessory cells also remodel and reorganize the substrate,
which in turn modulates mechanophysical EC-—matrix interactions[110]. To study
EC—accessory cell interactions, researchers routinely employ cocultures in which ECs and
accessory cells (i.e., pericytes, fibroblasts, ASCs, and bone-marrow-derived mesenchymal
stromal cells) are concurrently and homogeneously monodispersed in a substrate[77], [91],
[110]. In the present study, we employed the multitissue interface model to determine the
extent of crosstalk between the two distinct tissue compartments. Specifically, we defined
how ECFCs and ASCs, alone or in combination with the surrounding tissue
microenvironment, affect ECFC vessel formation within the embedded tissue sphere. For
these experiments, all of the tissue constructs were prepared with embedded tissue spheres
containing 5x10% ECFCs/mL. ASCs were chosen as the accessory cells because of their
suitability for autologous cell therapies.

Qualitative evaluation of constructs cultured for 3 days indicated that ASCs, ECFCs,
and ASCs + ECFCs in the surrounding tissue enhanced ECFC vessel formation within the
tissue sphere relative to the control containing no accessory cells (Figure 2.6A-D).
Although the quantified vessel volume percentages for the control (6.4 £2.1%) and ECFC-
only (6.8 + 3.5%) groups were statistically similar (p > 0.05), the ECFC-only group
contained fewer quiescent cells and vessels that appeared slightly more elongated. This
increase in the percentages of short vessels and small vessel networks and decrease in the
percentage of quiescent cells were captured by the new algorithm designed to quantify
identified categories of vessel morphology (Figure 2.6A, B). This quantification strategy

provided a vessel morphogenesis “fingerprint” for each experimental group studied.
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Figure 2.6 The presence of ASC in the surrounding tissue provided a significant boost to
ECFC vessel volume percentage within the sphere tissue compartment. Projections of
confocal image stacks (200 pum thick) taken within the tissue sphere, illustrating vessel
network formation and basement membrane deposition for various multitissue interface
constructs after 3 days of culture. ECFC-encapsulated oligomer spheres (200 Pa, 5x10°6
ECFCs/mL, 5 pL) were embedded in oligomer matrices (200 Pa, 250 pL) seeded with
either (A) no accessory cells, (B) ECFCs only, (C) ASCs only, or (D) a combination of
ECFCs and ASCs. Tissue constructs were stained with UEA1 lectin (green fluorescence)
and type IV collagen (red fluorescence) for visualization of ECFC vessel networks and
deposited basement membrane, respectively. The inset at the bottom right in each panel
contains quantified vessel morphology parameters and vessel volume percentages. The
vessel volume percentage increased significantly with the presence of ASCs in the
surrounding tissue, as determined using Tukey’s test. Superscript letters indicate
statistically different groups (p < 0.05). Scale bars = 150 pm.

A dramatic difference wasobserved in both the volume percentage and morphology
of vessels formed when ASCs were added to the surrounding tissue. Both the ASC and
ASC + ECFC groups induced the formation of highly interconnected and persistent vessel
networks (Figure 2.6C, D). The vessel volume percentages for the ASC and ASC + ECFC
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groups were 16.2 + 4.7% and 19.0 = 4.5%, respectively, which were more than 2-fold
greater than those without ASCs. In terms of vessel morphology, the ASC and ASC +
ECFC groups were composed of 87% and 85% extensive vessel networks (EVN),
respectively, compared with roughly 50% EVN for groups without ASCs. Unlike
conventional monodispersion cultures, where ECs and accessory cells are cocultured
together within a substrate, the multitissue interface model allows ECs and accessory cells
to be cocultured in separate but interfacing tissue environments. This approach effectively
minimizes the influence of initial direct cell-cell contact but allows diffusion of paracrine
signals. While an ASC-conditioned medium has been shown in past studies to positively
affect EC outgrowth and wvessel formation, it did not induce angiogenic vessel
sprouting[106], [111]. Similar observations were made in our multitissue interface model,
where vascularization was confined within the tissue sphere. Collectively, such findings
further suggest that ASC—ECFC crosstalk positively influences vasculogenesis through
ASC-mediated paracrine signaling as well as transmission of matrix mechanophysical

signals.

2.4.5 Increasing the ASC Density Within the Surrounding Tissue of the Multitissue
Interface Construct Further Enhances Vascularization within the Tissue Sphere and
Across the Tissue—Tissue Boundary

Because enhanced vasculogenesis was observed at a low density of ASCs (0.1x106
cells/mL) in the surrounding tissue, we hypothesized that increased ASC density would
lead to increased vessel volume percentage within the tissue sphere and also facilitate
vessel elongation (angiogenesis) across the tissue interface. Once again, all of the tissue
spheres were prepared with 5x106 ECFCs/mL at a volume of 5 uL within 200 Pa oligomer
collagen. After 3 days of culture, enhanced vasculogenesis within the tissue sphere was
evident both qualitatively and quantitatively, with an increase in the vessel volume
percentage with increasing ASC density (Figure 2.7A, B). The increase in vessel volume
percentage was further correlated to the EVN percentage, with EVN percentages of 80%,
90%, and 94% for groups containing 0.1x106, 0.2x106, and 0.5x10% ASCs/ mL,
respectively. Therefore, the extent of vascularization within the tissue sphere was
positively correlated with the ASC density in the surrounding tissue. Furthermore, ASCs

assumed a pericyte-like role, migrating toward the abluminal wall of the wvessels
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(Supplemental Figure 3) which is consistent with previous findings in 3D models using
fibrin[109].

Another interesting finding was the modulation of vascularization events at the
tissue—tissue boundary as a function of ASC density. As shown in Figure 2.7C, when the
surrounding tissues were seeded with lower ASC densities (0.1x108 and 0.2x106
ASCs/mL), vascularization events were confined primarily to the tissue spheres. However,
constructs containing 0.5x105 ASCs/mL showed enhanced vasculogenesis within the
sphere as well asvessel elongation or angiogenesis across the tissue interface (Figure 2.7C).
Furthermore, the amount and extent of ASC orientation toward the sphere increased with
ASC seeding density (Figure 2.8). It is well-established that ECFC-secreted platelet-
derived growth factor BB (PDGF-BB) is a potent chemoattractant for not only pericytes
but also ASCs[112]-[114], making paracrine signaling likely to have contributed to ASC
alignment. Another possible contributing factor is mechanotransductive cues. Previous
research involving the in vitro EC spheroid model showed that cell traction forces of the
EC spheroid radially align collagen fibrils, creating collagen “paths” extending outward
from the EC spheroid[100]. Additionally, EC spheroids showed preferential angiogenic
sprouting toward one another even when located 600—800 pm apart. Interestingly their
observed long-distance angiogenic sprouting was preceded by matrix reorganization. In
our model, we observed increased collagen-fibril alignment or “paths” with increasing
ASC density in the surrounding tissue for distances exceeding 1000 um (Figure 2.8). The
distance of ECM alignment was positively correlated with the ASC density in the
surrounding tissue. Our current observations combined with those reported in the literature
provide evidence that ECFC—ASC crosstalk across tissue boundaries, including
cell-matrix  mechanophysical forces as well as paracrine signaling, are important
vascularization determinants, contributing to both early-stage vasculogenesis and later-

stage angiogenesis and vessel elongation.
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Figure 2.7 Increasing ASC density in the surrounding tissue compartment resulted in (TOP)
an increase in ECFC vessel volume percentage within the sphere tissue compartment and
(BOTTOM) ECFC angiogenic sprouting across tissue compartments. (A) Projections of
confocal image stacks (200 um thick) illustrating vessel network formation and basement
membrane deposition within the tissue sphere for various multitissue interface constructs
after 3 days of culture. ECFC-encapsulated oligomer spheres (200 Pa,5x106 ECFCs/ mL,
5 pL) were embedded in oligomer matrices (200 Pa, 250 pL) seeded with ASCs at either
0.1x108, 0.2x106, or 0.5 x10° cells/mL. Tissue constructs were stained with UEA1 lectin
(green fluorescence) and anti-type 1V collagen (red fluorescence) for visualization of
ECFC vessel networks and deposited basement membrane, respectively. Scale bars = 150
um. (B) Quantified vessel morphology parameters show that the vessel volume percentage
as well as the percentage of extensive vessel networks were positively correlated with the
ASC density. Tukey’s test was used to compare groups. Superscript letters indicate
statistically different groups (p < 0.05). (C) Projection of confocal image stacks (50 um
thick) illustrating vessel network formation at and acrossthe tissue—tissue interface (dotted
line). Tissue constructs were stained with phalloidin (green fluorescence) and anti-type 1V
collagen (red fluorescence) for visualization of cells and deposited basement membrane,
respectively. Scale bars = 150 pum.
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Figure 2.8 Increasing the ASC density in the surrounding tissue compartment increased the
cell-matrix tensional forces, resulting in matrix and cellular alignment towards the sphere
tissue compartment. (LEFT) Schematic showing imaging areas with specified distances
from the sphere. (CENTER) Projections of confocal image stacks (30 pum thick) outside
the tissue sphere for various multitissue interface constructs after 3 days of culture. ECFC-
encapsulated oligomer spheres (200 Pa, acellular or 5 %106 ECFCs/mL, 5 uL) were
embedded in oligomer matrices (200 Pa, 250 pL) seeded with ASCs at either 0.0%106,
0.1x106, 0.2x10%, or 0.5x106 cells/mL. Tissue constructs were stained with phalloidin
(green fluorescence) for visualization of ASC orientation, and confocal reflectance was
used to visualize the collagen-fibril microstructure (red fluorescence). Increasing the ASC
density in the surrounding tissue increases the collective cell-mediated traction force,
leading to tension-induced alignment of collagen fibrils. Parallel alignment of collagen
fibrils appears to be positively correlated with the ASC seeding density. Constructs with
0.5x108 ASCs/mL yielded higher alignment at distances farther away from the sphere
compared with the other groups. Scale bar = 150 pum. (right) Bar graphs displaying the
alignment of the collagen fibrils (red) and ASCs (green) for each respective group.

2.5 Conclusion

Vasculogenesis and angiogenesis are dynamic and integrated neovascularization
processes that require complex spatiotemporal cell-cell, cell-matrix, and soluble factor
signaling. Herein we have described a novel in vitro multitissue interface model that is
ideally suited for diverse vascularization studies, including vascularization across
tissue—tissue interfaces, because it recapitulates a number of elements associated with in
vivo developmental vasculogenesis. Conventional in vitro models focus on vasculogenesis

(de novo formation of blood vessels) or angiogenesis (sprouting of vessels from existing
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vessels or EC monolayers). However, the multitissue interface model captures both initial
de novo vasculogenesis within the tissue sphere and later-stage angiogenesis marked by
vessel sprouting and elongation into the surrounding tissue compartment. Creating a mode |
with defined and highly reproducible tissue—tissue interfaces involved the application of
surfaces with uniquely engineered surface wettability patterns that could capture and
support various-sized tissue spheres. Reproducible model development was further
facilitated by the use of collagen oligomers, which polymerize rapidly (roughly 10 min)
and can be formulated to create a broad range of interstitial type | collagen fibril
microenvironments (beyond 2000 Pa)[39]. Conventional collagen monomer matrices, even
when used at high concentrations, yield compliant matrices with stiffness values of roughly
200 Pa or less[39]. However, the model shown herein allows control over each tissue
microenvironment in terms of matrix composition and physical properties, cell type, and
cell density. Importantly, the boundary conditions for the multitissue construct allowed the
generation of a component tissue compartment with unprecedented cell densities while
avoiding the cell-mediated tissue contraction routinely observed in high-cell-density
tissues formed via conventional monodispersion methods. The rapid vasculogenesis
observed in the tissue sphere was supported by a combination of high cell density and
sufficient ECFC—matrix mechanophysical interactions. The stable boundary conditions
and microstructure mechanical properties of the collagen-fibril matrix enabled ECFCs to
quickly generate the necessary matrix traction force to guide the formation, maturation,
and stabilization of vessel networks. Furthermore, the well-documented benefits provided
by ASC paracrine signaling were undeniably presentin our system; however, it was evident
that cell-matrix tensional forces transmitted between tissue compartments also played a
role in later-stage angiogenic vessel elongation. While the present work demonstrates the
utility of this model for mechanistic studies of tissue and tissue—interface vascularization,
the model has broader applications, including bone—soft tissue interactions, tumor—stroma
interactions, blood—brain barrier, hematopoietic stem cell niche, and islet—vascular
interactions. This novel in vitro model is expected to provide guiding principles for the
design of complex multitissue systems, including vascularized tissue-engineered

constructs for tissue engineering and regenerative medicine applications.



58

CHAPTER 3. APPLYING A MULTIPLEXPEPTIDE
BIOSENSOR TO LIVE-TRACK KINASE PHOSPHORYLATION
WITHIN ENDOTHELIAL CELLS CULTURED IN THREE-
DIMENSIONS

3.1 Overview

Chapter 3 details an interlaboratory collaboration between the Harbin and the
Iyudayaraj lab. In chapter 2, we used the multitissue interface model to determine the
critical design parameters for rapid vascularization in less-dense tissue constructs. Here,
we found that ECFC density, cell-matrix tensional forces, and the presence of ASC was
important for rapid vascularization. However, the cellular mechanism underlying the rapid
vessel formation was not investigated. To understand this “black box,” we employed
peptide biosensors developed by Dr. Nuri Damayanti to track the signaling within live
ECFCs cultured in the multitissue model 1 developed. Live imaging of cell signaling is
advantageous over terminal end-point data collection (i.e., western blot, mass
spectrometry), because it allows the study of transient cells signaling dynamics in response
to astimulus. When developing abiosensor, it is essential that the testing platform is robust.
Since vessel formation is difficult to achieve and maintain in vitro, it was important to use
the multitissue model to achieve rapid, robust vessel formation. Using the peptide
biosensors, we further defined the critical design parameters determined in Chapter 2.
Specifically, we probed the Vascular Endothelial Growth Factor Recepter-2 (VEGFR-2)
and AKT signaling pathways, both of which are essential for neovascularization. We
demonstrated that the two sensors could be taken up by a variety of cell types. Furthermore,
we employed the sensors within various endothelial cell models: i.) 2D-cultured ECFCs,
il.) 3D-cultured ECFCs (multitissue model), and iii.) vascularization within zebrafish. All
three models demonstrated transient sensitivity to the presented stimuli. Overall, the
significant finding of this work was that we could live-track ECFC signaling within the
rapidly formed vessels, which allowed us to further define the critical design parameters of
the multitissue model. Future work employing these two technologies may provide insight
on optimizing the timing for grafting based on EC signaling dynamics. This work resulted

in a published manuscript in the American Chemical Society: Sensors.
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3.2 Introduction

While achieving vascularization in a robust and rapid manner is important, it is
useful to define the underlying cellular signaling pathways. Within the multitissue interface,
we include two tissue groups: asmall tissue sphere containing a high cell density of ECFCs,
and a surrounding tissue to anchor that tissue in place. It is clear that this multitissue model
involves increased cell-cell interactions from previously reported models. Additionally,
since the tissue sphere is anchored in place, the matrix is kept intact, and thus cell-matrix
interactions remain a prominent signaling modality in this system. While conjectures can
be made on the contributions of each signaling modality towards vessel formation, specific
cellular mechanisms underlying the vessel formation in this model are not yet fully
understood.

The dynamic process of vessel formation involves cell proliferation, migration,
differentiation, and apoptosis, which are all in response to the complex cellular signaling
response. Generally, a cell’s response involves movement of the signal from a receptor
down a signaling cascade. One aspect of cell signaling, specifically kinase phosphorylation,
plays a key role in intracellular signaling. When phosphorylated, the substrate undergoes
conformational changes, altered localization, or interacts with an adaptor protein to bring
about changes in its activity[115], [116]. Overall, this phosphorylation event triggers a
downstream phosphorylation cascade that controls the cellular response[117]. In fact,
multiple kinases take part in regulating downstream signaling, which results in complex
regulation atthe post-translational level. Furthermore, the spatial localization of the kinases,
along with its activity, further exemplifies the complexities of kinase signaling.

Regarding endothelial cell signaling, vascular endothelial growth factor receptor-2
(VEGFR-2) is amajor receptor responsible for cell growth, survival, and vessel formation.
Moreover, the VEGF-A/VEGFR-2 is known as the most prominent ligand-receptor
complex within the VEGF system[118]. When VEGF binds to VEGFR2, this results in
autophosphorylation of a tyrosine residue in the intracellular domain of VEGFR2,
specifically Tyr801. Once this domain is phosphorylated, it upregulates the
phosphorylation of Tyrl054 and Tyrl059, further increasing its own activity[119].
Downstream from VEGFR2 are a myriad of signaling proteins: protein kinase ¢, AKT,
p3BMAPK, RAC, RHO GTPases, ERK, and MTOR to name a few. VEGFR2 has been
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found to be most extensively expressed on endothelial cells, with the highest expressions
happening during embryonic vasculogenesis and angiogenesis[120]-[122]. To further
highlight its importance in the developing embryo, the knockout of VEGFR2 in mice has
demonstrated embryonic lethality[123]. While there are many different downstream
signaling molecules to VEGFR2, one of particular importance is AKT.

AKT has been identified as the downstream signaling molecule responsible for
endothelial cell survival[124]. Asmentioned earlier, when VEGFR-2 is activated, it begins
a phosphorylation cascade that activates other signaling molecules. One of these molecules
is the phosphatidylinositol 3-kinase (PI13-K), which then phosphorylates lipids on the
plasma membrane, which activates a secondary messenger (PIP3). PIP3 recruits AKT to
the cell membrane, where AKT is activated. It is clear that these signaling cascades are
dynamic, involving the movement of proteins to different parts of the cell in order for
activation to occur.

The ability to monitor kinase activity and location would provide tremendous
insight on how a specific stimulus affects the complex, intracellular signaling cascade.
However, this ability remains difficult to achieve. Current approaches for measuring
protein phosphorylation involve western blot[125], mass spectrometry[126], and
radioactive labeling[127]. While these methods have proved useful over the years, these
approaches require alarge number of cells and are only able to capture the average response
of a cell population. What is needed is the ability to monitor these phosphorylation events
in living cells on a single-cell level, as it could provide useful information on cell response
to a specific stimulus.

Other groups have implemented peptide biosensors or genetically engineered
probes and have been able to measure protein kinase activity on a single-cell level[128]—
[131]. However, these methods employ cell lysates and use either fluorescence intensity-
based measurements or Forster resonance energy transfer (FRET), both of which provide
challenges for multiplex evaluation. In contrast to these methods, fluorescence lifetime
imaging (FLIM) is advantageous, because FLIM is less dependent on excitation power.
Another added benefit is that FLIM analysis is not dependent on probe concentration

allowing more flexibility in terms of experimental setup and analysis.
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In this work, we implemented multiple peptide biosensors within living cells to
track kinase phosphorylation using time-correlated single photon counting FLIM (TCSPC-
FLIM)[132]-[134]. The peptide biosensors were developed by the Iyudayaraj lab, while
the robust vessel formation platform was developed by the Harbin lab. TCSPC-FLIM
enables detection of a specific fluorescent species based on its fluorescence lifetime. This
capability makes TCSPC-FLIM an ideal choice for monitoring multiple kinases
simultaneously. Inthe present work, we targeted signaling molecules that play a significant
role in blood vessel formation, specifically vascular endothelial growth factor receptor-2
(VEGFR-2) and a downstream signaling molecule, AKT[135], [136]. Previous works
employed pharmacological inhibition[137], RNA interference[138], [139], and
immunoblotting[140], and have shown that differential signaling between VEGFR-2 and
AKT result in different cell responses. As such, developing an approach to monitor kinase
signaling between these two targets would be useful for researchers in areas of drug
development, oncology, synthetic biology, biomaterials, and toxicology.

While the molecule probe used for data acquisition is important, we must also
consider an ideal model to use for vessel formation. To vascularize tissue constructs,
endothelial cells (EC) are combined with an extracellular matrix (ECM) and growth factors.
In these models, the ECs attach to the extracellular matrix (ECM) and begin to sense and
respond to a range of stimuli: the ECM, other ECs, and growth factors. While there exists
a large number of approaches that have enabled robust vessel formation and have allowed
thorough study of vasculogenic vessel formation events, these approaches oftentimes apply
excessive growth factors or apoptotic agents and are therefore not physiologically relevant.
What is needed is a robust method for in vitro tissue vascularization that maintains
physiological relevance. As such, we have decided to implement a novel multitissue
interface culture model[141]. This model incorporates an EC dense collagen sphere tissue
into a surrounding oligomer collagen tissue construct. The format of this tissue culture
model allows the culture of a high density of ECs in an uncompromised format. Using this
model, extensive tissue vascularization (>15 vessel volume percentage) has been achieved
in just 3 days, in lieu of excessive growth factors or anti-apoptotic agents. The model
achieves extensive vascularization whilst employing minimal additives, making it an ideal

candidate model for drug or biosensor testing. By merging these two platforms, we



62

developed a method to study multiple signaling pathways simultaneously, capturing both

spatial and temporal information, within a physiologically relevant system.

3.3 Materials and Methods
3.3.1 Peptide Biosensor

The design of peptide sensors was based on a well-defined preferential substrate
motif for each kinase. A delivery sequence is included in the main kinase-recognition
sequence of each sensor. VEGFR-2 sensor, VSOR, contains a VEGFR-2 kinase domain
with  phosphorylatable  tyrosine site. The complete sequence for VSOR is
GRRRAAPEDLYK(5-FAM)DFLTGRKKRRQRRRQ). The AKT sensor, ASOR,
contains the phosphorylatable serine site. The amino acids sequence for ASOR is
ARKRERAY SFK(5-FAM)HHARKKRRQRRRPQ. The excitation/emission for 5-FAM is
492/518 nm. To facilitate multiplex detection, Cy5 fluorophore with excitation/emission at
649/670 nm was used in ASOR. The sequence for nonphosphorylatable ASOR is
ARKRERAYCFK(5-FAM)HHARKKRRQRRRPQ, and phosphorylated ASOR is
ARKRERAY (Serine-phospho)FK(5-FAM)HHARKKRRQRRRPQ. All peptides were
prepared by Alpha Diagnostic at 90% purity.

3.3.2 Invitro 2D Cell Culture and In Vitro 3D Vasculogenesis Model

Human endothelial colony forming cells (ECFC) were obtained as a kind gift from
Dr. Mervin Yoder (Indiana University School of Medicine, Indianapolis, IN)and cultured
as previously described[142]. The 3D vasculogenesis model was built in a multitissue
interface format as previously described with slight modifications[141]. Specifically, the
models were created within glass-bottom petri dishes rather than 48 well plates.

3.3.3 Sensor Delivery and Imaging in 2D and 3D Cultures

Live cells in 2D and 3D cultures were incubated with the respective biosensors in
serum free medium for 20 min prior to FLIM imaging experiments. Cells were washed and
maintained in the culture medium and live cell imaging chamber with controlled

temperature at 37 °C.
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3.3.4 TCSPC-FLIM

FLIM experiments utilized a scanning confocal time-resolved microscope system
(MicroTime 200, PicoQuant, Germany)[132], [133], [143]-[146] that allows for precise
recording of the arrival time at the detector. The instrument response function (IRF)[143]

was taken into consideration during measurement and data analysis.

3.4 Results and Discussion
3.4.1 ASOR and VSOR Could be Internalized by Various Cell Types

Both ASOR and VSOR demonstrated the ability to work in a variety of different
cell lines (Figure 3.1). Both biosensors were applied to ECFC, MCF12A, RCC 786-R, and
HEK-293. In the ECFC, ASOR was found to be localized primarily in the nucleus and
appeared to diffuse outwards into the cytoplasm. The VSOR, on the other hand appeared
to be explicitly found at the nucleus as well as very lightly atthe periphery of the cell. It is
important to consider that these ECFC were cultured on a glass coverslip, a 2D condition
where ECFC are unable to form vessels. Furthermore, the ability for the sensor to be

internalized by a myriad of cells highlights the wide-range applicability of the biosensor.

RCC786-R HEK-293

RCC786-R

Figure 3.1 (A) ASOR and (B) VSOR were internalized by different cell lines,
demonstrating the versatility of the biosensor across cell types. Fluorescence images after
20 min of incubation with ASOR-Cy5 (A)and VSOR-5-FAM (B) (20 uM each) in different
cell types cultured on 2D glass coverslips at 37°C. Scale bar =20 um.
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3.4.2 2D ECFC Signaling Dynamics of VEGFR2 and AKT can be Tracked Using VSOR
and ASOR, Respectively

ECFC cultured on glass coverslips were treated with VEGF, an agonist for the
VEGFR-2, and the subsequent kinase activity was tracked using the peptide biosensors
(Figure 3.2). VEGFR-2—-AKT signaling cascade was observed during real-time multiplex
monitoring of VSOR and ASOR (Figure 3.2A-D). Within 20 min of VEGF stimulation,
VSOR exhibited an increase in fluorescence lifetime in all three major cellular
compartments; cell receptor (membrane area) (25% increase compared to t = 0), cytoplasm
(30% increase from t = 0), and nucleus (35% increase compared to t = 0) (Figure 3A, B).
Subsequently, ASOR also exhibited an increase in fluorescence lifetime indicating an
increase in AKT activity at the receptor, cytoplasm, and nucleus (Figure 3.2A, C). Increase
in the lifetime signal of both VSOR and ASOR following VEGF stimulation (Figure 3.2
A, C) demonstrates the signaling cascade between VEGFR-2 and its downstream AKT.
We also show that the stimulated signals can be inhibited, and the rate of inhibition can be
observed (Figure 3.2B, D). After 60 min of VEGF stimulation, Axitinib, a potent VEGFR-
2 small molecule inhibitor, was introduced and the signals from both sensors were
continuously monitored for another 60 min (Figure 3.2C, D). Both VSOR and ASOR
signals initially demonstrated a 10% decrease during the first 10 min following Axitinib
administration. However, ASOR signal increased after 20 min while VVSOR signal was 45%
lower than the initial state (t = 0, Figure 3.2C, D). This result is expected, given the fact
that AKT is a common signaling protein shared by distinct signaling pathways[147], [148]
and can be activated by many extracellular signals[149], [150]. Therefore, inhibition of
VEGFR-2 alone is not sufficient to inhibit AKT activation.
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Figure 3.2 ECFC cultured in 2D demonstrated an appropriate response to VEGFR-2 (A)
stimulation and (B) inhibition. (C) VEGFR-2 signaling increased with downstream
activation of AKT. Similarly, (D) VEGFR-2 signaling decreasedin response to an inhibitor
with additional downstream effects on the AKT pathway. Real-time multiplex monitoring
of VEGFR-2 and AKT phosphorylation in 2D culture. (A) FLIM images and (C)
quantitative analysis of VSOR and ASOR upon 20 ng/mL of VEGF stimulation. (B) FLIM
images and quantitative analysis (D) of VSOR and ASOR treated for 60 min with 10 nM
of the inhibitor, Axitinib in ECFC. Quantitative analysis was conducted on three cellular
compartments: cell nucleus (nuc), receptor (rec), and cytoplasm (cyt) compared to control
(TOP). Scale bar = 20 pm. n=3 biological replicates.

To further test our multiplex sensors, we stimulated ECFC with insulin, an agonist
for insulin receptor signaling pathway, in a VEGF-free medium and monitored the ASOR
and VSOR signal for 60 min (Figure 3.3A, B). As expected, ASOR signal increased by 35%
within 20 min of insulin stimulation (Figure 3.3A, B). On the other hand, VSOR signal
also showed a 10% increase from the initial state, as expected from AKT feedback[151].

we inhibited AKT alone with a potent AKT small molecule inhibitor, Honokiol. We
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monitored both VSOR and ASOR signals for 60 min (Figure 3.4A, B). ASOR signal
continuously decreased up to 10% during 60 min while VSOR signal remained relatively
constant (P > 0.05). Further testing of the sensors was demonstrated using insulin
stimulation since insulin and VEGFR-2 signaling pathways share AKT as a common
downstream kinase in their otherwise distinct signaling cascades[151],[152]. These results
demonstrate the ability of our multiplex sensing methodology to monitor the direct activity

of multiple kinases in real time.
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Figure 3.3 ECFC cultured in 2D demonstrated appropriate cell signaling response to insulin,
an AKT promotor. AKT signaling increased, which resulted in an increase in VEGFR-2
signaling. Real-time monitoring of ASOR and VSOR after 1-hour of AKT stimulation with
100 ng/mL insulin. (A) Fluorescence lifetime of VSOR (TOP) and ASOR (BOTTOM)
shows an initial increase during the first 20 minutes, followed by an oscillatory behavior
for the remaining time period. (B) Results drawn from the qualitative images were
validated by quantifying the relative change in fluorescence lifetime in both the sensors. In
the first 20 minutes, fluorescence lifetime of both sensors increased, however the increase
in ASOR (red line) was greater than VSOR (blue line). After 20 minutes, both sensors
exhibited a decreasing oscillatory response. Data is representative of three independent
biological and three technical replicates. Scale bar =50 pm.
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Figure 3.4 ECFC cultured in 2D demonstrated appropriate cell signaling response to
honokiol, an AKT inhibitor. AKT signaling decreased,which decreasedupstream VEGFR-
2 signaling. Real-time monitoring of ASOR and VSOR after 1-hour of AKT inhibition
(treatment with 100 um Honokiol). (A) Time-course FLIM images of VSOR (top) and
ASOR (bottom) showed an overall trend of decreasing fluorescence lifetime for both
sensors, although a noticeable increase in VSOR fluorescence lifetime was noted after 20
minutes. (B) Quantitative analysis showed a larger decrease in the fluorescence lifetime of
ASOR after Honokiol treatment, which was followed by a relatively smaller decrease in
the fluorescence lifetime of VSOR. VSOR showed oscillating response starting from 20
minutes with a general decreasing trend. Data was representative of three independent
biological and three technical replicates. Scale bar =50 pm.

3.4.3 3D ECFC Signaling Dynamics of VEGFR2 and AKT can be Tracked Using VSOR
and ASOR, Respectively

After validating the VSOR and ASOR sensors to monitor the VEGFR-2-AKT
signaling cascade in 2D cultures of ECFC, we extended our study to 3D cultures of ECFC.
In our tissue-like 3D vasculogenesis model, ECFCs form a vascular 3D network structure
after 72h (Figure 3.5) of culturing[141]. We validated that both of the sensors could be
internalized in these 3D-cultured ECFCs (Figure 3.6). After 30 min of incubation, both
sensors were internalized inside the 3D vasculature structure. The strategy used in 2D
cultures to monitor VEGFR-2 and AKT signaling cascade by VEGF stimulation was

utilized in 3D culture.
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Figure 3.5 Confocal images validated the presence of an intact, interconnected ECFC
vessel network. (a) Micro vessel network formed in 3D vasculogenesis model after 3 days
of culture. Phalloidin (green) and Hoechst (red) stained for visualization of F-actin and
nucleus, respectively with (A) 10x objective, (B) 20x and (C) 60x objective. Scale bar =
100 pm

Figure 3.6 ECFC-formed vessels successfully internalized ASOR and VSOR after 30
minutes of incubation with 15 uM of each sensor. 10x magnification images of 3D
vasculogenesis model from (A) the bright field mode, (B) the ASOR fluorescence channel
and (C) the VSOR fluorescence channel. Scale bar = 100 pm.

Consistent with our results from 2D cultures, upon VEGF stimulation, the
fluorescence lifetime of both VSOR and ASOR signals increased (Figure 3.7A, B).
Different regions of the vasculature structure exhibited distinct amplitude of signal
response upon VEGF stimulation (Figure 3.7A). As in our 2D culture, we also observed a
decrease in the fluorescence lifetime of VSOR and ASOR upon treatment with VEGFR-2
inhibitor Axitinib (Figure 3.7C, D), as expected.



69

1.254
—+—VEGFR2 b

- AKT

. sese
2-¥493A

Normalized Fold Changes
2 3 2 B

ANV
8

0 10 20 30 40 50 60
Time (minutes)

114 —=—VEGFR2 d
o AKT

~¥493A
Changes
283

ANV
zed
>

ASOR FL (ns) X

0 10 20 30 40 50 60
Time (minutes)

Figure 3.7 ECFC cultured in 3D demonstrated an appropriate response to VEGFR-2 (A)
stimulation and (C) inhibition. (B) VEGFR-2 signaling increased, with downstream
activation of AKT. Similarly, (D) VEGFR-2 signaling decreasedin response to an inhibitor,
with additional downstream effects on the AKT pathway. Real-time monitoring of
VEGFR-2 and AKT phosphorylation in 3D culture. FLIM images (A, C) and quantitative
analysis (B, D) for VSOR and ASOR in 3D vasculature during 60 min of observation: (A,
B) Fluorescence lifetime of VSOR and ASOR increases upon 10 ng/mL VEGEF stimulation.
(C, D) Fluorescence lifetime of VSOR and ASOR decreases within 10 min upon treatment
with the inhibitor, Axitinib at 20 nM. Scale bar =20 ym. n=3 biological replicates.

3.4.4 Multiplex Kinase Phosphorylation Monitoring in Zebrafish In Vivo Model.

Aftertesting the ASOR and VSOR in 2D and 3D culture systems, we then evaluated
the performance of both sensors for monitoring VEGFR-2-AKT signaling in vivo.
Zebrafish was used as an in vivo model to further demonstrate our sensors and the imaging
strategy. The uptake of sensors was highly efficient in the vascular system of anesthetized
zebrafish (Figure 3.8a, Supplemental Figure 4) via intravenous microinjection through the
caudal vein[151]. Biodistribution assay was also carried out in older 7 days’ post-
fertilization (dpf) larvae (Supplemental Figure 4) and younger embryo as early as 3 hpf
(Supplemental Figure 4Supplemental Figure 4 Distribution of ASOR (bottom, red) and

VSOR (top, green) 10 minutes after the sensor was microinjected into zebrafish at different
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stages of development. (A, D) 3-hour post fertilization (3hpf) embryo; (B, E) five days post
fertilization (5dpf); and (C, F) seven days post fertilization (7dpf).). Notably, rapid sensor
uptake was observed within 5 min after injection in both ages of the fish and the sensors
did not disrupt development of embryo into larvae (Supplemental Figure 5). The choice of
5 dpf larvae was based on our observation that larvae have a more developed organ than
embryo and is more durable when transferring it from the microinjection platform to the
FLIM system. Consistent with in vitro 2D and 3D results, VSOR signal within the
vasculature area of live zebrafish increased within 20 min of VEGF stimulation (Figure
3.8A (white box), B (top), C). Subsequent increase in the signal of VSOR followed by
ASOR upon stimulation with 100 ng/mL VEGF (Figure 3.8B (bottom), C) was observed.
As observed in 2D and 3D cultures, the signal of VSOR decreased upon treatment with
200 nM of Axitinib within 60 min of observation (Figure 3.8E, white and blue arrow, D),
indicating inhibited activity of VEGFR-2. Within 10 min of Axitinib treatment, lower
signal of ASOR activity was observed, indicating a signaling cascade between VEGFR-
2—AKT noting a decrease in VEGFR-2 activity to lower AKT activity. Interestingly,
ASOR exhibited increased activity after 10 min of inhibition, indicating an elevation in
AKT activity, which was also observed in 2D and 3D cultures. Our results in live zebrafish
are consistent with our observations in 2D and 3D cultures, demonstrating the broad
applicability and translation potential of our methodology from single cells to more

complex systems, such as 3D cultures and live zebrafish.
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Figure 3.8 Endothelial cells within a zebrafish model demonstrated an appropriate response
to VEGFR-2 (B) stimulation and (E) inhibition. (C) VEGFR-2 signaling increased, with
downstream activation of AKT. Similarly, (D) VEGFR-2 signaling decreased in response
to an inhibitor, with additional downstream effects on the AKT pathway. Real-time
monitoring of VEGFR-2 and AKT phosphorylation in live zebrafish: (A) Sensor
distribution in live 5 dpf zebrafish larvae. FLIM images (B, E) and quantitative analysis
(C, D) of VSOR and ASOR in the vasculature (white box) of zebrafish depicted in (A)
during 60 min of observation. (B, C) Fluorescence lifetime of VSOR and ASOR increases
upon treatment with 100 ng/mL of the VEGF stimulant. (D, E) Fluorescence lifetime of

VSOR and ASOR decreases within 10 min upon treatment with 100 nM of Axitinib. Scale
bar = 20 um. n=3 biological replicates.

3.4.5 Differences Observed Across 2D, 3D, and In Vivo Vascularization Models

While the general response remains mostly consistent between the three models—
the promoter increases VEGFR2 and AKT activity, while the inhibitor decreases the
activity—it is important to highlight subtleties within the data. Specifically, when looking

closely at the inhibitor data for each model, an initial drop in AKT activity is observed
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across all models. However, when looking at VEGFR2 in the 3D culture model, VEGFR?2
barely dropped relative to AKT. On the other hand, within the 2D and in vivo models,
VEGFR2 signaling was relatively much lower than that of AKT signaling. A possible
explanation for this signaling discrepancy between models may be found in the FLIM
images when comparing the 3D model with the likes of the 2D and in vivo models. The 3D
model appears to be much more cell-dense than the other two models. It has been
previously demonstrated that increased cell-cell contacts upregulates VEGFR2 signaling
due to association via vascular endothelial-cadherin (VE-cadherin), a cell-cell adhesion
molecule[153]. As such, this would explain why the increased cellular density of the 3D
model would result in increased signaling of VEGFR2. This mechanistic claim could be
probed in multiple ways. One way would be to apply the multiplex biosensors into anolder
zebrafish containing a more-developed vascular system. That way, the increased cell
density of the developed vessel network would likely provide signaling closer to the 3D
model. Another way would be to decrease the endothelial cell density of the 3D model. By
decreasing the endothelial cell density within the 3D model, this would reduce the amount
of cell-cell contacts and slow down the rate of vessel formation.

While we mentioned that AKT decreases in all groups, close observation of the
AKT dynamics may reveal compensatory signaling mechanisms at play. When looking at
the 2D and in vivo models when the inhibitor is introduced, relative recovery in AKT
activity is observed by 30 minutes in 2D (82% to 94%) and 20 minutes in vivo (99% to
102%). For the 3D model, AKT demonstrated a steep drop however, the relative recovery
was great (47% to 55%). Taken together, it appears that all models implemented VEGFR-
2-independent compensatory mechanisms that upregulate AKT activity. For example, it
has been demonstrated that activation of integrin-linked kinases (ILK) via phosphorylation
will proceed to directly phosphorylate AKT[154]. AKT is downstream from many different
signaling modalities, so survival canbe maintained even if VEGFR-2 is not activated. For
example, Angl has been shown to promote AKT activity, resulting in increased expression
of survivin, an anti-apoptotic gene[155]. AKT activation in this manner is especially
upregulated in cancers, specifically tumor vessel growth[156]—[158]. Itis unsurprising that
cancerous phenotypes have been associated with upregulated AKT signaling. There are

even drugs on the market that aim to specifically inhibit AKT activity. Therefore,
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elucidating mechanisms surrounding AKT would benefit researchers in drug discovery and

oncology.

3.5 Conclusion

The work presented in this chapter highlighted the benefit of interlaboratory
collaborative work by focusing on the integration of innovative tools, namely in-vitro 3D
physiologic model of vasculogenesis (vessel formation) and a novel multiplex peptide
biosensor. The oligomer-collagen-based multitissue model provided robust vessels that
could be studied using the peptide biosensor multiplex. This work demonstrated great
potential with the ability to live-track ECFC signaling in response to activators and
inhibitors. The biosensor could be used to improve our understanding of ECFC
mechanobiology as it relates to ECM stiffness. While VEGFR-2 is primarily known to
respond to VEGF molecules, studies have shown that ECs cultured on moderately stiff
polyacrylamide gels demonstrate an increase in VEGFR-2 expression[159]. It would be of
great value to characterize the ECFC signaling when cultured in matrices of varying
stiffnesses and relate it to the resulting vessel network that is formed. An additional
application for these technologies would for optimizing the timing for grafting a
vascularized tissue construct into a patient. It has been shown that when implanting a tissue
construct, the vascular maturity of the ECs at the time of implant affects anastomosis[41].
As such, it would be of great value to live-track ECFC signaling throughout the duration
of vessel formation within a tissue construct. With this information we could optimize the
timing of graft placement in relation to the cell signaling. For example, it would be
expected that a prevascularized tissue construct would be most successful if the EC are
exhibiting the highest AKT signaling, since AKT signaling is correlated with both vessel
formation and survival[160], [161]. Owverall, this work highlights the benefits of
collaborative research. The combination of these two technologies is expected to provide
additional insight on vascularization mechanisms engineer tissue constructs for

regenerative medicine applications.
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CHAPTER 4. RAPID VASCULARIZATION OF DENSE TISSUE
CONSTRUCTS ACHIEVED BY MAINTAINING CELL-MATRIX
TENSIONAL FORCES OF CELL-DENSE TISSUE CULTURES

41 Overview

The ability to rapidly vascularize a dense tissue construct in vitro is valuable for
engineering a dermal substitute. The success of graft integration with the patient relies on
the vascularization of the graft. It has been shown that prevascularization of a tissue
construct results in rapid anastomosis of the vessels in the graft with the host’s vessels.
However, it has also been shown that vascularization is impeded within tissue constructs
that contain a denser extracellular matrix (ECM). Here, we controlled the design
parameters identified in Chapter 2 to engineer the rapid vascularization of dense tissue
constructs (>10 mg/mL collagen concentration). Within this work we encapsulated a high
density of ECFCs (25x106 cell/mL) within densified oligomer collagen matrices (12
mg/mL, 20 mg/mL, and 40 mg/mL). Additionally, we incorporated a 3D-printed Tissue
Tensioner culture device that maintained horizontal cell-matrix tensional forcesthroughout
the duration of the 3-day and 7-day cultures. Within these studies, we observed rapid
vascularization of dense tissue constructs by three days, demonstrating our ability to
successfully scale-up the rapid vascularization results observed in Chapter 2. Additionally,
we measured tissue thicknesses and found that as collagen fibril density was increased,
there was an increased resistance to vertical cell-mediated contraction. Both of these results
are significant as it relates to the engineering of a dermal substitute. The rapid
vascularization of the tissue construct will reduce the production time to get to the patient,
resulting in reduced scarring and contracture. Furthermore, the resistance to cell-mediated
contraction demonstrated here is important for preventing scarring and contracture if the

engineered tissue was grafted into a wound.

4.2 Introduction

A major challenge for tissue engineers is the rapid vascularization of tissue

constructs in vitro. Vascularization is necessary for the survival of engineered tissues that
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will be implanted in vivo. Tissue constructs that are vascularized before implantation (aka
prevascularized) have demonstrated rapid anastomosis, or connection, to the host’s blood
vessels, allowing effective nutrient transport to the tissue-resident cells. Without
prevascularization, a grafted tissue construct relies on vascular ingrowth from the vessels
in the wound bed via angiogenesis, which moves slowly (~5um/hr)[5]. For skin grafts,
vascularized autografts have demonstrated the ability to grow with the patient. This is
significant for pediatric patients whose skin grows many times over as they grow into
adults. Unfortunately, there are currently no skin substitutes on the market that can grow
with them. What we need is an engineered skin replacement that is rapidly vascularized so
that it would adapt with a growing child.

When designing a tissue construct to be applied as a skin graft, it is important to
consider the conditions that the engineered tissue construct may be submitted to not only
throughout the procedure but also during the recovery process. First and foremost, the
tissue construct must be easy to handle by the physician. Physicians are faced with many
different presentations of wounds, so they must be able to manipulate the skin substitute
easily. Therefore, any hydrogel-based tissue constructs would be too soft and therefore too
difficult to handle. Next, the approach must be able to withstand sutures, since skin
substitutes are normally sutured into the open wound area. Current soft-tissue engineering
strategies employ tissue constructs that cannot retain sutures. Lastly, during the recovery
process, the skin substitute will be sutured into a wound, which brings two problems:
mechanical agitation and enzymatic degradation. For the former problem, wounds near
jointed areas will experience more mechanical agitation. Therefore, the proposed
engineered tissue must be mechanically stable to withstand these mechanical perturbations.
For the latter problem, the wound environment contains proteases that will degrade the
ECM to prepare the wound for new ECM synthesis. As such, skin substitutes containing
substrates to these proteases (i.e., type | collagen) are subject to enzymatic degradation.
Again, approaches that have implemented less-dense ECMs (< 3mg/mL collagen content)
have demonstrated excessive degradation that renders the tissue construct unrecognizable.
The ideal base biomaterial for a skin substitute should resist enzymatic degradation. What

we need is an approach for vascularizing dense, mechanically stable tissue constructs.



76

However, vascularizing dense tissue constructs is not trivial due to the dynamic, yet finicky,
nature of ECs.

One approach for prevascularizing denser tissue constructs involves the seeding of
ECs onto the external portion of the scaffolds. Early approaches for prevascularizing tissue
constructs were performed using top-down approaches (AKA prefabricated scaffolds),
which include collagen sponges[47], [48], [162], electrospun scaffolds[163], [164], and
decellularized tissues[45], [165]. Here, scaffolds were first created (fabricated or
decellularized) then subsequently “seeded” with cells by adding culture medium containing
ECs. Due to the dense nature of preformed scaffolds, the majority of the ECs remain on
the periphery of the tissue construct. Since the ECs are aggregated at the outer surface of
the tissue construct, this approach is no different from sprouting angiogenesis assayswhere
ECs are seeded on top of hydrogels[166]. These approaches employ simulated
angiogenesis, where the endothelial cell sheets must sprout into the tissue to vascularize it.
However, due to the dense nature of these substitutes, seeded cells aggregate on the surface
and slowly grow into the scaffold[45], [47], [48], [162], [165], requiring 2-4 weeks of in
vitro culture time. Supp et al. demonstrated an in vitro penetration depth of ~100um after
15 days of culture[47]. This distance is relatively short when considering the range of
dermal thicknesses (0.6mm to 3mm). What we need, is a bottom-up approach that enables
encapsulation of ECs throughout a dense, mechanically stable scaffold so the ECs may
employ vasculogenic mechanisms to rapidly and extensively vascularize the tissue
constructs.

Recently, the field has been transitioning the approach for vascularizing tissue
constructs from a top-down to a bottom-up approach, incorporating solubilized matrix
molecules such as fibrin (10 mg/mL) and collagen (3-6 mg/mL)[43], [49], [166]-[168] at
higher-than-previously published concentrations. In these models, the ECs are mixed with
soluble ECM, allowing the ECs to be distributed throughout the ECM before polymerizing
into the final tissue construct. Here, the ECs were dispersed throughout the tissue construct
rather than at just the periphery, and each dispersed cell could serve as a nucleation site for
nascently formed vessels, resulting in thorough vascularization throughout the entirety of
the tissue construct via vasculogenesis. While the ECM concentration of these studies is

higher than traditional studies involving tissue construct vascularization, the employed
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tissue constructs were still relatively less dense and therefore highly susceptible to
degradation via the infllmmatory cytokines found in the wound environment. Much of
these problems can be attributed to the limitations of commercially available type |
collagen (i.e., mechanically weak, pronounced cell-mediated contraction, slow and
inconsistent polymerization times)[169]. Additionally, the collagen content in native skin
is estimated to be around 40 mg/mL, so 6 mg/mL of collagen is still too low[170]. There
is a need for a collagen-based, bottom-up approach that can achieve physiologic densities
of collagen, increased mechanical properties, and resistance to degradation all while still
facilitating vessel formation.

Currently, no work exists, to our knowledge, that demonstrates the ability to
vascularize dense tissue constructs (>10 mg/mL collagen concentration) via cell
encapsulation within an ECM. A reason for this gap is likely due to the well-known fact
that denser tissue constructs impede vessel formation[52], [55], [58]. While encapsulating
ECs in higher concentrations of collagen (~3mg/mL) has resulted in vessels with larger
lumen, it has been found that increasing the ECM concentration too much inhibited vessel
formation. This observation was due to spatial hindrance between endothelial cells—the
cells are unable to sense and anastomose with one another[55], [56]. However, our lab has
recently reported that increasing the EC density of a tissue construct while maintaining
cell-matrix tensional forces may be an effective way to rapidly vascularize a tissue
construct[141].

We have previously identified critical design parameters for rapidly vascularizing
less dense (collagen concentration = 1.4 mg/mL) tissue constructs in vitro: i.) maintained
cell-matrix tensional forces, ii.) increased EC seeding density, and iii.) presence of adipose
stromal cells (ASC). Controlling these parameters resulted in rapid formation of ECFC
vessels within the oligomer tissue constructs. However, the multitissue interface model
incorporated a 5uL tissue sphere (diameter < 3 mm), which would have minimal
therapeutic impact if it were applied as a wound therapy. To scale up the size and
mechanical properties of our tissue constructs, our lab has shown that oligomer
densification can be used to create large, mechanically stable tissue constructs without the
presence of exogenous crosslinkers[28], [29]. Here, they demonstrated that this approach

facilitates uniform distribution of cells, specifically ASC and chondrocytes[28], [29], and
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does not affect cell viability. Unlike other tissue densification processes, our approach
allows uniform cell encapsulation, which will be vital for whole-tissue vascularization.
Furthermore, this densification technique has been shown to create tissue constructs that
resist enzymatic degradation[28]. In the present work, we employed this densification
approach in conjunction with insight gained from Chapter 2 to uniformly distribute a high
density of ECFCs & ASCs while maintaining cell-matrix tensional forces (using a 3D-
printed Tissue Tensioner culture chamber) to rapidly vascularize dense tissue constructs in
vitro. Overall, this work demonstrated for the first time that physiologically dense tissue

constructs can be rapidly vascularized in vitro.

4.3 Materials and Methods

A B Constant, controlled strain
Custom-fabricated
compression head

Compressor —
Polyethylene ___—

Foam
X P
48-Well Plate Removed
Fluid

Collagen
Matrix

Densified

—/ Collagen Matrix

Figure 4.1 Schematic of medium-throughput confined compression device and tissue
densification mechanism (A) Medium-throughput compression device, including 48-well
plate and 3D printed compressor head. Adaptor-top facilitates integration with a
mechanical testing instrument, enabling user definition of strain and strain rate. (B)
Custom-fabricated polyethylene foam platens (10 mm diameter, 0.25” thick) facilitate even
and controlled fluid flow out of tissue construct during compression, resulting in a
densified collagen-fibril microstructure.

4.3.1 Fabrication of Compression Device for Medium-Throughput Compression

The medium-throughput compression device consisted of a custom-fabricated
Compression Head with polyethylene platens and a standard 48-well culture plate. (Figure
4.1). The compression head was designed in SolidWorks (Dassault Systémes SolidWorks
Corporation, Waltham, MA) and 3D printed using a 3D Printer (FORTUS 400mc,
Stratasys). All 3D printed parts were cleaned as instructed according to manufacturer
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specifications prior to use. Fabrication of the polyethylene foams started with a 0.25” thick
sheet of ultra-high molecular weight polyethylene (PE) foam containing 50-micron pores
(BB2062-50BL, Scientific Commodities Inc.). From these sheets, cylindrical PE foams (10
mm diameter) were cut out. Holes (5/16”) were drilled out of the center of these PE foams,
and allowed press-fit placement of the PE foams onto the 3D printed compressor device.
The compression head was exposed to H,O; gas plasma for 30 minutes. Afterwards, the

PE foams were rinsed with sterile PBS to remove any residual H,O..

4.3.2 Preparation of Type | Collagen Oligomers

Type | collagen oligomers were acid-solubilized from the dermis of market weight
pigs and lyophilized for storage as described in a previous study[39]. The oligomer
formulation was standardized based upon molecular composition as well as polymerization
capacity according to ASTM International standard F3089-14[85]. Here, polymerization
capacity is defined by matrix shear storage modulus (G’, Pa) as a function of oligomer
concentration of the polymerization reaction. All collagen solutions were diluted with 0.01
N HCI to achieve desired concentrations and neutralized with 10x PBS and 0.1 N NaOH
to achieve pH 7.4[86]. Neutralized solutions were kept on ice prior to inducing

polymerization by warming to 37°C.

4.3.3 Cell Culture

Human ECFC were isolated from umbilical cord blood and cultured as described
in a previous study[87]. Low-passage human adipose stromal cells (ASC) were obtained
from Zen-Bio (Research Triangle Park, NC). Both ECFC and ASC were propagated in
complete endothelial cell growth medium (EGM-2, Lonza, Walkersville, MD)
supplemented with 10% fetal bovine serum (HyClone, ThermoFisher Scientific, Waltham,
MA). Cells were grown and maintained in a humidified environment of 5% CO; in air at
37°C. ECFC and ASC were used in experiments at passages between 8 and 13.

4.3.4 Preparation of Dermal Constructs

To create cellularized dermal constructs, ECFC and ASCs were added at specified
densities to neutralized oligomer solutions (4.0 mg/mL). Cell-oligomer suspensions were
pipetted into 48 well plates at specific volumes (342 pL, 570 pL, and 1140 pL) and
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polymerized for 30 minutes at 37°C. Tissue constructs were densified to a final thickness
of 1.2mm at a strain rate of 1.5mm/min using a universal mechanical testing machine
(TestResources). Final oligomer concentrations (fibril densities) for the constructs were 12
mg/mL, 20 mg/mL, and 40 mg/mL, with final cellular densities of 25x106 ECFC/mL and
6.125x108 ASC/mL.

Immediately after compression, tissues were clamped into a custom-fabricated
Tissue Tensioner and placed into petri dishes (Figure 4.2). The Tissue Tensioner was
designed in SolidWorks (Dassault Systémes SolidWorks Corporation, Waltham, MA;
Supplemental Figure 6 & 7) and created using a 3D Printer (FORTUS 400mc, Stratasys).
The Tissue Tensioner consisted of two parts that clamp together onto the tissue construct
in order to prevent to maintain tissue geometry and cell-matrix tensional forces.
Additionally, the Tissue Tensioner design included channels that allowed medium access
to the top and bottom of the tissue constructs. 25 mL of EGM-2 supplemented with 10%
FBS and 1% penicillin streptomycin were added into the petri dishes. Medium changes
were performed daily. Densified tissue constructs were grown for 3 and 7 days. All
experimental groups were tested in triplicate (n=3). Acellular tissue constructs were
densified to the same final oligomer concentrations (12 mg/mL, 20 mg/mL, and 40 mg/mL)

and thicknesses were measured at day 0 (n=3).

Press-fit Lip Tissue Constructs
Figure 4.2 Schematic of custom-fabricated Tissue Tensioner for maintaining tissue
geometry and cell-matrix tensional forces. To maintain cell-matrix tensional forces, the
device clamped onto the outer edge of the tissue construct in place, preventing cell-
mediated tissue construct contraction. (A) One complete device, with a collagen tissue in

the middle chamber. (B) A front-facing view (C) Top-view showing a Tissue Tensioner
with three 12 mg/mL tissue constructs.
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4.3.5 Immunostaining of Tissue Constructs

After 3 days and 7 days of culture, tissue constructs were fixed in 4% formalin and
then placed in a 30% sucrose solution. Afterwards, bisected tissue constructs were
embedded in optimal cutting temperature (OCT, Fisher Scientific) solution and 60 pm
sections were prepared using a Thermo Cryotome FE (Fisher Scientific, Kalamazoo, Ml).
Afterwards, the tissue slices were rinsed with 1x phosphate buffered saline (PBS),
permeabilized with 1% Triton X-100, and blocked with 1% bovine serum albumin. The
primary antibody, mouse anti-vimentin (V6389-200UL, Sigma; 1:200), was added and
kept overnight at 4°C. Constructs were then rinsed with 1x PBS and incubated with the
secondary antibody, AlexaFluor™488 goat anti-mouse (A-11001, Life Technologies,
Carlsbad, CA; 1:200) overnight at 4°C. Next, tissue slices were rinsed with 1x PBS and
counterstained with 4’ ,6-diamidino-2-phenylindole (DAPI) to visualize cell nuclei. Once
nuclear stains were confirmed under a fluorescent scope, tissue slices were rinsed before
setting with antifade mounting medium (Vectashield™; H-1200, Vector Labs, Burlingame,
CA).

4.3.6 3D Confocal Microscopy Image Acquisition

For 3D qualitative analysis, tissue constructs were imaged using a Zeiss LSM 880
confocal system adapted to an inverted microscope (LSM 880, Zeiss). Image stacks were
collected from one spot within each of the three independent tissue constructs per
experimental group. Z-distance between each slice was 2.5 pm. The complete imaging
volume was (853.333um x 853.333-Yum x 50um), where Y is the number of tile scans
that were performed. If the thickness of the tissue construct was greater than the imaging
window, multiple image tiles were taken to capture the full thickness of the tissue construct.

ZenBlue software was used to create z-projections of each image stack.

4.3.7 Tissue Construct Thickness Measurement

To measure the thickness of a given tissue construct, we imported the tile-scanned
z-stacks into ImageJ. Once opened, the global scale was set for the ImageJ session using
parameters from the image (1.2 pixels/um). Using the line tool, a measurement was made

across the tissue to measure its thickness at three locations: near the top, near the middle,
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and near the bottom. These three measurements were then averaged. The same
measurements were made for each tissue construct within each group (n=3) at each time
point (day O, day 3, and day 7). To normalize the data, each group’s measured tissue

thickness was divided by the thickness of that respective group at day 0.

4.3.8 3D Vessel Morphology Analysis

To analyze the morphology of ECFC vessel networks, previously captured confocal
image stacks were cropped down to the specified volume: (213.333um x 426.666pm x 50
pm). There were three images analyzed for each experimental group (n = 3). Images were
analyzed using a previously reported method[38]. Briefly, images were imported into
Imaris (Bitplane) and the Filament Tracer software was used to generate filamentous
microstructures that approximate the vessel network. With this software, various vessel
morphological parameterscould be analyzed: vessel volume percentage, total vessel length,
vessel diameters, vessel lengths, and vessel volumes. Here, vessel segments that were less

than 20um in length were not included in the analysis.

4.3.9 Cryogenic Scanning Electron Microscopy

To visualize the remodeled collagen fibrils, tissue constructs were imaged using an
FEI NOVAnanoSEM 200 (FEI, Hillsboro, OR). Samples were flash-frozen by submersion
into critical point liquid nitrogen. Afterwards, samples were transferred to a CD1000 cold -
stage attachment (Oxford Instruments North America, Inc., Concord, MA), and sublimated
under vacuum for 10 minutes. Samples were then subsequently sputter coated with

platinum and ready for imaging. Images were taken at 3000x and 5000x.

4.3.10 Statistical Analysis

Statistical analyses were performed using statistical analysis software (Minitab,
State College, PA. Unless otherwise stated, comparisons were made using one-way
analysis of variance (ANOVA) with a Tukey post hoc test. A critical global p value of 0.05

was used.
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4.4 Results and Discussion

4.4.1 Culturing Tissue Constructs within the Advanced Tissue Construct Culture Device
Prevents Cell-Mediated Tissue Construct Contraction in the Horizontal Direction

Tissue constructs were immediately placed into an advanced tissue culture chamber
after confined compression. These advanced tissue culture chambers provided two
functions: i.) to prevent cell-mediated tissue construct contraction and ii.) to maximize
cellular access to nutrients. In regard to the former, the culture chamber consists of two
parts that come together in a press-fit manner that lock in place. The chamber pinches down
around the tissue construct to hold it in place. As such, contraction in the horizontal
direction is prevented and thus cell-matrix tensional forces are maintained. Regarding the
access to nutrients, channels were designed to allow cell culture medium to flow freely
across the top and bottom of the tissue constructs. Preliminary studies were performed that
demonstrated enhanced nutrient delivery in the advanced tissue culture chambers as

compared to tissue constructs cultured within the well plate alone (data not shown).

4.4.2 Tissue Construct Contraction Depends on ECM Density and Time

Tissue constructs were set to be compressed to a thickness of 1.2 mm.
Measurements of each tissue construct’s thickness were taken at 0, 3 and 7 days after the
tissues were fixed (Figure 4.3 and Figure 4.4). Initial measurements of tissue constructs
right after compression (day 0) showed tissue thicknesses of 1794 + 100.3 pm, 1836 +*
124.4pm, 1680 + 123.4 pm for 12 mg/mL, 20 mg/mL, and 40 mg/mL, respectively. After
three days of culture, the tissue thicknesses were measured at 755.8 + 101.8 pm, 1105 +
177.0 pm, and 1630 + 381.4 pm for the 12 mg/mL, 20 mg/mL, and 40 mg/mL tissue
constructs, respectively. This data demonstrates that the amount of vertical compression of
the tissue construct decreases as the initial ECM density increases. Measurements of tissue
thickness after seven days of culture further highlighted this point: 491.9 £+ 25.78 pm, 901.8
+ 208.6 pm, 1556.9 + 61.87 um for the 12 mg/mL, 20 mg/mL, and 40 mg/mL tissue
constructs, respectively. The tissue constructs that were initially compressed to higher
initial collagen concentrations experienced the least amount of contraction. Each group
was statistically different from each other at days 3 and 7. The increased resistance to

contraction is partly due to increased compressive modulus as collagen oligomer
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concentration is increased[28], [171]. Compressive modulus represents a material’s ability
to resist compressive deformation; therefore, increasing this parameter would increase the

resistance to collagen compaction.

3 days
0,
140% W 7 days
w 120%
]
-{_E, 100%
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S a0% |
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X 20%
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12 mg/mL 20 mg/mL 40 mg/mL

Figure 4.3 Bar graph showing the thickness of the various groups of tissue constructs. As
collagen fibril density was increased, there was increased resistance to matrix deformation.
Although not statistically significant, there was increased matrix deformation as time was
increased. Compared statistically using Tukey’s test. Different letters indicate statistically
different groups (p < 0.05). n=3
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Figure 4.4 Increasing collagen fibril density of tissue constructs increased the tissue
constructs resistance to deformation. Projections of confocal image stacks (50 pm thick)
illustrating vessel network formation within the densified tissue constructs after 3 and 7
days of culture. ECFCs and ASCs were encapsulated in oligomer tissue constructs and
densified to reach final densities of 25x106 ECFC/mL and 6.25x106 ASC/mL. ECFC were
transfected with TdTomato (red fluorescence). All cell populations were stained with anti-

vimentin (green fluorescence) and DAPI (blue fluorescence). White numbers at the top of
eachimage represent the average thickness for that specific group. Scale bar =200 pm.

4.4.3 Dense Oligomer Tissue Constructs were Rapidly Vascularized Using Increased
Cell Concentrations While Maintaining Cell-Matrix Tensional Forces

The ability to achieve rapid in vitro vascularization within dense tissue constructs
(type 1 collagen concentration > 10 mg/mL) within a week is a feat that has not been
previously achieved. Here, we present confocal images demonstrating vascularization of
collagen tissues with densities ranging from 12 mg/mL to 40 mg/mL. After 3 and 7 days,
tissue constructs were stained and analyzed via confocal microscopy (Figure 4.5A). In

terms of overall tissue vascularization, there was a decrease in vessel volume percentage
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as the tissue construct collagen fibril density was increased (Figure 4.5B). Specifically, the
vessel volume percentages were 5.38 + 2.82%, 3.05 + 0.80%, and 1.25 + 0.53%, for the 12
mg/mL, 20 mg/mL, and 40 mg/mL tissue constructs, respectively at 3 days. At 7 days, the
vessel volume percentages were calculated at 2.91 + 0.35%, 2.40 + 1.50%, and 1.43 +
0.53%, for the 12 mg/mL, 20 mg/mL, and 40 mg/mL tissue constructs, respectively. Within
our vascularized, dense tissue constructs, we observed a decrease in vessel formation as
the ECM concentration was increased, which corroborates previous findings by other
groups[55], [56]. An additional trend (not statistically significant) observed in our tissue
constructs was a decrease in vessel volume percentage from 3 to 7 days for the 12 mg/mL
and 20 mg/mL groups. One explanation for this drop in vessel volume percentage is vessel
regression, which has been observed by Cross et al.[55]. The vessel formation process is
very dynamic, and once ECs form vessels, they require stimuli in order to persist. If these
signals are not achieved or maintained, the ECs will regress, as their stimuli indicates that

vessels are no longer needed in that location[172].
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Figure 4.5 ECFC vessel formation was achieved within all tissues. As collagen fibril
density was increased, there was decreased (B) vessel volume percentage and (C) total
vessel length at 3 and 7 days. (D) Vessel diameters were not statistically different from one
another. (A) Projections of confocal image stacks (50 pm thick) illustrating vessel network
formation within the densified tissue constructs after 3 and 7 days of culture. Scale bar =
200 pm (B) Plot comparing the average vessel diameters of each group at 3 and 7 days. (C)
Plot comparing the vessel volume percentage of each group at 3 and 7 days. (D) Plot

comparing the total length of the vessel structures at 3 and 7 days. Scale bar = 200 pm.
Comparisons made using two sample T-tests.

Regarding the total length of the vessels in each tissue construct (Figure 4.5C),
there appeared to be a decrease in total length as collagen fibril density was increased.
Specifically, the total vessel lengths were 3119 +564.2 um, 2144 +621.1 um, and 944.7
+ 301.8 pm, for the 12 mg/mL, 20 mg/mL, and 40 mg/mL tissue constructs, respectively
at 3 days. At 7 days, a similar trend was observed. Here, the total vessel lengths were
measured at 1749.32 + 416.6 pm, 1253 + 528.8 pum, and 830.0 + 225.7 um, for the 12
mg/mL, 20 mg/mL, and 40 mg/mL tissue constructs, respectively. When comparing each
tissue group at 3 and 7 days, there was a noticeable trend of decreasing total vessel length.

Distributions of vessel morphological parameters are presented in Figure 4.6,
Figure 4.7, and Figure 4.8. Although vessel diameters were not statistically different from
one another (Figure 4.5D), there appeared to be noticeable trends in the distribution of
vessel diameters (Figure 4.6). After three days of culture (Figure 4.6, A), all tissue groups
seemed to have vessels with similarly distributed diameters. Overall, each group showed
the highest fraction of vessels with diameters 4-8um. Taking a closer look, it appeared that
a slightly greater fraction of vessels in the 40 mg/mL tissue constructs existed at smaller
diameters (4-8um). The 12 and 20 mg/mL groups seemed to have vessels with diameters
of at least 16um, while the largest diameter vessel for the 40 mg/mL group wasin the range
of 12-16 pm. Furthermore, the 12 mg/mL group was the only group containing vessel
diameters in the 20-24 um range. At 7 days, the vessel diameter distribution changed. Here,
the 12 mg/mL group had the highest fraction of vessels in the 4-12um range, while the 40
mg/mL had the highest fraction in the 4-8 um range. Alternately, the 20 mg/mL group
demonstrated the highest fraction of vessels in the 8-12um range. Similar to observations
made at 3 days, the 40 mg/mL group did not contain vessels with diameters greater than

16pum at 7 days. For the 12 mg/mL group, the largest vessel diameter was in the 16-20um
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range. Surprisingly, the 20 mg/mL had the largest diameter vessel falling in the range of
20-24 pm.
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Figure 4.6 At 3 days (A), the ECFC within the least dense matrices had the most vessel
segments at the largest diameters (16-24pum). At 7 days (B), the largest diameter vessel
segments were in the 20 mg/mL group, with the second largest being in the 12 mg/mL
group. Comparison of ECFC vessel diameter fractional distributions at (A) 3 days and (B)
7 days at the specified collagen fibril densities (12, 20, and 40 mg/mL).

Figure 4.7 shows the distribution of vessel segment lengths at 3 and 7 days. The
number of occurrences for each length of vessel segment can be seen in Figure 4.7, A-B.
At 3 days (Figure 4.7, A), the 12 mg/mL group appeared to have the most counts in each
category overall, followed by the 20 mg/mL and then the 40 mg/mL groups. Overall, the
12 and 20 mg/mL groups contained more counts of vessel segments that exceeded 100um
in length. When looking at the distribution by fraction of total lumen per group (Figure
4.7,C), the relative fraction seemed similar between all three groups. Figure 4.7, B shows
the total number of occurrences for each length of vessel segment after 7 days of culture.
Like the 3 day analysis, the 12 mg/mL group contained a higher frequency of each vessel
segment length, with the exception of vessels that exceed 90um in length. At the longest
group (100+pm), the number of longer vessel segments (100+um) was the same between
eachgroup. These results are further highlighted when looking at the fraction of total lumen
(Figure 4.7,D). While the distribution was similar for the lower length groups (20-70 pm),
there appeared to be a larger fraction of longer vessels in the denser tissue constructs groups
(20 and 40 mg/mL).
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Figure 4.7 At 3 days(A, C), there were more longer vessel segments (>100um) in the 12
and 20 mg/mL groups. At 7 days (B,D), all groups contained a similar number of long
vessel segments (>100um), with the denser group containing a larger fraction of long
vessel segments. Comparison of ECFC vessel segment length distributions at 3 days (A,C)
and 7 days (B,D) at the prepared initial collagen fibril densities (12, 20, and 40 mg/mL).
(A-B) Plots showing the distribution of each vessel segment length. (C,D) Plots showing
the fractional distribution of vessel segment length.

Figure 4.8 shows the distribution of vessel segment volumes at 3 and 7 days. The
number of vessels that fall under each volume group can be seen in Figure 4.8, A-B. At 3
days (Figure 4.8A), there was an overall higher count of the 12 mg/mL group than the other
groups. However, when looking at the fractional distribution of occurrences, all groups
appeared to be the same with an exception at the largest volume (4000+pm3). At this
volume, the 12 and 20 mg/mL groups had a higher fractional occurrence. After 7 days of
culture, the 12 mg/mL group showed more occurrences at each volume of the lower
volumes (400-2400pm?3) but appeared similar number of times in the range of 2400-
3200pm3. Interestingly, atthe highest volume group (4000+um3), there were slightly more
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occurrences in the 40 mg/mL group and more than double the number of occurrences in
the 20 mg/mL group. When looking at the fractional counts after 7 days of culture (Figure
4.8,D), the majority of the vessel segments in the 12 mg/mL group were of smaller volume
(400-1200 pm3). Interestingly, there was a large fraction of large-volume vessels
(4000+pm3) in the 20 mg/mL group. By comparison, the 40 mg/mL group appeared only

about half as many times and the 12 mg/mL group appeared less than a quarter number of

times that of the 20 mg/mL group.
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Figure 4.8 At 3 days, there are more large volume segments (>4000um3) in the 12 and 20
mg/mL groups. At 7 days, the 20 mg/mL group contains the greatest number of long vessel
segments (>4000um3). Comparison of ECFC vessel segment volume distributions at 3
days (A,C) and 7 days (B,D) at the prepared initial collagen fibril densities (12, 20, and 40
mg/mL). (A-B) Plots showing the distribution of each vessel segment volume. (C,D) Plots
showing the fractional distribution of vessel segment volume.
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4.4.4 Vessel Structures are Formed More Rapidly in Less Dense Matrices

Overall, the 12 mg/mL group appeared to develop vessels the quickest, as
demonstrated by the distributions at 3 days (Figure 4.6A, Figure 4.7A, Figure 4.8A).
Specifically, at 3 days, the 12 mg/mL group contained a larger fraction of vessels at the
largest volumes and diameters. This observation was reasonable, since larger diameter
vessels correspond with larger vessel volumes. One likely explanation for the rapid vessel
formation within the 12 mg/mL tissue construct was that this group represented the least
dense ECM. Since each tissue contained the same starting ECFC density, these ECFCs had
less ECM material between one another, making it easier to sense and connect with one
another. This is supported by the idea that ECM degradation is the limiting factor for vessel
invasion[173]. As such, the ECs could degrade and sprout through the 12 mg/mL tissue
construct more easily. In contrast, denser ECMs imposed asteric hindrance, preventing the
cells from sensing one another and forming vessels[55]. An additional explanation for the
rapid vascularization within the 12 mg/mL group can be observed in Figure 4.3.
Specifically, the 12 mg/mL experienced the most cell-mediated contraction in the vertical
direction. As such, this compaction of the collagen matrix would have increased apparent
ECFC density by bringing the ECFCs closer to one another, making it easier for them to
anastomose with one another. Additionally, cell-matrix tensional forces were maintained
in the horizontal direction, which explains why vessels were oriented along the horizontal
plane[100]. It has been previously reported in our lab that increasing the ECFCs to very
high densities while maintaining cell-matrix tensional forces increased the vessel volume
percentage[141]. Itis likely that the increased vascularization rate and volume observed in
the 12 mg/mL was due to a combination of the cell-matrix and cell-cell interactions within
this system.

While the 12 mg/mL developed quickly by 3 days, both the 20 mg/mL and 40
mg/mL groups contained vessel segments with higher fractions of the vessel population
having larger volumes and lengths at 7 days (Figure 4.7B, Figure 4.8B). One explanation
for this is that these denser tissue constructs contained more ECM material, which hindered
the ability of the EC vessels to sprout and branch[55]-[57]. This has been observed by
Sieminski et al., where their ECFCs demonstrated less branched and interconnectedness of

vessels when the collagen ECM was too stiff. In the present model, ECFCs were unable to
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degrade the matrix, which resulted in less branching. As such, the vessel segments were
larger in both length and volume. An additional explanation for the increased vessel
diameter within the 20 mg/mL and 40 mg/mL at 7 days is that these denser tissue constructs
experienced the least amount of vertical tissue contraction. Since the ECs in these did not
deform the ECM as much, they continued to grow without pulling in the surrounding ECM.
As shown in Chapter 2, matrix contraction results in smaller vessel segments. However, it
is important to consider the delicate balancing act involved within tissue vascularization at
these densities. Although the 40 mg/mL group resisted collagen deformation the most, the
20 mg/mL contained the largest vessel segments in terms of diameter and volume. As
mentioned previously, this is likely due to limiting factors of vessel formation associated

with local matrix degradation.

4.4.5 SEM Images Reveal Similar Collagen Fibril Density Between Groups

Scanning electron microscope (SEM) images were taken to visualize the collagen
fibril microstructure of the ECFC vascularized tissue constructs after 7 days of culture
(Figure 4.9). Within the collagen, voids were observed, which were likely created by an
ECFC or ASC, depending on the size of the void. The higher magnification images (Figure
4.9, bottom) focused on what appears to be vessels within the collagen. Despite the
collagen fibril densities being initially setto 12 mg/mL, 20 mg/mL, or 40 mg/mL, all of
the groups appear to contain similar densities of collagen fibrils. In fact, the 12 mg/mL
group appears to have the smallest pores while the 20 mg/mL and 40 mg/mL groups appear
to have similar, slightly larger pore sizes. One explanation for this can be found when
looking at the tissue contraction data (Figure 4.3). Here, the 12 mg/mL group demonstrated
the most vertical contraction. Estimating the collagen concentration based on thickness of
the tissue construct at 7 days resulted in 26.1 mg/mL, 23.2 mg/mL, and 29.4 mg/mL, for
12 mg/mL, 20 mg/mL and 40 mg/mL, respectively. Interestingly, the ECFC and ASC have
contracted each tissue construct to very similar final collagen fibril densities. These results
would follow previous findings by Sieminski etal., where they described endothelial cells
achieving a force-balance between cell traction and apparent ECM stiffness[52]. ECMs
were contracted to similar final ECM densities, which have been previously correlated to

mechanical properties[52], [91], [174]. However, the extent of cell-mediated remodeling
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was not measured, so this claim would need to be further validated by taking measurements
of the mechanical properties after matrix remodeling. Furthermore, these measurements
would need to be made on the local ECM mechanical properties and could be achieved

using atomic force microscopy (AFM)[175].
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Figure 4.9 Qualitatively, ECFCs contracted the oligomer matrices to similar final densities.
Scanning electron microscope (SEM) images of the ECFC vascularized tissue constructs
after 7 days of culture taken at (TOP) 1500X magnification and (BOTTOM) 3000X
magnification. Cryo-SEM was performed to visualize the dense collagen fibrils. All groups

contain a dense arrangement of collagen fibrils. Void spaces in the collagen represent
vascular tunnels carved out by ECFCs. Scale bar = 50 um.

4.5 Conclusion

The major contribution of this work was demonstrating the ability to rapidly
vascularize dense tissue constructs in vitro. We implemented oligomer densification, which
enabled the encapsulation of ECFCs throughout the tissue constructs so they could form
vessels via vasculogenesis. To overcome matrix-inhibition of vessel formation that is
observed at high ECM densities, ECFCs were encapsulated at extremely high densities.
Additionally, the Tissue Tensioner maintained cell-matrix tensional forces under these

high cell densities and while maximizing the cell’s access to nutrients. Vessel formation
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was observed in all tissue densities, with increased vascularization in the less dense tissue
constructs. Additionally, we postulate that the encapsulated cells contracted the matrices
to similar final densities due to their desire of specific cell-matrix tensional force.
Collectively, these findings highlight the importance of endothelial cell-matrix interactions
and the associated mechanotransductive signaling pathway. Further optimization of design
parameters related to densified matrices, specifically fibril density and microarchitecture
as well as ECFC density, will provide additional insight to vascularizing dense tissue

constructs.
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CHAPTER 5. DENSIFIED OLIGOMER TISSUE CONSTRUCTS
RESIST WOUND CONTRACTION AND FACILITATE
INTEGRATION WHEN GRAFTED ONTO RAT EXCISIONAL
WOUNDS

5.1 Overview

We have described the in vitro engineering of rapidly vascularized, dense tissue
constructs to be applied as a treatment for pediatric skin defects. While the data collected
in vitro demonstrated the therapeutic potential of the engineered tissue, it could not capture
its performance if it were to be grafted into a wound in vivo. As such, it was necessary to
develop an animal model for testing tissue-engineered treatments for skin defects.
Specifically, we developed a rat excisional wound model and applied different acellular,
oligomer-based tissue constructs (4 mg/mL, 20 mg/mL, and 40 mg/mL) into the full-
thickness defect. Unlike the 20 mg/mL and 40 mg/mL groups, the 4 mg/mL tissue construct
was not densified. Additional groups we employed were autografts (positive control), no
treatment (negative control), and Helicote (collagen sponge, commercial comparison). We
employed acellular tissue constructs to define the host’s wound healing response to the
biomaterial. The specific outcomes we defined were tissue contraction, recellularization,
tissue integration, and vascularization; we found that these outcomes were reduced with
increasing oligomer collagen fibril density. However, all oligomer tissue constructs were
infiltrated by the host’s cells, highlighting the natural cell adhesions sites present in the
oligomer. Incontrast, the Helicote contains particulated collagen that is cross-linked, which
masked cell adhesion sites. Furthermore, cryogenic SEM revealed that the collagen
microstructure of the densified oligomer tissue constructs appeared structurally similar to
native rat skin, while the Helicote appeared different from the other groups. Overall, the
results of this work demonstrated that the densified oligomer collagen is readily
cellularized and vascularized by the host’s cells. These results validate that the material is
a suitable base-biomaterial for dermal regeneration, since it resisted wound contraction and
did not degrade, but rather integrated with the host. Furthermore, defining the wound

response to acellular oligomer-based tissue constructs will help discern the contribution of
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vascularization to wound healing in future studies that implement vascularized oligomer -

based tissue constructs.

5.2 Introduction

A major clinical problem for children are large, full-thickness skin defects. Here,
this open wound must be covered immediately to prevent infection and, even worse,
death[176]. The gold standard of treatment for full thickness defects is an autograft;
however, when patients experience large, full-thickness skin defectsthat cover greater than
2% of their total body surface area,there is limited availability and donor site morbidity[3].
In this case, skin substitutes do provide immediate wound coverage; however, current skin
substitutes on the market do not grow with pediatric patients, leading to lifelong
suffering[177], [178].

Graft characteristics are important determinants for ideal wound healing outcomes
(i.e., reduced scarring and contracture). One important determinant for preventing wound
contraction is the graft’s mechanical stability. Dermal substitutes on the market are
preferred over epidermal and dermo-epidermal substitutes because they offer greater
mechanical stability that results in reduced wound contraction[18]. Other determining
characteristics are the graft’s ECM density and microarchitecture, which cells have shown
to directly interact with and respond to[179]. The ideal dermal substitute would provide
the host’s infiltrating cells with cues for skin regeneration rather than scar tissue
formation[180]. When surveying currently available dermal substitutes, there are two
major categories: decellularized tissues and collagen sponges[23]. Decellularized tissues
provide an intact ECM that cells recognize and grow into. However, the process for
decellularizing allogeneic and xenogeneic tissues requires a careful balance: excessive
processing denatures the extracellular matrix proteins, preventing cellular recognition,
while inadequate processing results in residual cell remnants that cause immune
rejection[20], [181]. Furthermore, the process for tissue decellularization aims to retain the
microarchitecture of native ECM, which is quite dense. As such, the dense ECM has been
shown to hinder cell invasion, resulting in delayed recellularization and
vascularization[182]. Delayed healing responses are not ideal, as they have been shown to

facilitate scarring and contracture outcomes[183]. The other acellular dermal substitutes
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are collagen sponges (i.e., Integra), which are created through processing tissue particulate
along with other additives (i.e., glycosaminoglycans (GAGs)). The scaffold is then
exogenously crosslinked to enhance its mechanical stability and degradation profile and
reduce immunogenicity[ 184]-[186]. However, exogenous crosslinking has been shown to
mask cell binding sites, be cytotoxic, and result in calcification[30], [187]-[189]. Just like
decellularized matrices, the crosslinked collagen sponges exhibit slow recellularization and
revascularization times[5], [190]. Overall, the delayed revascularization observed with
current dermal substitutes representsa major problem underlying scarring, contracture, and
inability to grow with the patient.

Vascularization of the dermal substitute is a notable event during wound healing,
because it confirms successful graft integration, facilitates the ability of the graft to grow
with the patient, and is required before an epidermal component may be added on top[19],
[20], [191], [192]. When applying treating a full thickness wound, a mechanically stable
dermal substitute is first placed in the wound. Most of these are acellular, and therefore do
not contain blood vessels. As such, the skin substitute must be vascularized by the patient’s
body before an epidermal graft, which provides barrier function, can be placed on top. If
the epidermal graft is placed before the dermal substitute is adequately vascularized, then
it will not have access to nutrients and will necrose[4]. Furthermore, graft vascularization
provides nutrients not only to the overlying epidermis, but also to the other infiltrating cells
key for skin regeneration (i.e., fibroblasts, fibrocytes, and infllmmatory cells). Graft
vascularization is a key event that controls the overall procedure timing and the associated
outcomes. All currently available skin substitutes are avascular[182]; therefore their
revascularization relies on angiogenesis-related sprouting from the host’s wound bed. Pre-
clinical research in animals has shown that host-mediated vascularization of avascular
grafts depends on physical characteristics of the graft[13]. Specifically, graft
revascularization by the host is impeded if the skin substitute employs an ECM that is either
dense (decellularized skin) or highly crosslinked (i.e., Integra)[182]. Overall, the current
procedure for applying skin substitutes is lengthy, requiring multiple steps, and results in
poor take rates (<50%), scarring and contracture, and growth limitations[6]-[9]. The ideal

acellular engineered skin substitute should contain ECM components associated with rapid
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vascularization to facilitate rapid restoration of normal skin functions (i.e., barrier function,
thermoregulation, ability to grow)[10], [11].

Our previous work has implemented type | collagen oligomers and demonstrated
its ability to facilitate rapid vascularization in vitro. Unlike monomeric collagens (telo- and
atelo-collagen variants), oligomer collagen contains a naturally occurring intermolecular
crosslink that facilitates branching of the collagen matrix[25]. These higher-level
interconnections present within oligomer collagen matrices serve as the basis for its
superiority over commercially available collagens regarding mechanical integrity,
polymerization rates, and reproducibility. However, previous work has implemented
oligomers at subphysiologic densities (<<40 mg/mL collagen content), which does not
contain adequate mechanical properties to prevent wound contraction in vivo.

To overcome the limitations of less-dense ECMs, our lab has previously generated
dense, mechanically stable tissue constructs using a confined compression technique[28],
[29]. This densification technique offered a microenvironment where cells have remained
viable and have responded to local matrix mechanophysical cues by displaying altered
morphology, cytomechanics, phenotype, and tissue morphogenesis. In the present work,
we report the use of these densified oligomer tissue constructs for the treatment of full
thickness defectswithin arat model. Within our model, we createdbi-lateral, full-thickness
excisional wounds (including the panniculus carnosus) on the dorsum of Sprague-Dawley
rats. In the present work, the rat full-thickness excisional wound model (in lieu of a
Fusenig’s chamber) was used to define the role of collagen fibril density on wound
contraction as well as various wound healing events such as inflammation, recellularization,
and revascularization. Engineering the relevant design parameters associated with
densified oligomer tissue constructs may further the development of skin substitutes for a
variety of wound types by controlling the rate and extent of associated wound healing

events.
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5.3  Materials and Methods
5.3.1 Fabrication of Compression Device for High-Throughput Compression

The medium-throughput compression device consisted of a custom-fabricated
Compression Head with polyethylene platens and a standard 24-well culture plate. (Figure
5.1). The compression head was designed in SolidWorks (Dassault Systémes SolidWorks
Corporation, Waltham, MA) and 3D printed using a 3D Printer (FORTUS 400mc,
Stratasys). All 3D printed parts were cleaned as instructed according to manufacturer
specifications prior to use. Fabrication of the polyethylene foams started with a 0.25” thick
sheet of ultra-high molecular weight polyethylene (PE) foam containing 50 micron pores
(BB2062-50BL, Scientific Commodities Inc.). From these sheets, cylindrical PE foams (15
mm diameter) were cut out. Holes (5/16”) were drilled out of the center of these PE foams,
which allowed press-fit placement of the PE foams onto the 3D printed compressor device.
The compression head was exposed to H,O, gas plasma for 30 minutes. Afterwards, the

PE foams were rinsed with sterile PBS to remove any residual H,0..

B Positive Epidermis  C
Control Dermis
(Autograft)

Panniculus
Negative
Control

4 mg/mL

Constant, controlled strain

Adaptor-top

Polyethylene |
Foam

———

N Removed
Collagen | Fluid 20 mg/mL ollagen

Matrix Densified
24-Well Plate Collagen Matrix 40 mg/mL

Figure 5.1 (A) Schematic of the high throughput compression device. The compressor was
attached to a Test Resources mechanical testing device. Collagen matrices were
polymerized in the wells of the 24 well plate. Using controlled strain, tissue constructs
were compressed, and fluid was removed in a controlled manner through the porous
polyethylene foam. To create tissue constructs with varying densities, wells were filled
with different initial volumes of collagen. (B) Schematic showing the various groups tested
throughout the study. Full thickness wounds (including removal of the panniculus carnosus)
were created using a biopsy punch. Wound space was filled with the specified treatment
groups. (C)Overhead photograph of showing a 40 mg/mL collagen tissue construct sutured
into the wound

5.3.2 Preparation of Type | Collagen Oligomers

Type | collagen oligomers were acid-solubilized from the dermis of market weight

pigs and lyophilized for storage as described in a previous study[39]. The oligomer
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formulation was standardized based upon molecular composition as well as polymerization
capacity according to ASTM International standard F3089-14[85]. Here, polymerization
capacity is defined by matrix shear storage modulus (G’, Pa) as a function of oligomer
concentration of the polymerization reaction. All collagen solutions were diluted with 0.01
N HCI to achieve desired concentrations and neutralized with 10x PBS and 0.1 N NaOH
to achieve pH 7.4[86]. Neutralized solutions were kept on ice prior to inducing

polymerization by warming to 37°C.

5.3.3 Fabrication of Medium-Throughput Compression Device for Dermal Tissue
Manufacturing

Tissue manufacturing was performed using a medium-throughput compression
device integrated with a universal mechanical testing instrument (Testresources, Shakopee,
MN). The compression device consisted of a custom-fabricated compression head with
polyethylene (PE) foam platens and a standard 24-well culture plate (Figure 5.1). The
compression head was designed in SolidWorks (Dassault Systémes SolidWorks
Corporation, Waltham, MA) and fabricated from ABS-M30 using a 3D Printer (FORTUS
400mc, Stratasys). All 3D printed parts were cleaned as instructed according to
manufacturer specifications prior to use. Circular platens (10 mm diameter; 0.25” thickness)
were cut from ultra-high molecular weight PE foam with 50 um pores (BB2062-
50BL,Scientific Commodities Inc.). Circular indentations (5/16” diameter) were made in
the center of the platens, allowing press-fit placement onto the ends of the compression
head. The assembled compression head was gas plasma sterilized and the PE foam platens
were rinsed in sterile PBS prior to tissue manufacturing.

5.3.4 Preparation of Dermal Substitutes with Varied Fibril Densities

Dermal substitutes (1.2 mm thickness) were prepared at specified oligomer
concentrations, with oligomer concentration correlating with fibril density of the self-
assembled construct[28], [29]. For 4 mg/mL, 20 mg/mL, and 40 mg/mL constructs,
neutralized oligomer solutions (4.0 mg/mL) were pipetted into a 24 well-plate at volumes
of 230 pL, 1150 L, and 2300 pL, respectively, and polymerized for 30 minutes at 37°C.
The 4 mg/mL material (230 pL volume, 1.2 mm height) was applied with no further

processing. The multi-throughput compression device was used to compress wells
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containing 1150 pL and 2300 pL volumes at a strain rate of 1.5 mm/min strain rate to a
final thickness of 1.2 mm, yielding 20 mg/mL and 40 mg/mL constructs, respectively. All

constructs were stored in sterile PBS prior to use.

5.3.5 Cryogenic Scanning Electron Microscopy

Ultrastructure and microstructure analysis of oligomer dermal substitutes and
Helicote was performed using an FEI NOVA nanoSEM 200 (FEI, Hillsboro, OR).Samples
were flash-frozen by submersion into critical point liquid nitrogen. Afterwards, samples
were transferred to a CD1000 cold-stage attachment (Oxford Instruments North America,
Inc., Concord, MA), and sublimated under vacuum for 10 minutes. Samples were

subsequently sputter coated with platinum and imaged.

5.3.6 Creation of Full-Thickness Skin Wounds and Application of Dermal Substitutes

All animal studies were conducted according to protocols approved by the Purdue
University Institutional Animal Care and Use Committee. Male Sprague-Dawley rats, (9
to 11 weeks of age; Charles River Laboratories, Wilmington, MA), were anesthetized using
isoflurane gas. A sterile punch (15 mm diameter) was used to create a total of two full-
thickness skin wounds, including the panniculus carnosus, bilaterally positioned on each
side of the sagittal plane of the rat dorsum. Wounds were randomly assigned to
experimental treatment and control groups (n=10), with experimental treatment groups
consisting of either Helicote or oligomer constructs prepared at 4.0 mg/mL, 20 mg/mL, or
40 mg/mL. For a subset of animals, the excised full-thickness skin was applied to the
opposite wound, serving as an autograft (positive control). No-fill wounds served as
negative controls. Samples with sufficient suture retention strength, specifically the
autograft, 20 mg/mL oligomer and 40 mg/mL oligomer, were sutured into place with non-
absorbable 5-0 silk sutures (Perma-Hand Silk, Ethicon, Somerville, NJ). All wounds were
covered with Xeroform™ (Covidien, Dublin, Ireland), a non-adherent pad (McKesson, San
Francisco, CA), and Tegaderm (3M, St. Paul, MN). For additional support, the rats were
wrapped with self-adherent cohesive bandages (Vetwrap) and zonas tape. Dressing
changes were performed at 7 days. Photographs were taken with a ruler in the field of view

at0, 7, and 14 days. At 7 and 14 day study endpoints, animals were euthanized and wound



102

areas and associated implants were excised in toto and processed for histopathological
analysis. Wound areas were quantified using a Matlab script and normalized to original
wound areas. Autografts that did not successfully take, as determined by tissue necrosis,
were not included for analysis. Additionally, tissue constructs that desiccated were also not
included.

5.3.7 Histopathological Analysis

After euthanizing animals, grafts were excised and fixed in 4% paraformaldehyde
for at least 24 hours, then transferred to 30% sucrose at 4°C. The samples were either i.)
bisected and placed in optimal cutting temperature (OCT) medium overnight at-80°C for
cryosection preparation or ii.) embedded in paraffin. Cryosections (30um thickness) were
prepared on a Thermo Cryotome FE (Fisher Scientific, Kalamazoo, MI). Paraffin sections
were stained with hematoxylin and eosin (H&E) and Masson’s Trichrome for
histopathological analysis. Cryosections were rehydrated, permeabilized with 1% Triton
X-100, blocked with 1% bovine serum albumin, and stained with the primary antibody,
Goat anti-CD31(AF3628SP, R&D Systems). Slides were imaged on an upright microscope
(Eclipse E200, Nikon, Melville, NY) using a Leica DFC480 camera (Leica, Buffalo

Groove, IL).

5.3.8 Statistical Analysis

Statistical analyses were performed using statistical analysis software (SAS, Cary,
NC). Unless otherwise stated, comparisons were made using one-way analysis of variance
(ANOVA) with a Tukey posthoc test. A critical global p-value of 0.05 was used.

5.4 Results and Discussion

54.1 Plastic Compression Formed Graded Microstructure in Oligomer Dermal
Substitutes Similar to Rat Dermis

Previously, plastic compression, where both strain levels and strain rates were
specified, has beenapplied to self-assembled oligomer constructs as a means to expand the
achievable range of fibril densities and control the resulting microstructure[28], [29]. Here,
this work was extended with the development and application of a medium-throughput
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compression device for manufacturing up to twenty-four dermal substitutes at once. All
oligomer dermal substitutes were prepared at a final thickness of 1.2 mm, which falls
within the known range for rat skin[193]. Cryo-SEM imaging was used to visualize and
compare the ultra- and micro-structure of the dermal substitutes with that of normal rat
skin.

Plastically compressed oligomer constructs prepared at 20 mg/mL and 40 mg/mL
showed a graded collagen-fibril architecture similar to that observed in the dermal layer of
rat skin (Figure 5.2). Local fibril bundling and alignment parallel to the surface was
observed in upper regions, progressing to more randomly organized, lower fibril densities
near the bottom. On the other hand, 4 mg/mL oligomer and Helicote displayed more
homogenous (uniform) microstructures with distinguishing features. More specifically, 4
mg/mL oligomer appeared as a continuous network of collagen fibrils, which were
approximately 100 nm in diameter. By contrast, Helicote appeared as an amorphous
collagen sponge material defined by loose aggregation of non-dissociated tissue particulate
and their associated native fibrillar collagen (Supplemental Figure 8). Collectively, results
show that interfacing self-assembling (fibril forming) collagens with advanced tissue
fabrication techniques supports customization of fibril density and approximation of native
dermal architecture features, which may prove useful in the design of next-generation

regenerative skin substitutes.
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Figure 5.2 Plastic compression of oligomer supports creation of dermal substitutes with
graded microstructures similar to native rat skin. Cryo-SEM images along the thickness of
native rat skin, oligomer dermal substitutes prepared at 4 mg/mL, 20 mg/mL, and 40
mg/mL, and Helicote. Scale bar = 5um

One important finding from the SEM images was the similarity of appearance
between the native rat skin and the compressed collagen constructs. Many studies have
shown that cells are able to sense the biophysical properties of the ECM. Specifically, cells
sense not only the mechanical rigidity, but also the ECM microstructure and respond with
changes in phenotype[38], [54], [100], [194]. As such, the ability to engineer tissue
constructs with a similar microstructure to native skin is important for guiding the behavior
of migrating cells to a regenerative response rather than one which will prolong
inflhmmation or nonhealing[195], [196]. Although these plastically compressed tissue
constructs were dense, they contained large enough pores to facilitate cellular infiltration.
Moreover, their composition of purified type | collagen provides motifs that facilitates
cellular interaction and remodeling of the matrix as needed. Oligomer collagens are self-
assembling collagen molecules and are different from collagen sponges (i.e., Integra,
Helicote), which consist of cross-linked tissue particulate. The cross-linking has been
shown to mask critical cell-binding sites, which have resulted in poor host responses[197],
[198]. Additionally, their structure consists of aggregated tissue particulate, which does not
mimic native tissue architecture (Supplemental Figure 8).
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5.4.2 Densified Oligomer Tissue Constructs Appeared Skin-like 14 Days Post-Operation

Representative images of each treatment group can be seen in Figure 5.3A. At 7
days, no discoloration was seen in the plastically compressed collagen tissue constructs,
while the 4 mg/mL tissue constructs have darkened. In comparison, the positive control
appeared moist and hydrated, while the negative control wound had scabbed over. At 14
days, the plastically compressed collagen tissue constructs as well as the positive control
seemed to match the surrounding native rat skin. The gross images presented in Figure
5.3A show the persistence of the densified collagen tissue constructs (20 and 40 mg/mL)
at 14 days post-operation. The 4 mg/mL group appeared desiccated or degraded and was
no longer visible. Underneath the 4 mg/mL tissue construct, the wound appeared similar to
the negative control (data not shown). Both of these groups contracted significantly,
leaving behind elongated scars that were aligned along the sagittal plane of the rat’s back.
No samples of the Helicote group were able to maintain integrity within the wound at 14
days. In addition to resisting wound contraction, the densified collagen matrices resisted

proteolytic degradation as demonstrated by their persistence at 14 days
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Figure 5.3 The 20 mg/mL and 40 mg/mL groups resisted wound contraction at 14 days. (A)
Representative gross images of wounds taken at 0, 7, and 14 days. At 7 days, the 4 mg/mL
group has contracted significantly more than the 20 mg/mL and 40 mg/mL groups. This
trend continues at 14 days; the 4 mg/mL group nears complete closure while the 20 mg/mL
and 40 mg/mL groups continue to resist complete contraction. (B) Bar graph showing
measured wound sizes for each group at 7 days and 14 days. The wound sizes are
represented by an area normalized to the starting wound size.

5.4.3 Densified Collagen Tissue Constructs Resisted Tissue Contraction and Proteolytic
Degradation

One of the major criteria when choosing a biomaterial was employ a mechanically
stable material to reduce tissue contraction without implementing a Fusenig’s chamber. In
the present work, images were taken at the time of operation and after each terminal time
point (7 days or 14 days). Each treatment group was normalized to the initial wound size
for the respective wound. At 7 days, the positive control contracted to 72.82% =+ 9.49%,

which was not statistically different to its size at 14 days (87.58%z= 9.48%). The increased
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area from 7 to 14 days for the positive control was likely due to the exclusion criteria we
enforced on the samples. Specifically, we did not include autografts that did not take by 14
days, some of which had smaller wound areas. Interestingly, the size of the positive control
at 7 days was also not statistically different from the 20 mg/mL tissues at 7 days (62.02%
+ 22.60%) but was statistically different from all other groups. When comparing the
normalized wound areas at 14 days, there appears to be a trend of increased resistance to
contraction as collagen fibril density was increased (10.18% vs. 28.89% vs. 37.24% for 4
mg/mL, 20 mg/mL, and 40 mg/mL, respectively). Furthermore, the 20 mg/mL and 40
mg/mL tissue constructs were statistically different from the all other groups at 14 days.
Two-sample t-tests were performed to compare each treatment at 7 days and 14 days. Here,
the autograft, no treatment, 4 mg/mL, and Helicote demonstrated statistically different
measurements, while the densified oligomers (20 mg/mL and 40 mg/mL) were not
statistically different. This demonstrated that the 20 mg/mL and 40 mg/mL tissue
constructs resisted contraction between 7 and 14 days greater than the other groups. Their
ability to resist contraction was likely due to the increased compressive modulus observed
when collagen fibril density is increased[28], [171].

Generally speaking, the rodent animal model offers a quick, relatively cost-
effective method for testing wound therapies; however, additional modifications to these
animal models have been performed to help with wound contraction. The primary mode of
wound closure within rodents is through contraction via a subdermal muscle, the
panniculus carnosus. To prevent wound contraction, other groups did not remove this
muscle in their full-thickness defects and/or a Fusenig’s chamber was implemented[43],
[48], [49], [199]. This chamber is a ring made from rigid material (i.e., polypropylene, steel)
that is sutured into the tissue surrounding the wound. While this chamber has enabled
application of less-dense tissue matrices in wound healing in rodents, the results are not
within a model that accurately represents the clinical problem. In the present work, we did
not implement a Fusenig’s chamber and demonstrated that the densified oligomer collagens

could resist wound contraction in lieu of a Fusenig’s chamber.
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5.4.4 Oligomer Collagen Groups were Integrated into the Surrounding Native Tissue

Masson’s Trichrome staining was performed on the tissue explant to qualitative ly
examine collagen tissue constructs (Figure 5.4). Here, collagen appeared blue, while cell
nuclei appeared purple and cytoplasm appeared pink. At 7 days, the collagen in the
autografts stained a deep blue hue due to the high collagen fibril density found in native
tissues (~40 mg/mL collagen content). On the other hand, the negative control presented
very light staining within the wound region. As for the oligomer tissue constructs, an
increase in collagen density was evident by the increasingly deeper blue color. As for the
Helicote, it stained a deep blue similar to that of the autograft; however, its overall
appearance was patchy and discontinuous. When looking at the color of the autograft at 14
days, it appeared lighter blue in color when compared to native skin. This was likely due
to degradation via invading inflammatory cells. All of the other treatment groups appeared
darker than their 7 day counterpart. Within the oligomer tissues, the difference between
each group was more drastic at 14 days than at 7 days.

The boundary of the treatment and the native skin can be seen in the 40x images
by the sudden change in color (Figure 5.4; yellow dotted lines). When looking at the
boundary of the grafted tissues at 7 days, the autograft did not appear to have integrated to
the native tissue as indicated by the white gap. All other groups appear to have integrated
with the tissue with the exception of the Helicote, which contains some gaps as well. For
the oligomer tissue groups, there appeared to be smooth integration with the surrounding
native skin. At 14 days, all of the grafted tissues appear to have integrated to a higher
degree than at 7 days. The autograft no longer has the gap present; instead, there appeared
to be a highly cellularized tissue interface. Going from the negative control to the 40
mg/mL tissue construct, there appeared to be increasing integration as the oligomer
collagen density increased. At lower collagen concentrations, the borders were clearly
distinguishable by the sudden change in color. As collagen concentration was increased,
the interfaces smoothly blended into one another and became increasingly difficult to
identify. As for the Helicote, the boundary was similar to the negative controls, since the

majority of the substitute had fallen out of the wound.
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545 Timing and Extent of Infllmmatory Response Depended on Collagen Fibril
Density

For the autograft, minimal cellular infiltration was observed at 7 days (Figure 5.4).
However, at 14 days, there appeared to be a band of inflammatory infiltrate migrating to
the surface of the tissue. The negative control contained a dense infiltration of cells at 7
days, continuing until 14 days. Similarly, the 4 mg/mL group contained a dense infiltration
of cells atboth 7 and 14 days. When looking at the 20 and 40 mg/mL group, we observed
a collagen fibril density-dependent infiltration into the tissue grafts. At 7 days, the 20
mg/mL group contained cellular infiltrate up to the surface of the tissue, leaving only a
very thin band of acellular collagen. In contrast, the denser, 40 mg/mL collagen tissue
group had a much thicker acellular band. Conversely, at 14 days, the 20 mg/mL group
appeared to have less cell infiltration near the surface, while the 40 mg/mL group had the
densest collection of inflammatory infiltrate at the surface. Lastly, the commercial collagen
(Helicote) appeared loose and patchy with very few cells migrating through this group at
7 days. At 14 days, most of the Helicote had fallen out of the wound, but remnants could
be seen as demonstrated by the characteristic porous pattern of the material. The remaining
wound appeared contracted and resembled the 4 mg/mL and negative control groups.

The inflammatory response is the second major part of wound healing and has been
identified as a major determinant for scar tissue formation[200]. The infllmmation seenin
our model was inevitable due to the wounding to the rat dermis and subsequent release of
cytokines and damage-associated molecular patterns (DAMPS). Inflammation is crucial for
clearing the wound area for repair; however, its persistence can result in pathologies such
as chronic non-healing wounds. The patterns of infllmmatory infiltrate observed in the
oligomer collagen follow a collagen density-dependent trend. Increasing collagen fibril
density slowed down the infiltrating cells by increasing the material that they must degrade
and migrate through. As such, the 40 mg/mL group became visibly infiltrated to the surface
at 14 days, while that same level of invasion was nearly achieved in the 20 mg/mL group
at 7 days, and much sooner in the 4 mg/mL group. By the time that the inflammatory cells
within the 40 mg/mL group have invaded to its surface (14 days), the 20 mg/mL group
already appeared to contain less inflammatory cells near the surface, indicating that the

inflammation was resolving. Further study using longer time points is needed to determine
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the long-term outcomes of early and late inflammatory responses. Quick turnover of the
inflammatory phase is ideal, since chronic inflammation is pathologic and has been shown

to result in scar tissue formation[201].



POS NEG 4 mg/mL 20 mg/mL 40 mg/mL INTEGRA

Figure 5.4 Within the oligomer collagen groups, the rate of cell infiltration appeared to decrease with increasing collagen fibril
concentration. Over the duration of the 14 days, all oligomer tissues persisted in the wound and were infiltrated by the host’s cells.
Representative histological images (Masson’s Trichrome) of each treatment group at 7 and 14 days showing the center of the treatment
(4% images) and the boundary (40x images, yellow dashed line). Regarding the boundary images, on the right was the native rat dermis.
Scale bar: 200pm.
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5.4.6 Cellular Populations were Impacted by Scaffold Composition and Density

Higher magnification (100x) images helped delineate the individual cells within
each group (Figure 5.5). The positive control autograft had sparse infiltrate at 7 days, likely
due to the inherently high collagen density. At 14 days, there was an inflammatory
population present and evidence of some coagulative necrosis, though new vessels have
appeared to have restarted perfusion. The negative control sample showed a large cellular
infiltrate including many small rounded cells, likely lymphocytes, multi-lobulated
granulocytes, and fibroblastic cells. At 14 days, more vessels and surrounding matrix were
apparent while the immune response had begun to regress. The 4 mg/mL sample was
similar, with an early mixed infiltrate. The 20 mg/mL sample had a stratified appearance
with a dense neutrophilic population near the surface and lower areas with lymphocytes,
monocytes, and fibroblasts. However, inflammation resolved rapidly, and vessels were
quite apparent at 14 days. The dense collagen in the 40 mg/mL sample limited cellular
infiltration more than the 20 mg/mL, but less than the autograft. More neutrophils and other
granulocytes were apparent in the dense collagen near the surface. Cells continued to
penetrate at 14 days, with the 40 mg/mL sample appearing more like the 20 mg/mL at the
previous 7 day time point. The Helicote had a distinctive porous appearance. There was
minimal cellular ingrowth at 7 days, though blood and a mixed infllmmatory population
were seen including many eosinophils. At 14 days, new matrix had appeared around the
Helicote along with more fibroblasts and inflammatory cells. Foreign body giant cells were
seen in some areas. In summary, higher collagen densities as in the 40 mg/mL sample and
positive control were again associated with longer periods of inflammation. The 20 mg/mL
sample underwent resolution rapidly in contrast. The commercial product had a distinctive
foreign body response in contrast to the oligomer samples, which displayed a similar

response to positive control wounds.
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Figure 5.5 High magnification images of cellular infiltration (Masson’s trichrome, 100x) showed a progression of inflammation and
revascularization in all samples. Notably, high collagen density in the positive control and 40 mg/mL samples had decreased infiltrate,
though more neutrophils were present. Other experimental groups showed lymphocytes, fibroblasts, and new vessels forming. The
commercial comparison shows granulocytes lining the material, along with beginnings of a foreign body giant cell response. Green:
lymphocytes, red: vessels, orange: granulocytes, yellow: giant cell, white: fibroblast.
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5.4.8 Timing and Extent of Tissue Vascularization Depends on Collagen Fibril Density

Tissue vascularization followed a similar pattern to the cellular infiltrate: extentand
depth of vascularization depended on collagen fibril density. The vascularization of each
tissue group was visualized via confocal microscopy (Figure 5.6). Here, the vascularization
observations seen in the histology images was further corroborated with high-definition,
high signal-to-noise images.

At 7 days, the autografts appeared to have positive CD-31 staining around the
follicles, which are known to be vascularized[202]. The negative control and 4 mg/mL
groups contained vascularization all the way up to the surface of the wounded area. Within
the 20 mg/mL and 40 mg/mL groups, vascularization could be seen near the edge of the
tissue construct, with deeper penetration observed in the 20 mg/mL tissue constructs.
Regarding their morphology, the vessels in the 20 mg/mL and 40 mg/mL tissue constructs
looked less developed than those found in the 4 mg/mL tissue construct as determined by
their lighter staining. From 7 days to 14 days, the vascularization in the negative control
and 4 mg/mL tissue group appeared to have reduced. As for the 20 mg/mL and 40 mg/mL
groups, there appeared to be increased depth of invasion from 7 days, with the 20 mg/mL
experiencing deeper vascular invasion. As mentioned previously, graft characteristics
affects graft revascularization. Here, the denser tissue (40 mg/mL) demonstrated delayed
revascularization related to ECM-density related inhibition. Regarding morphology at 14

days, the vessels appeared larger in all of the oligomer collagen groups.
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4 mg/ml 20 mg/ml 40 mg/ml

Figure 5.6 As collagen concentration increases, there was decreased invasion of vessels.
Vessels appeared to subside within the 4 mg/mL at 14 days, while the 20 and 40 mg/mL
group contained persisting vessels. Confocal microscope images of each treatment group
at 7 and 14 days. To visualize blood vessels, excised tissues were stained with a CD31
primary antibody (red) and DAPI (blue). At 7 days, the 4 mg/mL group appears highly
vascularized up to the surface of the tissue construct. Alternately, there is less
vascularization seen in the 20 and 40 mg/mL tissue constructs. At 14 days, a decrease in
vascularization is observed in the 4 mg/mL group, while extensive vascularization is
observed in 20 and 40 mg/mL. The extent of the observed vascularization appears to be
collagen fibril density dependent. The 20 mg/mL group appears to have more microvessels
near the surface, while the 40 mg/mL has microvessels near the tissue boundary. Scale bar
= 200pm

7 Days

14 Days

When engineering a tissue construct as a skin substitute, it was important to
consider the interactions that the biomaterial would have with the invading endothelial cells.
Research has reported that, within a normal wound, angiogenic ingrowth was due to
endothelial cells sensing and responding to the fibrin/fiboronectin-rich wound clot. They
further reported that, once collagen accumulated to produce a scar, blood vessels began to
diminish — implying that type I collagen signaled anend to the vascularization phase[203].

However, in the present work, dense collagen tissue constructs were extensively
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vascularized via angiogenic invasion. This was further corroborated by many
vasculogenesis models that have successfully employed type I collagen to induce vessel
formation[38], [52], [92]. Overall, the extensive vascularization observed in the densified
oligomer tissue constructs provided evidence that the grafted tissues were integrating with
the host.

As mentioned earlier, the observed vascularization patterns correlated with
inflammation, which was partly due to these two processes being dependent on one another.
When tissue injury to the skin occurs, VEGF is released[204], causing the nearest
capillaries to vasodilate. In this instance, leukocytes are recruited to the vasodilated
capillaries and begin extravasating through the vessel wall into the tissue space to reach
the site of injury. Additionally, VEGF has been shown to increase endothelial cell
interaction with circulating inflammatory cells. Specifically, VEGF has been found to
increase leukocyte extravasation by affecting expression of leukocyte-endothelial cell
adhesion molecules[195]. The leukocytes then seek and remove any bacteria or debris,
clearing the areafor new tissue growth. Additionally, vessels are important not only for the
delivery of material to the wound site, but also for the removal of the waste products via
lymphatic capillaries[195]. Lymphatic capillaries transport fluid, extravasated leukocytes,
and antigen presenting cells from the wound area to the lymph system. Without lymphatic
vessels to clear the fluid buildup, edema could occur, which has been demonstrated in
Integra dermal regeneration template[205], [206]. Overall, the blood and lymphatic
capillaries work together to regulate the inflammatory process.

Cellular infiltration, whether it be inflammatory, mesenchymal, or vascular, is
crucial for effective tissue regeneration. The complex interplay between clearing debris
(i.e., foreign objects, dead cells) and laying down new matrix in the wound site must be
considered. In the present work, the rate of cellular infiltration into the tissue construct
decreasedwith increasing collagen fibril density. Cells sense and respond not only to ECM
density and microarchitecture, but also to ECM gradients[38], [207], [208]. SEM images
revealed a graded microstructure in the densified collagen tissue constructs. The effect of
the graded microstructure was observed with the variable rates of cellular infiltration in
the 20 and 40 mg/mL tissue constructs. Additionally, this was observed in the varying

thicknesses of the acellular region observed within the densified oligomers. Additionally,
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the SEM revealed that all oligomer collagen matrices were porous enough to facilitate
cellular infiltration, while the Helicote appeared sheet-like as it consisted of aggregates of
tissue particulate. Cell infiltration into the Helicote appeared minimal and was consistent
with previous reports of limited host response when collagen sponges are used [197], [198].

Collagen sponges represent a large portion of the market of dermal substitutes,
however they undergo processing that limits the host’s response. These sponges consist of
tissue particulate that is exogenously crosslinked to enhance its mechanical properties and
control degradation and inflammation. In the present study, the Helicote was not able to
resist wound contraction 14 days post-operation, while both of the densified oligomers
could resist wound contraction 14 days post-operation. Regarding cellular infiltration, there
was much less infiltration in the Helicote than in the oligomer collagen matrices. This is
likely due to the limited cellular adhesion observed in collagen sponges[209]. On the other
hand, oligomer collagen retains natural cell-binding domains, enabling recognition by
infiltrating cells. When looking at the population of infiltrating cells, the Helicote contained
giant cells, which were not seenin other groups. One giant cell is the fusion of macrophages
that are generated when a large foreign body has been detected. Additionally, minimal
vascularization was observed in the Helicote, while all oligomer collagens demonstrated
vascularization by the host. Overall, the oligomer collagen elicited a more-desirable wound
healing response than Helicote.

It was found that oligomer collagen fibril density determined wound healing
outcomes (i.e., wound contraction, infllmmatory response, and vascularization). It was
shown that increasing the collagen fibril density increased the graft’s resistance to wound
contraction; specifically, both of the densified oligomer tissue constructs successfully
resisted wound contraction 14 days post-operation. Regarding inflammation, increasing the
collagen fibril density not only decreased the rate of inflammatory infiltration, but also
prolonged the inflammation phase. The 4 mg/mL tissue construct had the least amount of
cell infiltrate at 7 days, while the 20 mg/mL and 40 mg/mL tissue constructs contained
dense bands of inflammatory infiltrate. At 14 days, most of the inflammation has resolved
in the 4 mg/mL tissue construct, which was paired with complete epithelialization. In the
20 mg/mL tissue construct, the inflammation appeared to have started resolving, while the

40 mg/mL tissue construct still contained a dense band of infllmmatory cells. The
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vascularization pattern of the oligomer tissue constructs was similar to the infllmmatory
pattern. Regarding early wound healing outcomes, the ideal oligomer tissue construct was
the 20 mg/mL tissue construct. This tissue construct not only demonstrated adequate
mechanical properties by resisting wound contraction, but also it demonstrated rapid
turnover of the inflammatory phase, which is important for reducing scarring and
contraction outcomes[183]. Future studies should be performed to analyze collagen fibril
densities near 20 mg/mL to further optimize wound healing outcomes.

Further study of cell populations within the tissue explants should provide
mechanistic insight for continuing to develop the densified collagen oligomer material. For
example, examining the leukocyte population would provide valuable insight on the wound
healing process; specifically, determining the relative amounts of M1 and M2
macrophages[210], [211]. M1 macrophages release pro-inflammatory cytokines and play
amajor role with removing microbes and debris, while M2 macrophages play a major role
in rebuilding the wounded region. Regarding mesenchymal cells, it would be of great
interest to define the phenotype of the invading fibroblasts. Ideally, minimal myofibroblast
invasion is desired, as myofibroblasts are known to be a major contributor of wound
contraction[212], [213]. In regard to the invading vessels, it would be helpful to observe
the ratio between blood and lymphatic capillaries. This would provide additional
information into the infllmmatory timeline as lymphatic capillaries play a large role in
removing the proinflammatory cells as well as the excess fluid to prevent edema. Overall,
understanding the interplay of these cell invasion events will help inform future biomaterial

designs for wound healing applications[214], [215].

5.5 Conclusion

Altogether, the developed animal model was used to define the role of collagen
fibril density in excisional wound healing. A major finding was that the densified oligomer
collagen resisted wound contraction and proteolytic degradation. Additionally, the graded
microstructure between the 20 mg/mL and 40 mg/mL groups affected the rate of cellular
infiltration into the tissue construct. The denser tissue constructs had delayed inflammatory
infiltration and vascularization. Another significant finding was the thorough infiltration

of the host’s vasculature, which indicates that the graft successfully integrated with the
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host. Collectively, these findings highlight the importance of densified oligomer tissue
microstructure. The present work laid the foundation for future studies involving
vascularized, dense tissue constructs by defining the rat’s response to acellular dense tissue

constructs.
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CHAPTER 6. CONCLUSIONS

The work presented in this thesis demonstrated the development of a novel culture
system and adapted a previously developed advanced tissue culture fabrication technique
for studying in vitro tissue construct vascularization using oligomer collagen and
endothelial colony forming cells (ECFCs); specifically, the multitissue interface culture
model and densified oligomers. However, these advanced tissue fabrication techniques
could be achieved solely due to the inherent mechanical stability of the oligomeric collagen.
Oligomer collagen is an exceptional matrix for vasculogenesis, as well as all other tissue
engineering applications, due to its intermolecular crosslink. The oligomer provides
impressive mechanical support without excessive extracellular matrix (ECM) material,
providing a relatively open microenvironment that allows cells to migrate through as well
as interact with the ECM. The oligomer has been used previously to modulate early and
late vessel forming events via cell-matrix interactions. In the present work, new tissue
models were developed to address areas for clinical translation, such as rapid and extensive
vascularization. The multitissue interface culture model was used to identify key
parameters for rapid in vitro tissue vascularization: ECFC density, mechanical integrity
(maintenance of cell-matrix tensional forces), and the presence of adipose stromal cells
(ASCs). These key parameters were adapted to rapidly vascularize dense tissues (>10
mg/mL collagen content) in vitro, a feat that was not yet accomplished. Lastly, a rodent
model was developed to evaluate the efficacy of acellular engineered tissues in full-
thickness skin defects. Within this model, we employed densified oligomers, which
demonstrated the ability to resist degradation and tissue contraction as well as facilitate
rapid recellularization and vascularization. The next step for this project would be to graft
the densified vascularized tissue constructs into this developed excisional rodent model
and evaluate the role of vascularization on tissue construct integration, wound contraction,

and scarring.



121

6.1 Future work

The vascularized dense tissues from Chapter 4 should be grafted into the animal
model developed in Chapter 5 with slight modifications to test the efficacy of rapidly
vascularized, dense tissue constructs’ ability to anastamose to the host’s circulation and
affect wound healing outcomes (scarring/contracture). Since human ECFCs will be used,
an immunocompromised rat variant should be used to prevent immune rejection of the
xenogenic component of the grafted tissue construct. Alternatively, a procedure for
harvesting rat ECFCs could be developed, but that would require additional testing and
validation before implementing. Rather than using sutures to hold the densified oligomers
in place, neutralized oligomer collagen could be used as a surgical glue, offering two
advantages. First, the use of collagen rather than suture material will reduce the
inflammatory response induced by the suture material. Secondly, the grafted tissue
construct will be anchored on all sides, helping prevent cell-mediated tissue contraction of
the highly cellularized dense tissue construct. As demonstrated in Chapter 4, we expect
rapid vascularization of the dense tissue constructs. As such, it would be appropriate to
graft the cellularized tissue constructs immediately after densification to quickly provide
the encapsulated cells dynamic, in vivo stimuli to prevent ECFC regression. As for matrix
density selection, it would be ideal to test the same three matrix densities as was used in
Chapter 4 (12, 20, and 40 mg/mL). These three ECM densities provide different cell-matrix
interaction stimuli, resulting in the ECFCs forming vessels at different rates. We expect
the anastomosis rate to increase with decreasing collagen fibril density, since lower
collagen fibril densities facilitate i.) increased rates of host cell infiltration as well as ii.)
increased vessel formation within the tissue construct. Additionally, the extent of tissue
contraction is expected to increase with decreasing collagen fibril density. The ECFC
densities may also have to be modified when moving into the animal. In Chapter 4, tissue
construct vessel volume percentage decreased from 3 days to 7 days likely due to
regression. Any regression, or apoptosis, of cells in the tissue construct will elicit additional
inflammatory response, which is not desired. The current densities will be used, since the
dynamic environment of the wound could provide pro-survival stimuli for the ECs to
prevent the regression that was observed in vitro. Although the capillary density estimated

within skin is ~90-140 capillaries/mm?, this represents the capillary density within normal
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patients[216], [217]. Itis likely that the wounded areas will require a higher-than-normal
capillary density due to the metabolic needs of wounde tissue. Preliminary testing will need
to be performed to evaluate optimal vessel densities of grafted tissue constructs. Overall,
further investigation into vascularized oligomer tissue constructs will provide insight on
critical design parameters related to regeneration of functional skin replacements for

children suffering from large skin defects.
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APPENDIX

Supplemental Figures
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Supplemental Figure 1 Decision tree used to quantify vessel network morphology. Each
surface object is categorized as either a quiescent cell, short vessel, small vessel network
(SVN), extensive vessel network (EVN), or other. Any objects that could not be classified
by the decision tree were categorized as “other”.
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Supplemental Figure 2 Lumenized vessel networks formed within ECFC-encapsulated
spheres of the multitissue culture format. (A) Schematic of the Z-stack imaging volume
within the ECFC- oligomer sphere. (B) Projection of confocal image stacks (100 pum thick)
illustrating vessel network formation within the tissue sphere for multitissue interface
constructs after 3 days of culture. ECFC-encapsulated oligomer spheres (200 Pa, 5 x 106
ECFC/mL, 5uL) were embedded in oligomer matrices (200 Pa, 0.2 x 106 ASC/mL, 250
pL). Tissue constructs were stained with phalloidin (green fluorescence) for visualization
of ECFC cytoskeleton. Red and blue boxes represent regions of interest with lumenized
vessels (white dotted circles). (C,D) High- magnification, image slices within (C) upper
and (D) lower regions of imaged volume showing lumenized vessels (white dotted circles).
(B) Scale bar = 150 um. (C, D) Scale bar = 80um.
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Supplemental Figure 3 Confocal images taken within the tissue sphere, illustrating ECFC-
ASC interactions after 3 days of culture. (A, B) Regions of interest within confocal images.
ECFC-encapsulated oligomer spheres (200 Pa,5x106 ECFC/mL, 5uL) were embedded in
oligomer matrices (200 Pa, 0.5x106 ASC/mL, 250 pL). Tissue constructs were stained with
UEAL lectin (green fluorescence) and phalloidin (red fluorescence) for visualization of
ECFC vessel networks and F- actin of all cells, respectively. When the green and red
fluorescence was overlaid, ECFC appeared yellow (red + green fluorescence) while ASC
will only be stained by the phalloidin, appearing red. (C-E) High-magnification, image
slices showing pericyte-like role of ASC on ECFC vessels. All scale bars = 80 pum.
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Supplemental Figure 4 Distribution of ASOR (bottom, red) and VSOR (top, green) 10
minutes after the sensor was microinjected into zebrafish at different stages of
development. (A, D) 3-hour post fertilization (3hpf) embryo; (B, E) five days post
fertilization (5dpf); and (C, F) seven days post fertilization (7dpf).
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Supplemental Figure 5 Biocompatible evaluation in developing zebrafish after biosensor
uptake. Biosensor was microinjected into (A) 3hpf embryo and returned into culture (Egg
water, 27°C). Embryo was then imaged at (B) 48 hpf and (C) 7 dpf. All returned embryos
(n=5) successfully developed into larvae and no changes in phenotype were observed
compared to control.
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Supplemental Figure 6 SolidWorks drawing of the top part of the Tissue Tensioner. Units
arein mm. (B) Zoomed-in view to show the dimensions of the press-fit locking mechanism.
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Supplemental Figure 7 SolidWorks drawing of the bottom part of the Tissue Tensioner.
Units are in mm. (B) Zoomed-in image of the well where the tissue constructs are placed.
(C) Zoomed-in image showing the dimensions of the press-fit locking mechanism.

150x 600x 2500x% 15000x

Supplemental Figure 8 Cryogenic SEM images of Helicote at 150x, 600x, 2500%, and
15000x magnification.
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