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ABSTRACT

To compensate for their sessile existence, plants synthesize and emit a wide diversity of
volatile organic compounds (VOCs) that serve important biological functions pertaining to defense,
reproduction, and plant-plant signaling. In addition to their importance in plant secondary
metabolism, VOCs are used as fragrances, flavoring agents, and therapeutics. Plant metabolic
engineering has successfully been implemented towards the design of value-added plants with
enhanced defense, improved aroma and flavor, and increased production of specialty chemicals.
However, rational design requires rigorous characterization of the mechanisms controlling
metabolic fluxes in a network. Thus, the major aims of this dissertation are to study biological and
physical mechanisms controlling the synthesis and emission of plant VOCs. This dissertation
focuses on (i) modeling 2-phenylethanol biosynthesis in Arabidopsis and (ii) characterization of
the biophysical properties of flower cuticles with respect to the emission of VOCs.

2-Phenylethanol (2-PE) is a naturally-occurring aromatic volatile with properties that make
it a candidate oxygenate for petroleum-derived gasoline. In plants, 2-PE biosynthesis competes
with the phenylpropanoid pathway for the common precursor L-phenylalanine (Phe). The
phenylpropanoid pathway directs up to 30% of fixed carbon towards the production of lignin, a
major constituent of plant cell walls that renders biomass recalcitrant to pretreatment techniques
impeding the economical production of biofuels. An initial genetic engineering approach was
proposed, whereby a portion of the carbon flux towards lignin production is diverted towards the
biosynthesis 2-PE. Transgenic Arabidopsis thaliana expressing enzymes catalyzing the
biosynthetic steps from Phe to 2-PE were generated. Excised stems from transgenic Arabidopsis
were supplied 3Cs-ring labeled Phe, and isotopic enrichment of downstream metabolites were
quantified to calculate fluxes. By combining flux measurements with predictions from a kinetic
model of the Phe metabolic network, we hypothesized that 2-PE biosynthesis in transgenic
Arabidopsis was limited by endogenous pools of cytosolic Phe. Multiple independent genetic
strategies were proposed based on model-guided predictions, such as inducing Phe hyper-
accumulation, reduction of the activity of the competing phenylpropanoid pathway, and
sequestering the 2-PE biosynthesis pathway in plastids. Combining kinetic modeling with time-

course in vivo metabolomics led to successful rational engineering of 2-PE accumulating plants.
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The plant cuticle is the physical interface between the flower and its surrounding
environment. Passage of VOCs through the cuticle is driven solely by diffusion and is thus
dependent on the cuticle physicochemical properties. Wax compounds in the cuticular matrix self-
assemble into a multiphase system of crystalline and amorphous regions, where their relative
amounts and arrangements govern VOC diffusion. To investigate the effect of wax composition
on the crystallinity and permeability of the cuticle, we characterized the cuticular waxes of Petunia
hybrida petals using GC-MS, FTIR, DSC, and XRD. Petal waxes were found to be enriched with
long-chain hydrocarbons forming semi-crystalline waxes localized on petal surfaces. A ternary
system of wax compounds was proposed as a model for petal cuticles to investigate the effect of
wax composition on cuticle crystallinity and permeability. Atomistic simulations of VOC
displacement in waxes of varying chemical composition were performed at 298 K and 1 bar under
NPT conditions to estimate diffusivities. Wax anisotropy was found to be highly dependent on the
elongation of methylene chains, restricting the molecular diffusion path. Changes in crystalline
symmetry were found to have measurable effects on VOC diffusion. Simulations of compositional
variants of the model cuticle shows that changes in relative crystallinity exert differential control
on the dynamics of VOC emissions.

To directly determine the effect of the cuticle on VOC emissions in petunia flowers, the
wax exporter PhABCG12 was silenced using RNA interference, resulting in flowers with thinner
cuticles. However, VOC emissions were found to have significantly decreased in transgenic
flowers relative to the wild-type control. Dewaxing wild-type and transgenic petunia revealed that
the cuticle serves as a site of VOC build-up during emission, and deficient coverage limits the
extent to which compounds can accumulate. In addition, the cuticle was found to impart differing
levels of mass transfer resistance for certain VOCSs, suggesting that the cuticle controls the
dynamics of VOC emissions. Taken together, petal cuticles provide an additional layer of

regulation in emission of VOCs from plants
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CHAPTER 1. INTRODUCTION

1.1 Plant volatiles

Plants synthesize and release a bouquet of secondary metabolites classified as volatile
organic compounds (VOCs) (Pefiuelas & Llusia, 2004). Upwards of 36% of assimilated carbon
can be directed towards the production of VOCs (Kesselmeier et al., 2002), accounting for 4-
8x10'! kg carbon emitted annually, amounts that exceed anthropogenic methane emissions (Smith
and Mueller, 2010). VOCs are extremely reactive and have short life-times in the troposphere, and
can have ecological effects at the global scale and influence atmosphere chemistry (Lerdau et al.,
1997; Pinto et al., 2010). Plant volatiles represent a structurally diverse group of metabolites that
are categorized by their biosynthetic origin. Despite this diversity, compounds are classified as
volatile based on shared physicochemical properties; they are generally (i) low molecular weight
(30-300 Da), (ii) generally lipophilic (octanol-water partition coefficient > 1), and (iii) have
relatively high vapor pressures at ambient conditions. The production of individual classes of
VOC:s is significantly distributed over the plant kingdom, where the assortment and quantity of
VOC:s released can vary between species and organs (Knudsen et al., 2006).

The advent and improvement of analytical methods such as gas chromatography (GC),
mass spectrometry (MS), and nuclear magnetic resonance (NMR) have enabled scientists to profile
and characterize the individual compounds found in the headspace of plants. Over the past few
decades, headspace profiling has improved substantially with numerous trapping methods that
have allowed for the identification and detection of VOCs with great sensitivity (Bicchi and
Joulain, 1990; Knudsen et al., 1993). Thus far, over 1700 unique scent compounds have been
identified in approximately 1000 flowering species and gymnosperms (Knudsen et al., 2006).
While progress in detecting and identifying VOCs is relatively recent, humans have utilized floral
scent compounds since antiquity (Maffei, 2010). For humans, VOCs have been a source of
olfactory indulgence, and have successfully extracted and implemented floral compounds as
flavoring agents, preservatives, natural remedies, floriculture, and as cosmetics (Pichersky and
Gershenzon, 2002).
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1.2 The integrative role of volatiles in plant secondary metabolism and ecosystems

The primary biological functions of aerial VOCs are related to secondary metabolic process
including plant defense, reproduction, and signaling (Dudareva and Pichersky, 2008). As plants
are sessile organisms, defense of the plant is relegated to the emissions of VOCSs in response to
abiotic and biotic stresses (Dudareva et al., 2006). Responses to biotic stresses include herbivory
(McCall and Irwin, 2006) and pathogenic infection (Junker et al., 2011). Induced production of
VOCs for plant defense is commonly characterized as direct, where plants reduce their
susceptibility to attack, or indirect, where plant volatiles attract the natural predators to the
attacking insect (Kessler and Baldwin, 2001). The emissions of certain volatiles have been shown
to serve as airborne signals that can prime the defense of other organs of the same plant or in
neighboring plants (Heil and Silva Bueno, 2007; Ton et al., 2007). Plants also release volatiles in
response to abiotic stresses including flooding (Kreuzwieser et al., 2000), drought (Ebel et al.,
1995), and light and temperature changes (Gouinguene and Turlings, 2002). Changes in growth
and environmental conditions such as availability of nitrogen and phosphorous (Schmelz et al.,
2003), soil salinity and pH, and relative humidity (Vallat et al., 2005) have also been shown to
elicit changes in plant volatile metabolomes. Elevated levels of atmospheric carbon and changing
global climates have also been linked to greater levels of plant volatile emissions (Scholefield et
al., 2004). Other abiotic stresses such as the accumulation of reactive oxygen species (ROS)
leading to degradation of macromolecules have been shown to be met with enhanced plant
biosynthesis of isoprenoids (Sauer et al., 1999; Vickers et al., 2009). The photosynthetic capacity
and rates of gas exchange in leaves are also associated with modulation of VOC emissions,
revealing that plant volatile production is greatly linked to seasonal and day/night changes (Kuhn
et al., 2004).

Plant volatile emissions are critical for plant reproduction and are released in a controlled
and timely manner to attract pollinators and seed dispersers (Bolen and Green, 1997). While
pollinator attraction can occur by flower color, VOC emissions are beneficial at night when visual
cues are inadequate (Majetic et al., 2007). The ability for flowers to attract pollinators from a
distance is speculated to be the major reason why volatile biosynthetic pathways have been
conserved through natural selection (Parachnowitsch et al., 2013). Genetic manipulation of floral
scent biosynthetic pathways has led to increased understanding of the specific compounds that
attract certain pollinators (Pichersky and Gershenzon, 2002).
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Outside of their functions in plant secondary metabolism, volatiles have notable influences
on atmospheric chemistry and global climate. Oxidized volatiles released over the Amazon and
other forests can react with anthropogenic aerosols to form secondary aerosols, which can
influence precipitation, formations of smog, reduce atmospheric quality, and even effect the global
radiative balance (Shrivastava et al., 2019). The accumulation of certain plant-emitted VOCs is
known to be precursors to phytotoxic compounds that can accumulate in the local atmosphere,
leading to health implications in the local populace (Padhy and Varshney, 2005). Oxidation of
VOCs in the troposphere can result in the harmful production of ozone (Blande et al., 2014). While
plant secondary metabolism has been shown to have significant flexibility when responding to a
plethora of stresses and external signals, rapid changes in global climate may outpace this
adaptability (Yuan et al., 2009). Thus, the study of plant VOC emissions and their integrated role
in secondary metabolism and other ecological functions will need to account for changes in global

climates and human activity.

1.3 Volatile biosynthesis

The above- and belowground surfaces of plants have an intact layer of cells that form the
plant epidermis, and it is in these cells that VOCs are primarily synthesized (Effmert et al., 2006).
Volatiles are released from the epidermal cells of stems, fruits, leaves, and petals into the
atmosphere, and from the roots into the rhizosphere (Chen et al., 2004). As discussed earlier,
compounds designated as VOCs are classified as such due to shared physical properties but can
vary significantly in their molecular structure and can have significantly different biosynthetic
routes. The major classes of plant VOCs include the terpenoids (moni-, di-, sesquiterpenes),
phenylpropanoid/benzenoids, fatty acid-derived, amino acid-derived, as well as aliphatic
hydrocarbons such as aldehydes, alcohols, alkanes, esters, and ketones (Pichersky and Gershenzon,
2002; Dudareva et al., 2006; Dudareva et al., 2013). A schematic of the major biosynthetic
pathways leading to VOC production is shown in Fig. 1.1.
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Fig. 1.1 Plant volatile biosynthetic pathways. Branches of tree represents VOCs produced by
different biosynthetic pathways. Branch | represents the MEP pathway for the production of mono-,
di-, and homoterpenes. Branch Il represents the MVA pathway to produce sesquiterpenes. Branch
I11 represents the production of fatty acid-derived VOCs. Branch IV represents the production of
amino acid-derived VOCs. Branch V represents the production of phenylalanine derived
benzenoid and phenylpropanoids. Abbreviations: DMAPP — dimethylallyl diphosphate, DXP — 1-
deoxy-p-xylulose 5-phosphate, E4P — erythrose 4-phosphate, FPP — farnesyl diphosphate, G3P —
p-glyceraldehyde 3-phosphate, GPP — geranyl pyrophosphate, GLV — green leaf volatiles, IPP —
isopentenyl diphosphate, LOX — lipoxygenase pathway, MeJa — methyl jasmonate, PEP —
phosphoenolpyruvate. Figure adapted and modified from Maffei, (2010), Dudareva et al., (2013),
Villamar-Torres et al., (2018).

Terpenoids/isoprenoids represent the largest and most diverse class of secondary
metabolites produced in nature (Pichersky and Raguso, 2018). Terpenoids are derived from the
precursors dimethylallyl diphosphate (DMAPP) and its isomer isopentenyl diphosphate (IPP),
which are synthesized by two routes: the mevalonic acid (MVA) and methylerythritol phosphate
(MEP) pathways (branches | and Il of Fig. 1.1). The MVA pathway is localized in the cytosol,
peroxisomes, and the endoplasmic reticulum (ER), and produces the precursors involved in
sesquiterpene biosynthesis (Dudareva et al., 2013). The MEP pathway is exclusively localized in
the chloroplast, and synthesizes the precursors for the production of hemi-, mono-, and diterpene
and some volatile carotenoid derivatives (Dudareva et al., 2013). Isotopic-labeling of MVVA and

MEP pathway metabolites in cotton (Gosspium hirsutum L.) plants revealed that the two pathways
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are not completely autonomous, with subunits and precursors possibly being translocated between
pathways by metabolic transporters (Opitz et al., 2014). The nature of the cross-talk between
pathways is still somewhat elusive, with certain mechanisms not yet uncovered.

Another major class of volatiles is derived from the aromatic amino acid phenylalanine
(Phe), a major product from the shikimate and aromatic amino acid pathway (branch I11 of Fig.
1.1). While biosynthesis of Phe takes place in the plastids, Phe-derived benzenoid and
phenylpropanoid compounds are synthesized in the cytoplasm. Identification and characterization
of the plastidial Phe exporter PhpCAT in Petunia hybrida flowers revealed that Phe is exported
from the plastid into the cytosol (Widhalm et al., 2015a). Phe is the major precursor towards the
production of the monomeric units of the biopolymer lignin, a major component of the secondary
cell walls of plants. Production of Phe-derived volatiles begins with the deamination of Phe to
trans-cinnamic acid by phenylalanine ammonia lyase (PAL). Benzenoid volatiles (Ce-C1 backbone)
are synthesized by a B-oxidative or non B-oxidative pathway, or by some combination of both
(Orlova et al., 2006). Routing of metabolites through the non p-oxidative pathway is not yet fully
characterized (Boatright et al., 2004). Phenylpropanoid volatiles possess a Ce-C> backbone, and
compete with PAL for Phe availability (Kaminaga et al., 2006). In petunia flowers, Phe is directly
converted into phenylacetaldehyde (PhAld) by the functional phenylacetaldehyde synthase (PAAS)
catalyzing the subsequent deamination and decarboxylation of Phe (Sakai et al., 2007). The
formation of the phenylpropenes (Cs-Cs backbone) eugenol (Eug) and isoeugenol (IEug) shares
common enzymatic steps with lignin biosynthesis and are derived from the phenylpropanoid
pathway intermediate p-coumaric acid.

Oxylipins, or fatty acid-derived volatiles, are derived from polyunsaturated fatty acids
(branch 1V of Fig. 1.1). Precursors enter the lipoxygenase (LOX) pathway and are converted into
alcohols (such as 3-hexenol) and aldehydes (such as hexenal and nonanal), esters (methyl
jasmonate) (Matsui, 2006). Production of structurally different oxylipins occurs by the two
independent 9-LOX and 13-LOX pathways (Howe and Schilmiller, 2002), numbered as such
based on the position of the oxygenation position on the substrate carbon chain. Jasmonic acid
(JA), methyl jasmonate (MeJA) and other green leaf volatiles (GLVs) are derived from a-linolenic
acid via the 13-LOX pathway. Just as with the MEP and MVA isoprenoid pathways, evidence of

cross-talk between the two lipoxygenase pathways exists (Zhou et al., 2014).
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The synthesis of branched-chain volatiles derived from amino acids such as alanine (ALA),
leucine (Leu), isoleucine (lle), methionine (Met), and valine (Val) is found prominently in fruits
(Surburg and Panten, 2005; Schwab et al., 2008). VOCs derived from these amino acids are either
decarboxylated into an amine or are converted into a 2-ketoacid via an aminotransferase reaction.
Amines and 2-ketoacids are subsequently converted by decarboxylation, reduction, oxidation, or
esterification reactions to produce VOCs (Reineccius, 2007). Amino acid derived compounds such
as isoamyl acetate, 2-methylbutyl acetate, and methyl (S)-2-methylbutanoate are volatile esters
that contribute to the distinct flavors found in bananas (Surburg and Panten, 2005), apples (Dixon
and Hewett, 2000), and pears (Weckerle et al., 2001), respectively. Volatiles with nitrogen- and
sulfur-moieties such as indole, methanethiol, and S-methyl thioacetate are derived from amino

acids such as tryptophan, cysteine, and methionine (Jones et al., 2004).

1.4 Volatile emission

Synthesized VOCs are emitted or secreted by specialized organs such as osmophores
(Vogel, 1990) and trichomes (Levin, 1973) into the surrounding plant environment to fulfill their
functions in plant secondary metabolism. In vegetables such as tomato and basil, VOCs are
synthesized in glandular trichomes (Glas et al., 2012), are secreted from mechanical disruption. In
leaves, controlled release of VOCs occur by the opening of the stomata (Niinemets et al., 2004).
However, many plants are able to sustain high emission rates in the absence of specialized organs
such as osmophores, glandular trachomes, or during limited stomatal conductance, thus requiring
them to diffuse through a composite layer known as the plant cuticle. The rate of volatile emission
is determined by both their rate of biosynthesis and their rate of export out of epidermal cells.
VOCs are predominantly synthesized in the cytosol of epidermal cells, and must traverse the
cytosol, lipid bilayer, aqueous cell wall, and in many cases, the waxy cuticle (Jetter, 2006). As
VOCs are generally small molecules and can readily volatilize into the gas phase, it was assumed
that the compounds would freely diffuse through individual subcellular layers. Thus, the rate of
emissions are dictated by the diffusive resistance imparted by the plasma membrane, cell wall and
cuticle. To test this assumption, a Fick’s law model for VOC diffusion was applied to observed
floral scent emissions (Widhalm et al., 2015b). It was determined that for flowers to sustain their
apparent emission rates, VOCs would need to accumulate to levels that would be considered toxic
to their internal membranes. It was therefore hypothesized that VOC emissions are reliant on more
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than just simple diffusion to sustain emission rates; biological mechanisms such as active and
facilitated transport would be needed to supplement diffusive mass transfer. In addition to VOCs,
epidermal cells synthesize a diverse array of aliphatic compounds that comprised the composite
layers of the plant cuticle. Due to their hydrophobic properties, cuticular components are suspected
to be trafficked through the cytoplasm (Pulsifer et al., 2012), exported through the plasma
membrane by adenosine triphosphate (ATP)-binding cassette (ABC) transporters (Pighin et al.,
2004; Bird et al., 2007), and then shuttled through the aqueous cell wall via lipid-transfer proteins
(LTPs) (Debono et al., 2009; Kim et al., 2012) before they self-assemble to form the cuticle. As
both cuticle compounds and VOCs have low aqueous partitioning, the alternative modes of VOC

mass transfer were proposed (Fig. 1.2).
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Fig. 1.2 Proposed modes for VOC subcellular translocation in plant cells. VOCs can diffuse
(dashed arrows) in subcellular compartments or be trafficked via facilitated protein carriers or by
vesicle trafficking (block arrows). Membrane-bound transporters export VOCs through the plasma
membrane. Lipid transfer proteins (LTPs) can aid in the transport of VOCs in aqueous regimes
such as the cytosol and cell wall. VOCs must diffuse through the cuticle prior to release into the
atmosphere. Figure adapted from Widhalm et al. (2015b).

Upon synthesis in the cytoplasm (or plastids), VOCs must first reach the plasma membrane.
The possibility of vesicle trafficking has been proposed for other compounds that are known to be
secreted such as hormones (Geldner et al., 2001), pigments (Zhao and Dixon, 2010), and cuticular

waxes (McFarlane et al., 2014). However, these compounds are generally large molecules and
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likely have lower aqueous diffusivity than the much smaller VOCs. Nonetheless, if ER and trans-
Golgi network vesicle trafficking exists for other compounds, it is possible for VOCs to be
trafficked to the plasma membrane. VOCs, in particular those containing aromatic groups, are
known to disrupt and eventually rupture lipid bilayers if they are allowed to accumulate to certain
levels (Sikkema et al., 1995). Due to their lipophilicity, VOCs will readily partition into lipids and
other organic phases. To alleviate potential toxic-levels of accumulation, candidate ABC
transporters in petunia flowers were characterized (Adebesin et al., 2017). Down-regulation of
PhABCG1 was found to significantly reduce VOC emission rates and damage to the plasma
membrane was noted, providing evidence that active transport contributes to the VOC export
network.

Upon export from the plasma membrane, VOCs must cross the aqueous cell wall. Although
the diffusive resistance is relatively low for VOCs in this region, their preference towards organic
layers could result in back-partitioning towards the plasma membrane. Thus, the possibility of
LTPs facilitating the diffusion of VOCs towards the surface was proposed. LTPs are relatively low
molecular weight proteins (7-30 Da) that possess a large hydrophobic cavity capable of
accommodating long-chain hydrocarbons (Finkina et al., 2016). Most plant LTPs are non-specific
with respect to their binding with ligands, as the binding is purely based on hydrophobic
interactions. Thus, if LTPs are active during scent emission, it is conceivable that VOCs can bind
to these hydrophobic cavities.

Finally, VOCs must diffuse through the cuticle covering the surfaces of the epidermis. As
the cuticle is almost purely organic, biological components such as proteins cannot be involved in
the transport through this layer. Thus, the diffusion of VOCs is dependent on the properties of the
cuticle. The structure of the cuticle is highly heterogeneous; the majority is made up of the
biopolymer cutin, which is interspersed and embedded with wax compounds. Many of these wax
compounds form highly crystalline rafts that are believed to exclude diffusion altogether, and thus,
the cuticle is suspected to impart significant mass transfer resistance (Jeffree, 1996). As the extent
to which this cuticle is crystalline is dependent on the relative mixture and distribution of wax
compounds, it is suspected that the composition of the cuticle is a greater determinant into the

diffusivity of compounds than the actual thickness of the cuticle (Riederer and Schreiber, 2001).
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1.5 Engineering floral scent

While the emissions of plants have no immediate impact on human activities, growing
demand for natural products have led to significant advancements towards the engineering of other
metabolic processes of organisms. Improved genomic, transcriptomic and metabolomics
techniques have provided significant information relating to VOC biosynthetic pathways and their
regulation. VOC biosynthetic pathways in plants have been engineered for a variety of purposes
such as enhancing scent (Zuker et al., 2002), improving resistance to pathogens (Wang et al., 2004),
attraction of pollinators (Kessler et al., 2008), improvement of flavor (Davidovich-Rikanati et al.,
2007), or the production of valuable chemicals (Gigot et al., 2010).

The successful genetic manipulation of VOC metabolic pathways requires significant
understanding into the regulation and mechanisms governing these pathways. The effective
transformation of plants is thus reliant on rational metabolic engineering approaches, where the
results from genetic perturbations can be predicted by mechanistic models of metabolism. To
parameterize predictive mathematical models, physiologically relevant parameters such as kinetic
rate constants, protein turnover rates, transcriptional regulation, and mass transfer coefficients
need to be measured. The integrative approach of predictive modeling with —omics techniques will
allow for the generation of more novel transformations with increased ability to fine-tune the
production of desired bio-chemicals. Future efforts to meet the demand for natural plant-derived
products will necessitate the concerted efforts of scientists across all disciplines.

1.6 Motivation and research objectives

This dissertation seeks to use mechanistic models for the purposes of harnessing plant
metabolism towards the production of economically viable compounds and to understand physical
phenomena in the plant epidermis relating to the emissions of VOCs. Using a combination of
analytical chemistry, computational chemistry, and physical characterization methods we seek to
parameterize models for (i) increasing VOC biosynthesis and (ii) understand the barrier properties
of the cuticle as it relates to VOC emissions.
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The objectives can be summarily described by the following:

(1) To combine a kinetic modeling approach with in vivo metabolomics to implement rational
engineering strategies leading towards the increased production of a valuable VOC, 2-
phenylethanol, in Arabidopsis thaliana.

(2) To characterize the physical and chemical properties of the cuticles of Petunia hybrida
flowers.

(3) To calculate the diffusion coefficients of petunia VOCs in atomistic simulations to
determine the factors that control VOC emissions.

(4) To evaluate the effect of genetically modified petunia cuticles on the emissions of VOCs.

1.7 Organization of dissertation

This dissertation entitled “Modeling Biosynthesis and Transport of Volatile Organic
Compounds in Plants” is structured in the following manner. Chapter 2, titled “Model-guided
metabolic engineering of increased 2-phentylethanol production in plants” details the introduction
of a pathway towards 2-phenylethanol in Arabidopsis and its effect on lignin production. Chapters
3-5, titled “Physical and structural characterization of flower cuticles”, “Molecular dynamics of
volatile organic compounds in the epicuticle of plant epidermal cells”, and “Thermotropic
polymorphism of plant cuticles”, respectively, cover the experiments performed to characterize
the chemical and physical properties of petunia petal cuticles, formulate a model system
representing the molecular arrangements of the cuticle, and molecular dynamics (MD) simulations
performed to measure the diffusion of VOCs. Analysis of cuticle phase behavior and crystallinity
are discussed in detail. Chapters 6 and 7 titled “Cuticle thickness affects the dynamics of volatile
emission from petunia flowers into the atmosphere” and “Characterizing the phenotypes of
genetically modified plant cuticles”, respectively, detail the analysis of petunia flowers with
genetically altered cuticles. Chapter 7 also includes a perspective on the effects of genetically

modified cuticles in relation to plant secondary metabolism.
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CHAPTER 2. MODEL-GUIDED METABOLIC ENGINEERING OF
INCREASED 2-PHENYLETHANOL PRODUCTION IN PLANTS

2.1 Abstract

2-Phenyletahnol (2-PE) is a natural aromatic with properties that make it a candidate
oxygenate for petroleum-derived gasoline. In plants, 2-PE biosynthesis competes with the
phenylpropanoid pathway for the common precursor phenylalanine. The plant phenylpropanoid
pathway directs significant carbon flux towards the production of lignin, a major biopolymer in
plant cell walls that impedes the process of biofuel production. We therefore proposed a genetic
engineering strategy at the phenylalanine branch point, whereby a portion of the carbon flux
towards lignin biosynthesis is diverted towards the production of an economically viable product,
2-PE. Transgenic Arabidopsis thaliana were generated that overexpress aromatic aldehyde
synthase (AAS) in tandem with tomato phenylacetaldehyde reductase (PAR) introducing a
pathway to produce 2-PE. To analyze the competition between lignin and 2-PE biosynthesis,
excised stems and leaves were exogenously fed with *Cg-ring labeled phenylalanine, and isotopic
enrichment of downstream metabolites were quantified in time-course to calculate fluxes.
Combining metabolic flux analysis with the kinetics of pathway enzymes revealed that
endogenous phenylalanine limits 2-PE production. This prediction was tested by combining the
overexpression of PAR/AAS with: (1) the overexpression of a feedback-insensitive 3-deoxy-D-
arabino-heptulosonate 7-phosphate (DAHP) synthase known to have hyper-induced phenylalanine
biosynthesis, and (2) with the double mutant pall pal2 known to have reduced activity of the
competing enzyme, phenylalanine ammonia lyase (PAL). Furthermore, to evaluate the effect of
subcellular partitioning on the extent of competition between PAL and AAS, the PAR/AAS
tandem overexpression construct was fused to chloroplast transit peptides to localize 2-PE
biosynthesis in plastids. The high accumulation of plastidial phenylalanine combined with the lack
of competition from cytosolic PAL resulted in significantly elevated 2-PE levels validating the
predictions derived from kinetic modeling. Combining kinetic modeling with time-course in vivo

metabolomics led to successful rational engineering of 2-PE accumulating plants.
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2.2 Introduction

2.2.1 2-Phenylethanol from lignocellulosic feedstock

2-Phenylethanol (2-PE) is a naturally occurring aromatic compound with a distinctive
“rose-like” odor used as in cosmetics, fragrances, flavoring, and as an anti-microbial agent
(Etschmann et al., 2002; Stark et al., 2002; Masuo et al., 2015). 2-PE is also readily converted into
styrene, ethyl benzene and 2-phenylethyl acetate, compounds that are typically derived as
byproducts of crude oil refining (Hua et al., 2011; Shen et al., 2016). Additionally, 2-PE is
considered an alternative to ethanol as an oxygenate for petroleum-derived gasoline due to its
higher energy density, lower volatility, and lower hygroscopicity (Atsumi et al., 2008). While the
uses of 2-PE are broad and diverse, most of the >10,000 tons produced per year globally (Hua and
Xu, 2011) is synthetically derived, produced primarily from compounds downstream of petroleum
refinery. Since its discovery in 1876, numerous organic synthesis reactions have been developed
for the economic production of 2-PE (Bedoukian, 1986). Presently, most 2-PE synthesized
chemically comes from the Friedel-Crafts reaction of ethylene oxide and benzene in the presence
of aluminum chloride (Etschmann et al., 2002). Although inexpensive, the low selectivity,
accumulation of toxic byproducts, high temperature and pressure, as well as the use of strong acids,
make the chemical production of 2-PE less attractive. A major concern during chemical synthesis
of 2-PE is purification; poor separation from byproducts can result in a final product with off-odors
that are undesirable for fragrance and flavoring industries (Clark, 1990). As a result, synthetic 2-
PE is significantly cheaper than naturally derived 2-PE (USD $5/kg vs. $1000/kg, Wang et al.,
2019), making the economic production of natural 2-PE enticing. With the natural flavors and
fragrance industries set to reach $700 million by 2020 (Pandal, 2014), harnessing metabolism for
the enhanced production of 2-PE is an attractive option.

Various microorganisms including bacteria (Zhang et al., 2014), filamentous fungi (Wani
et al., 2010; Celinska et al., 2013; Etschmann et al., 2015) and yeast (Gethins et al., 2015) possess
some of the pre-requisite genes necessary for 2-PE biosynthesis. Among the reported 2-PE
producers, yeast such as Saccharomyces cerevisiae and Yarrowia lipolytica are the most efficient
strains (Etschmann et al., 2004). Previous studies have shown that yeast can convert L-
phenylalanine (Phe) into 2-PE via the linear Ehrlich pathway which converts amino acids into
alcohols via sequential trans-amination, decarboxylation, and dehydrogenation (Hazelwood et al.,
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2008). Various genetic engineering methods such as the alleviation of feedback inhibition,
improvement of precursor transport, enhancing enzyme activity, and reduction of competing
pathways have led to significant improvement in the yield and productivity of 2-PE in microbes
(Wang et al., 2019). Methods such as high-throughput screening of high-performance strains,
random mutagenesis, and bioprocess optimization have also led to significant improvement in 2-
PE production using microorganisms (Martinez-Avila et al., 2018; Wang et al., 2019).

While many microbial 2-PE producing strains have resulted in high yields, there are certain
limitations such as the need for complex culture techniques that can render the process
economically unfavorable. Additionally, 2-PE is inherently anti-microbial, resulting in toxicity to
the culture after a certain accumulation (Etschmann et al., 2002). In contrast, plants can synthesize
2-PE without the need of any exogenously supplied precursors, limiting the feed cost necessary
for production. Plants have also been shown to sequester 2-PE in a non-toxic form by in planta
derivatization allowing for continued production and storage of the desired compound (Hayashi et
al., 2004). However, our interest in engineering a 2-PE pathway into plants is to introduce a
metabolic sink to divert carbon flux away from the biosynthesis of the hetero-aromatic biopolymer
lignin. Lignin is the second most abundant biopolymer on the planet and is found in the secondary
cell wall of plants. Lignin plays important roles in the reinforcement of the plant cell wall, water
transport, and defense against abiotic and biotic stresses (Douglas, 1996; Boerjan et al., 2003).
However, its abundance in the cell wall renders lignocellulosic feedstock recalcitrant to enzymatic
hydrolysis, greatly limiting the production of biofuels (Chapple et al., 2007; Vanholme et al., 2008).
In order to achieve effective hydrolysis, lignocellulosic biomass is subjected to pretreatment
techniques to reduce the binding between lignin and the polysaccharides needed for ethanol
production. Pretreatment techniques can be mechanical, physicochemical, chemical or biological,
and accounts for up to 20% of the total cost of ethanol production, reducing the economic viability
of biofuels (Loqué et al., 2015). Research into cost-effective pretreatment strategies and other steps
have been shown to improve the productivity of the process (Mosier et al., 2005; da Costa Sousa
et al., 2009), however, genetic engineering of plant cell walls to obtain feedstock more amenable
to saccharification is another viable strategy (Li et al., 2008). Genetic manipulation of lignin
amount and composition has been shown to be a promising strategy for increasing biomass
saccharification (Bonawitz and Chapple, 2013). Previous studies have shown that downregulation

or knockout of lignin biosynthetic genes in tobacco (Sewalt et al., 1997), poplar (Jouanin et al.,
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2000), switchgrass (Fu et al., 2011) and alfalfa (Reddy et al., 2005) have led to improvements in
pulping efficiency, forage digestibility, and ethanol production.

Lignin is a cross-linked polymer of phenolic alcohols synthesized from the
phenylpropanoid pathway (Fig. A1) which starts with the deamination of the aromatic amino acid
Phe, a common precursor needed for 2-PE biosynthesis. 2-PE synthesis must thus compete with
the lignin biosynthesis pathway for Phe availability, limiting the amount that can be synthesized.
However, plants can direct up to 30% of fixed carbon towards the production of lignin (Chapple
et al., 2007), making it conceivable that some of that high carbon flux can be re-directed towards
the production of 2-PE. Diverting carbon flux away from lignin and towards 2-PE can lead to
lignocellulosic biomass with increased saccharification efficiency and increased accumulation of
a valuable biochemical enhancing the value of the biomass. There is no deficit in the energetic cost
to re-direct carbon flux away from lignin towards 2-PE (Table 2.1), so in theory, the biomass
amount should remain the same. Under light or carbon limited conditions, for every percent of
total lignin mass decreased between 0.65-0.70 g of 2-PE may be produced (Fig. 2.1). One concern
to this strategy is that plants with deficit lignin content can express dwarfism or a stunted
phenotype, due to reduced mechanical support, increased risk of disease, and poor control on the
plant water balance (Pederson et al., 2005). However, there is no significant correlation between
lignin content and biomass (Novaes et al., 2009), and there are many instances of transgenic plants
with reduced lignin content with limited or negligible sacrifice in biomass yield (Rohde et al.,
2004).

Table 2.1 — Substrate and energetic (in moles) cost to make a mole of 2-PE or lignin (full substrate
balance available in Appendix A)

Substrate CO2 ATP NADPH + NADH 02 H20
Lignin 10.118 35.29 27.472 2.118  15.354
2-Phenylethanol 8 29 21 1 14

37



80

701  __carbon limited

60 1 ——Lignht limited
50 -
40 -
30 -
20 -
10 -

2-PE increase (4g-mg FW-1)

0 20 40 60 80 100
Lignin decrease (%)

Fig. 2.1 - 2-PE accumulation as a function of total lignin (weight %) decrease under light and
carbon limiting conditions. Slopes of the lines are calculated from ratio of carbon fixed (carbon
limited) and ratio of ATP spent (light limited).

2.2.2 Engineering 2-PE pathways in plants

2-PE is found in the headspace or natural oils of many flowering species such as rose,
carnation, hyacinth, orange blossom, geranium, and champaca (Kaminaga et al., 2006). While the
biosynthetic routes and genes vary between species, 2-PE is always derived from the aromatic
amino acid Phe. Few of the different biosynthetic pathways towards 2-PE have been identified in
plants (Fig. 2.2). One pathway consists of an enzyme of the CYP79 family responsible for the
oxidative decarboxylation of Phe to phenylacetaldoxime, which may then be hydrolyzed to the
intermediate phenylacetaldehyde (PhAld), and subsequently reduced by an alcohol dehydrogenase
into 2-PE (Irmisch et al., 2013). Identification of an aromatic amino acid transaminase (AAAT) in
melon suggests that a native Ehrlich pathway may exist in some plants (Gonda et al., 2010). In
tomatoes, an aromatic amino acid decarboxylase (AADC) which converts Phe into 2-
phenylethylamine was identified, which is then converted into PhAld by a monoamine oxidase
(MAO), and then reduced into 2-PE by a phenylacetaldehyde reductase (PAR) (Tieman et al.,
2006). The major known pathway in rose and petunia is via the bifunctional enzyme aromatic
aldehyde synthase (AAS, or more specifically, phenylacetaldehyde synthase, PAAS) (Kaminaga
et al., 2006; Sakai et al., 2007). AAS is a PLP-dependent enzyme that catalyzes the sequential
deamination and decarboxylation of Phe into the intermediate PhAId, thus bypassing the need to

go through an intermediate such as phenylpyruvate or 2-phenylethylamine. PhAld is then reduced
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to 2-PE by a native dehydrogenase (Kaminaga et al., 2006). This pathway has been utilized in
existing work to produce 2-PE in higher plants such as Arabidopsis thaliana (Qi et al., 2015) and
hybrid poplar (Costa et al., 2013).
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Fig. 2.2 — Proposed and known 2-PE biosynthesis routes in plants. Solid lines represent known
mechanisms; dashed lines represent proposed mechanisms. AAAT — aromatic amino acid
transaminase; AADC — aromatic amino acid decarboxylase; CYP79 — cytochrome P450 family 79
enzyme; p-Glu — fS-glucosidase; (P)AAS — aromatic (phenylacet)aldehyde synthase; PAR —
phenylacetaldehyde reductase; PPDC — phenylpyruvic acid decarboxylase; MAO — monoamine
oxidase; TOX — transoximase; UGT — UDP glycosyltransferase. Figure adapted pathways
identified from (Kaminaga et al., 2006; Sakai et al., 2007; Gonda et al., 2010; Irmisch et al., 2013;
Gunther et al., 2019).

Upon synthesis in the cytosol, 2-PE is either emitted into the atmosphere, or is stored within
the cell. 2-PE has been detected in plant tissue in its free form, or as a glycosylated product.
Volatile compounds are often acetylated or glycosylated to prevent over-accumulation leading to
degradation of cellular membranes (Costa et al., 2013). Studies in rose flower diurnal cycles
observed the change in 2-phenylethyl glucoside levels and free 2-PE levels occur rhythmically,
implying there is a mechanism by which 2-PE and its corresponding glucoside are regulated,
though it was concluded that the interconversion of 2-PE and its glucoside is not necessarily due
to diurnal patterns (Watanabe et al., 2002; Hayashi et al., 2004).

Introduction of 2-PE biosynthetic pathways in plants have been successfully achieved by
different transgenic approaches. A study on Populus tremulaxPopulus alba (hybrid poplar)
utilized petunia PAAS (PhPAAS) and rose PAAS (RhPAAS) genes in conjunction with tomato
PAR (LePAR1) resulted in accumulation of derivatized 2-phenylethanol in leaf tissue up to 4% by

dry weight (Costa et al., 2013). More recently, a group of researchers were able to reduce lignin
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content with increasing yields of 2-PE in Arabidopsis thaliana (Qi et al., 2015). Two separate
mutant lines were produced, a PAAS/LePARL1 line encoding PAAS from petunia leaves and PAR
from tomato, and an ARO9/ARO10/ADH2 line which uses key enzymes of the Ehrlich pathway
from S. cerevisiae. The authors reported that the transgenic lines accumulated 2-PE up to 0.04%
of fresh weight tissue, and reduction of lignin content by 12-14%, with no visible defect in growth,
but reported no detection of glycosylated 2-PE. These studies provide the initial roadmap for the
economic production of 2-PE in crops, however, due to limited information on the metabolic
network these studies do not provide significant context towards increasing yield. Further
improvement in 2-PE vyield requires a rational engineering approach. Rational metabolic
engineering employs mechanistic models of metabolism that can be used to predict which genetic
manipulations lead to desirable outcomes. We therefore seek to use a kinetic model of
phenylalanine metabolism as a guide for the rational design of plants producing increased amounts
of 2-PE.

2.2.3 Kinetic modeling of plant secondary metabolism

Kinetic models are an important type of mechanistic metabolic models that can be used to
understand plant metabolism (Zhu et al., 2007; Beauvoit et al., 2014). As kinetic models account
for the enzymatic kinetic parameters, metabolic control analysis can be applied to determine which
enzymatic steps within the studied metabolic network exert the greatest control on the flux (Col6n
et al., 2010). A parameterized kinetic model can be used to simulate pathway perturbations to
predict new metabolic steady states (Fell, 2005). These predictions are invaluable to the metabolic
engineer as it reduces the number of trial-and-error genetic manipulations and can contextualize
observed cell behavior (Zhu et al., 2007; Colon et al., 2010).

To date there are a few models of Phe and lignin biosynthesis in plants (Faraji et al., 2015;
Wang et al., 2014; Guo et al., 2018). Faraji et al. (2015) constructed a general mass action kinetic
model of lignin biosynthesis in switchgrass, with their model suggesting possible feedback
regulation and enzyme competition mechanisms previously undiscovered for their model system.
Implementation of metabolic channels resulted in agreement between simulated and measured in
vivo fluxes, suggesting that channeling is necessary to overcome allosteric regulation and enzyme
competition. Wang et al. (2014) formulated a kinetic model for the phenylpropanoid pathway in
poplar using both proteomic data and kinetic assays to obtain Michaelis-Menten kinetic parameters.

40



The parameterized kinetic model was validated against experimental data obtained from transgenic
poplar and was able to successfully predict lignin content and composition. Guo et al. (2018) used
isotopic labeling studies of the phenylpropanoid pathway in Arabidopsis thaliana to obtain
measurements of carbon flux under different tracer feeding conditions. Using the multiple in vivo
flux datasets for model training and validation, Kinetic parameters and their confidence intervals
were calculated using rigorous statistical analysis and an information theory approach. The trained
kinetic model considered multiple subcellular compartments and the best-fit solutions indicated
that certain metabolites are sequestered in the vacuole. While these three studies all lead to the
construction of kinetic models, the approaches to obtaining parameters can differ significantly.

A major feature that can be extracted from kinetic models is the elucidation of the
parameters responsible for the control of flux. Metabolic control analysis (MCA) is a method for
quantifying how the control of flux and metabolite concentrations in a metabolic network is
distributed among each enzymatic step (Kascer and Burns, 1973; Fell et al., 2005). Instead of
considering the existence of a single rate-limiting step, MCA assumes that the finite amount of
flux control is distributed among all enzymes in the pathway. Implementation of MCA allows for
the calculation of flux control coefficients that specify the relative change in the metabolic steady
state resulting from infinitesimal changes in enzyme activities. In essence, MCA is a form of linear
perturbation theory and is useful for determining which enzymes in the metabolic network are

important targets for metabolic engineering strategies.

2.2.4 Motivations and objectives

2-PE has been identified as a commodity chemical of high value with growing demand for
natural production. Our major aim was to redirect carbon flux away from lignin biosynthesis
towards the increased production of 2-PE. To achieve this, we selected Arabidopsis thaliana as
the model organism to transform. Arabidopsis was selected due to its relative ease of
transformation, rapid growth times when compared to lignocellulosic feedstock (switchgrass,
poplar, etc.), and having a large genomic toolbox. Additionally, kinetic parameters for many of the
relevant enzymes have already been characterized in vitro in the BRENDA enzyme database
(www.brenda-enzymes.org) or been estimated in silico by kinetic models (Guo et al., 2018).
Arabidopsis is an established model system for the study of lignin biosynthesis and biofuel
production (Vanholme et al., 2012; VVan Acker et al., 2013; Bonawitz et al., 2014).
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We proposed a genetic engineering strategy at the phenylalanine branch point, whereby a
portion of the carbon flux towards lignin biosynthesis is diverted towards the production of an
economically viable product, 2-PE. Using a parameterized kinetic model at the phenylalanine
branchpoint, we predict and test several metabolic engineering strategies to maximize the flux
diverted towards 2-PE biosynthesis. We use a combined experimental and computational approach

to iteratively improve 2-PE accumulation in transgenic Arabidopsis.

2.3 Materials and methods

2.3.1 Plant material

Arabidopsis thaliana ecotype Columbia (Col-0) was used in the experiments outlined.
Arabidopsis plants were grown in greenhouses at 16h light/8 h dark at 22°C with 65% relative
humidity. Seeds were sterilized before sown on half-strength MS medium. After stratification at
4°C for 2 days, Arabidopsis seeds were germinated at 22°C. A CaMV 35S promoter was used for
constitutive overexpression of the native aromatic aldehyde synthase (AtAAS). Tomato
phenylacetaldehyde reductase (LePAR1) was linked using a viral self-cleaving 2A linker for co-
expression of distinct peptides (Ha et al., 2010), as shown in Fig. 2.3. The gene cassette was
inserted into the pB2GW?7 binary vector for stable integration into the Arabidopsis genome via
agro-mediated transformation. Resultant progeny was selected for resistance to glufosinate and
screened for transgene expression. Four lines were self-pollinated to generate homozygous lines.
Independently, constructs for AroGi7s (point mutation at position 524; Leul75GIn; Tzin et al.,
2013) and pall pal2 (Rohde et al., 2004) were obtained and planted. These plants were cross-
pollinated with AtAAS/PAR1 plants and individual progeny were screened for Phe and 2-PE

accumulation.

—E% PAR1 2A AtAAS —

Fig. 2.3 — Gene cassette inserted into the pB2GW?7 binary vector for stable integration in the
Arabidopsis thaliana genome. 35s denotes the CaMV 35S promoter, used for constitutive
overexpression. PARL denotes phenylacetaldehyde reductase obtained from S. lycopersicum.
AtAAS denotes aromatic aldehyde synthase from A. thaliana. 2A denotes the viral self-cleaving
2A-linker, used for co-expression of distinct peptides.
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2.3.2 GC-MS analysis of volatile compounds

Stems were collected from 5-6 week old Arabidopsis in triplicate biological replicates were
flash frozen and ground in a mortar and pestle under liquid nitrogen. For free volatile analysis (2-
phenylethanol and phenylacetaldehyde), samples were extracted in dichloromethane containing
naphthalene as an internal standard (overnight at room temperature in a tightly capped vial).
Aliquots of the extraction solvent were then concentrated under a gentle stream of nitrogen gas
and analyzed on an Agilent 7890A gas chromatograph coupled with a 5975C inert MSD
quadrupole mass spectrometer using a HP5-MS column (0.25 mm x 30m x 0.25um, Agilent, Santa
Clara, CA). The temperature program used was as follows: 40°C maintained for 2 min and raised
from 40 to 150°C at 10°C/min, then from 150 to 250°C at 20°C/min with a final holding time of
2 min. Injector and detector temperatures were set at 250 and 230°C, respectively, 2-PE and PhAld
were quantified based on known m/z values, and quantified based on calculated response factors

relative to the internal standard naphthalene.

2.3.3 LC-MS/MS analysis of soluble phenolic compounds

For lignin precursor compounds and glycosylated 2-PE analysis, separate stem tissue was
ground in the same fashion described above. Samples were then extracted using methanol:water
(7:3, vlv) containing para-fluoro phenylalanine as an internal standard. Extraction was conducted
at 65°C for 2 hours with induced mixing on a thermal shaker (Benchmark Multi-Therm). Post
vortexing, samples were centrifuged at 18000 rpm for 15 minutes, and supernatants were collected
and dried under vacuum at 30°C using a centrifugal evaporator (LABCONCO Centrivap). The
residues were collected after 12 hours of drying and re-suspended in 60 pL of 50% (v/v)
methanol:water and transferred to standard HPLC vials. Soluble phenolic compounds were
analyzed using LC-MS/MS. Chromatographic separation was achieved using a Shimadzu HPLC-
20AD system equipped with a Zorbax Eclipse C8 column (150 mm x 4.6 mm, 5 um, Agilent
Technologies, Santa Clara, CA) and metabolite profiling was performed using an AB Sciex
QTRAP 5500 triple quadrupole mass spectrometer operating in the negative ion mode. The linear

gradient for HPLC and MS tuning parameters were obtained from Jaini et al., (2017).
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2.3.4 Analysis of total lignin content

Arabidopsis stems were analyzed for lignin content using the established acetal bromide
(AcBr) method (Chang et al., 2005) with minor changes (Wang et al., 2018). Harvested stems (n
= 3 biological replicates) were ground in liquid nitrogen and washed in 0.1 M sodium phosphate
buffer (pH 7.2) at 50°C for 30 min followed by five washes with 10 mL 70% ethanol (v/v) at 80°C
and once with 2 mL acetone. Dried cell wall residue (CWR) was weighed and dissolved in 2.5 mL
of acetal bromide/glacial acetic acid (25:75 v/v) overnight at room temperature. As a control, tubes
without CWR were also incubated with the AcBr/glacial acetic acid solution. Dissolved samples
were transferred into 50 mL volumetric flasks containing 2.5 mL 2 M NaOH and 12 mL acetic
acid. 500 pL of freshly prepared 7.5 M hydroxylamine hydrochloride was added into each sample
followed by 35 mL acetic acid. The sample was mixed and allowed to settle before the volume
was brough to 50 mL with the gradual addition of acetic acid. To obtain total lignin content,
absorbance at 280 nm was measured on a spectrophotometer using the control as a blank. Beer’s
law was used to calculate the concentration of lignin, with a value of 23.20 L-g*-cm™ for the

extinction coefficient.

2.3.5 Exogenous isotopic labeling studies

Arabidopsis plants used for feeding studies obtained from a single batch, grown under
controlled greenhouse conditions (16/8 h light/dark cycle) or in growth chambers (23°C, light
intensity of 150 uE m s2, 16/8 h light/dark cycle). 5-8 week old primary stems and rosette leaves
were excised from the plant and dipped in 1.5 mL centrifuge tubes containing a liquid MS medium
with varying concentrations of the isotopically labeled substrate (*3Cs)-phenylalanine (1, 10, 100
M). Plants were incubated for up to 6 hrs and harvested for metabolic analysis. All labeling

experiments were performed in triplicate (n = 3 biological replicates).

2.3.6  Kinetic modeling

The metabolic model stoichiometry, subcellular compartmentation, and enzymatic steps
are shown in Fig. 2.4. Both 2-PE and lignin biosynthesis occurs in the cytoplasm of lignifying
cells, while Phe synthesis occurs exclusively in plastids. Widhalm et al. (2015) characterized a
plastidial phenylalanine exporter PhpCAT in petunia flowers, and Guo et al. (2018) estimated
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kinetic parameters based in vivo fluxes obtained from time-course isotopic labeling studies. Upon
export into the cytosol, Phe is converted into phenylacetaldehyde by aromatic aldehyde synthase
(AAS) or into trans-cinnamic acid by phenylalanine ammonia lyase (PAL). PAL is considered the
first step in the lignin biosynthesis pathway, and we are primarily interested in the split in carbon

flux at the cytosolic Phe branchpoint. For the model, mass balances on each metabolite are written:

d[Phe, | (2.1)
=v -V

dt ADT CAT

d[Phe,] (2.2)
dt = VcaT — Vaas — VUpaL

d[PhAld] (2.3)

T = Vaas — UparR

d[2-PE] (2.4)
dt = UpaR

d[CA] (2.5)

“dr = VpaL

Where each flux v; corresponds to i enzymatic step. The flux is determined by kinetic
parameters and substrate amount and is given by the classic Michaelis-Menten equation. For the

five enzymes in the metabolic network, the kinetic equations are as follows:

app (2.6)

Vmax,CAT [Phep] (2-7)

Vear = [Phe,]
Kﬂ(/;f}"{le <1 + KCA'? ) +[Phe, |
i,Phe

v _ Vmax,AAS [Phec] (28)
AAS —
Kupme +[Phec]

S Vinax par[PhAld] (2.9)
PAR =
Ky'thaia + [PhAld]

Vmax,PAL [Phec] (210)
UpaL = PAL
KM,Phe+ [Phec]
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Where Viaxi, Ky, and K;; are the maximal rate, the Michaelis-Menten constant

(substrate affinity), and inhibition constant, respectively, for the i enzyme and j" substrate. ADT
and CAT take on the forms of uncompetitive and competitive inhibition, respectively (Guo et al.,
2018). All kinetic parameters used are tabulated in Table S2.1.
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Fig. 2.4 — Cellular model depicting metabolite-enzyme interactions, reaction stoichiometry, and
subcellular compartmentalization. Enzymes are shown in bold: AAS —aromatic aldehyde synthase;
ADT — arogenate dehydratse; CAT — cationic amino acid transporter; PAL — phenylalanine
ammonia lyase; PAR — phenylacetaldehyde reductase. Metabolites: CA — trans-cinnamic acid; 2-
PE — 2-phenylethanol; PhAld — phenylacetaldehyde; Phec — cytosolic phenylalanine; Phep. Solid
arrows indicate direction of reaction, dashed arrows indicate feedback inhibition.

Experimentally we can resolve the fluxes at the Phe branch point by time course
measurements of the isotopic enrichment of downstream metabolites upon feeding. As we are
interested in maximizing flux through AAS by diverting flux away from PAL, we are interested
in the ratio between the two fluxes, vg:

_ Vaas (2.11)
UpaL

UR

2.3.7 Metabolic control analysis

Metabolic control analysis (MCA) provides a framework for quantitative assessment of the

small perturbations in enzyme activity on the metabolic steady state J (Fell, 2005). This is

accomplished by the evaluation of flux control coefficients, Ci’ , for each enzyme i in the network:
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Where [g;] is the abundance of enzyme i. The greater the value of the flux control coefficient
(FCC), the greater the control on the flux J. The flux-control summation theorem states that due to
the normalization of the coefficients to the total flux, the FCCs must sum to unity (Stephanopoulos
etal., 1988):

N enzymes (2.13)

This theorem holds true for linear pathways but can deviate from unity with large branched
networks. In large metabolic networks, individual FCCs can have very low values due to highly
distributed control. Upon calculation of FCCs, MCA provides the means to estimate new values
of flux based on large perturbations in enzyme activity. From equation 2.12, large perturbations in
enzyme activity can be used to predict large deviations in flux:

0] _ 1 Aled (2.14)

Jr T Ale]]

Where r describes the extent to which enzyme activity has been altered. This dimensionless
number can also be referred to as the activity amplification factor (AAF) defined as the ratio
between the new enzyme activity [e]] and the original activity [e]]:

el 2.15

aar, = 1] (2.15)

[ei ]
Similarly, a flux amplification factor (FAF) can be defined as the ratio of the new flux and original
flux:

]’ (2.16)

FAFL = ]T
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Combining equations 2.14-2.16, we obtain a relationship between the FAF and the AAF:

1 (2.17)

1= (M)

FAF; =

Utilization of large perturbations in enzyme activity to estimate fluxes is known as the
theory of large perturbations. As genetic manipulations often target several order of magnitude
changes in enzyme activities, it is beneficial to use large-perturbation theory to provide insight into
the possible outcomes from transformations. Additionally, large-perturbation theory can be helpful
in comparing different genetic modification strategies.

2.4 Results and Discussion

2.4.1 Selection and screening of 2-PE accumulating lines

2-PE biosynthesis in Arabidopsis is achieved by two enzymatic steps (Fig. 2.3); first Phe
is converted into phenylacetaldehyde (PhAld) by AAS, which is then reduced to 2-PE by PAR.
While Arabidopsis has a native AAS gene, accumulation of PhAld in wild-type plants is below the
limit of detection, suggesting very low activity. Additionally, a specific phenylacetaldehyde
dehydrogenase or reductase has not been characterized for Arabidopsis, and it is unknown if the
specificity of native alcohol dehydrogenases (ADH) can catabolize the reduction of PhAId.
Therefore, the initial transformation strategy was the overexpression of Arabidopsis aromatic
aldehyde synthase (AtAAS) in tandem with tomato (Solanum lycopersicum) phenylacetaldehyde
reductase (LePAR1) (Fig. 2.2). This transformation resulted in progeny screened for glufosinate
resistance and screened for transgene expression by qRT-PCR. Four independent lines were self-

pollinated to generate homozygous lines that were used for analysis (Fig. 2.5a).
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Fig 2.5 — Initial transformation of Arabidopsis thaliana generated four independent homozygous
lines. (a) Relative AAS expression obtained by gRT-PCR in rosette leaves of A. thaliana plants.
Values are relative to endogenous AAS expression in wild-type leaves. (b) 2-PE accumulation in
transformants. Analysis was performed on rosette leaves and primary stems. Data are means + S.E.
(n = 3 biological replicates). * P < 0.001 using Student’s t-test for comparison of means against
wild-type.

Total pools of 2-PE were quantified in wild-type and transformed Arabidopsis rosette
leaves and primary stems (Fig. 2.5b). Overall, significant accumulation was observed in the initial
transformation, however, the level of accumulation did not correlate with transgene expression
across the four lines, indicating possible limitation in further accumulation of 2-PE. The line with
the greatest measured AAS transcript, AtAAS/PAR1-53, did not accumulate 2-PE to a statistically
different quantity when compared to the other homozygous lines.

Accumulation of the intermediate PhAld was below the limit of detection, suggesting that
PhAId pools turn over rapidly. To determine if product was being lost to the environment in the
form of volatile emissions, overnight headspace collections were conducted for AtAAS/PAR1-53
and the wild-type control (Fig. 2.6a). The combined emissions of 2-PE and PhAIld were below 8
pmol g FW hrl, a quantity that is almost negligible compared to the total internal pools. As 2-PE
is known to be glycosylated in many plant species (Jacobsen and Christensen, 2002; Costa et al.,

2013), transgenic Arabidopsis was screened for phenylethyl glucoside. Analysis of plant tissue
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revealed that glycosylated 2-PE pools accumulated in amounts 3-5 fold greater than that of free 2-
PE pools (Fig. 2.6b). However, the pools of glycosylated 2-PE did not increase with transgene
expression, indicating that the inability to further accumulate free 2-PE was not due to
sequestration.
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Fig. 2.6 — Metabolic fate of synthesized 2-PE in Arabidopsis thaliana. (a) VVolatile emission rates
of PhAIld and 2-PE in wild-type and AtAAS/PAR1 — 53. (b) Phenylethyl glucoside accumulation in
transgenic and wild-type A. thaliana. Data are means + S.E. (n = 3 biological replicates).

2.4.2 Simulation of metabolic flux

To gain insight into the flux split at the phenylalanine branchpoint, simulated flux through
AAS was compared to the flux through PAL (Fig 2.7). From the initial screening of the transgenic
lines, we hypothesized that the inability of AtAAS/PAR1-53 to produce more 2-PE compared to
other transgenic lines was due to limited substrate (Phe) availability. Only at high ratios of AAS
to PAL abundance and high Phe availability would the flux split at the Phe branchpoint become
favorable towards enhanced production of 2-PE (wvg > 1). Endogenous pools of Phe in
Arabidopsis stems are typically about 2-3 uM (Jaini et al., 2017), indicating that limited substrate
availability is a major bottleneck in increasing biosynthetic flux towards 2-PE biosynthesis.
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Fig. 2.7 — Flux ratio of AAS to PAL with respect to substrate (Phe) availability and the ratio of
enzyme activity ([AAS]/[PAL]). Flux was estimated using parameterized kinetic model (Section
2.2.6 — Kinetic modeling) with Phe and enzyme concentration treated as continuous variables.
To test whether 2-PE biosynthesis can be enhanced with increased Phe levels, wild-type
and transgenic Arabidopsis stems were supplied with 1, 10, and 100 mM of ring labeled (*3Cs)-
Phe exogenously for 6 hr (Fig. 2.8). Flux through AAS and PAL were calculated based on
downstream 13C enrichment of 2-PE and para-coumaric acid (the first measured intermediate in
the phenylpropanoid pathway). Feeding with enhanced concentrations of Phe was able to
substantially increase the accumulation of 2-PE in transgenic plants, while wild-type Arabidopsis
did not accumulate the product. Between 10 and 100 mM there appears to be a concentration of
Phe that leads to saturation of the enzymes, an observation that is also observed in the simulated
flux. Comparison of the measured flux ratio with simulated data further suggest that transgenic
Arabidopsis is substrate limited, and increasing Phe levels in transgenic lines with high AAS

expression can feasibly improve 2-PE accumulation.
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Fig. 2.8 — Feeding of transgenic and wild-type Arabidopsis thaliana with exogenous *Ce-
phenylalnine for 6 hours. Flux through AAS and PAL are expressed as a ratio, vg (equation 2.11).
Data are means + S.E. (n = 3 biological replicates). Lines are the simulated flux ratio at specified
ratio AAS to PAL enzyme abundance.

FCCs determined by MCA provide insight into the distribution of control that individual
enzymes impose on flux towards 2-PE biosynthesis (Fig. 2.9). The step with the highest control
coefficient was the plastidial Phe transporter, further evidence of the limitation of cytosolic Phe in
the production of 2-PE. In petunia flowers, ~80% downregulation of PhpCAT expression leads to
~40% reduction in phenylpropanoid pathway flux, confirming the high level of flux control the
Phe exporter exerts on the biosynthesis of cytosolic Phe-derived metabolites (Widhalm et al.,
2015). Kinetic modeling of the phenylpropanoid pathway confirmed this observation by MCA and
found that over 70% of the flux control was exerted by the Phe exporter (Guo et al., 2018). Thus,

it becomes evident that cytosolic Phe pools are limiting the enhanced production of 2-PE.
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Fig. 2.9 — Flux control coefficients (FCCs) of pathway enzymes. FCCs are estimated by
perturbation of £ 5% perturbation of individual enzyme activity and observing the change in flux
towards 2-PE.

At the Phe branchpoint, the FCCs for AAS and PAL are essentially identical in magnitude,
suggesting that the competition between the two enzymes greatly affects flux towards 2-PE.
Targeting the competition at the branch point is another suitable point of modulation for the
subsequent metabolic engineering strategies. In contrast, PAR has negligible control on the
metabolic network suggesting that there is sufficient activity to rapidly turn over PhAld into 2-PE,

an observation validated by the low pools of PhAld observed in transgenic Arabidopsis.

2.4.3 Model-guided engineering of transgenic Arabidopsis

Combining flux analysis and the measurement of flux control from the kinetic model
revealed that endogenous cytosolic Phe is limiting the further accumulation of 2-PE (Fig. 2.8, 2.9).
Plants synthesize Phe via the shikimate and aromatic amino acid pathways (Fig. A2) (Gilchrist and
Kosuge, 1980). The first step in the shikimate pathway is 3-Deoxy-D-arabinoheptulosonate 7-
phosphate (DAHP) synthase which converts phosphoenolpyruvate and erythrose 4-phosphate into
DAHP. Flux through these pathways is known to be regulated by allosteric inhibition at several
points, including the feedback inhibition of Phe on DAHP synthase (Brown, 1968). Indeed,
overexpression of a mutated feedback-insensitive DAHP synthase (AroGi7s) in tomato resulted in
up to 50-fold increase in Phe levels (Xie et al., 2016). Additionally, AroGi7s plants were noted to

have increased flux through Phe, as several Phe-derived metabolites were found to increase up to
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200-fold relative to the wild-type control (Tzin et al., 2012). Introducing the 2-PE biosynthesis
pathway in AroGi7s background Arabidopsis provides a route for increasing 2-PE accumulation.

Furthermore, the flux split at the Phe branch point is unfavorable at low concentrations of
Phe and high expression of PAL relative to AAS (Fig. 2.7, 2.9). Arabidopsis have four PAL
isoforms of which knock-down of PAL1 and PAL?2 resulted in 75% decrease in total PAL activity
and only 30% residual lignin, with no major decrease in growth (Rohde et al., 2004). The pall
pal2 double mutants are also known to hyper-accumulate Phe, which we hypothesized would
enable greater flux to be diverted towards the production of 2-PE.

To test these predictions, AtAAS/PARL1 plants were separately cross-pollinated with (i) lines
overexpressing a feedback-insensitive E. coli (DAHP) synthase known to have hyper-induced Phe
biosynthesis (Tzin et al., 2012), and (ii) the double mutant pall pal2 known to have reduced
activity of the competing enzyme PAL (Rohde et al., 2004). Progeny from the cross-pollination
were screened for 2-PE content (Fig. 2.10). Lignin biosynthetic activity is not uniform over the
length of the Arabidopsis stem, with highest activity found in the basal segment (< 2 cm). To
discriminate between cells of varying lignin biosynthetic activity and its effect on 2-PE
biosynthesis, individual stem segments (0-2, 2-4 and > 4 cm) and rosette leaves were profiled

separately.
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Fig. 2.10 — Fold change of 2-PE pools upon subsequent genetic modification. 8-week-old
transgenic Arabidopsis were harvested by segments (0-2 cm stem, 2-4 cm stem, > 4 cm stem,
rosette leaves) and profiled for free and glycosylated 2-PE pools. All fold changes are reported
with respect to the control, AtAAS/PAR1-53. AroG — AroG x AtAAS/PAR1-53; pall pal2 - pall
pal2 x AtAAS/PAR1-53. Data are means = S.E. (n = 4 biological replicates). * P < 0.05, ** P <
0.01, *** P <0.001 by Student’s t-test.

With the exception of the basal stem segment (0-2 cm), 2-PE accumulation increased in
both AroG and pall pal2 backgrounds relative to the initial transformation, AtAAS/PAR1-53. The
greatest increase in 2-PE accumulation was found in the upper stem segment (> 4 cm) and rosette
leaves, the segments of Arabidopsis plants that express the lowest lignification rate (Wang et al.,
2018). In the basal stem segment, there was no measurable increase in 2-PE accumulation in the
AroG background compared to the transgenic control. Tzin et al. (2012) reported a significant
increase in Phe-derived metabolites including lignin precursor compounds. Due to high PAL
activity in the basal stem segment, it is likely that increasing substrate amount may not alleviate
the competition at the Phe branch point. To determine if the introduction of the 2-PE metabolic
sink has an effect on the steady state pools of lignin precursors, transgenic Arabidopsis was

analyzed for phenylpropanoids (Fig. 2.11, Fig.A3).
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Fig. 2.11 - Fold change of Phe and Phe-derived phenolic compound pools upon subsequent genetic
modification. (a) Fold change in phenylalanine pools. (b) Fold change in para-coumaric acid pools.
(c) Fold change in the sum of phenylpropanoid pools (all metabolites profiled listed in Appendix
A). 8-week-old wild-type transgenic Arabidopsis were harvested by segments (0-2 cm stem, 2-4
cm stem, > 4 cm stem, rosette leaves) and profiled for free and glycosylated 2-PE pools. All fold
changes are reported with respect to the wild-type control, AtAAS/PAR1-53. WT — wild-type; AroG
— AroG x AtAAS/PAR1-53; pall pal2 - pall pal2 x AtAAS/PAR1-53. Data are means + S.E. (n=4
biological replicates). * P < 0.05, ** P < 0.01, *** P <0.001 by Student’s t-test.

Unexpectedly, Phe levels were decreased significantly across transgenic lines compared to
wild-type plants (Fig. 2.11a). Previous characterization of the AroG and pall pal2 backgrounds in
Arabidopsis resulted in 1-3 order of magnitude increases in total Phe levels (Rohde et al., 2004;
Tzin et al., 2012). Depleted Phe levels in transgenic plants may be due to re-direction of carbon
flux towards 2-PE biosynthesis. To test whether flux was diverted away from lignin metabolism,
the pool sizes of phenylpropanoid pathway intermediates were measured in transgenic and wild-
type lines. The first metabolite in the phenylpropanoid pathway that can be detected by LC-MS/MS
analysis is p-coumaric acid. In all segments of transgenic Arabidopsis in the AroG and pall pal2
backgrounds, there was an observed decrease in para-coumaric acid pools (Fig. 2.11b). The
decrease in p-coumaric acid pools corresponds to the decrease in total Phe pools, indicating that
flux is re-distributed towards the production of 2-PE. However, this trend was not observed for the
sum of all phenylpropanoid metabolites (Fig. 2.11c). A possible explanation for lower Phe levels
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in AroG and pall pal2 backgrounds may be that the increased flux across AAS does not perturb
lignin biosynthesis, but simply consumes the endogenous cytosolic Phe pool. Using the kinetic
model, AAS abundance was varied to observe the effect on the steady state metabolite pools (Fig.
2.12). At high concentrations of AAS relative to PAL, cytosolic Phe pools can substantially deplete
to sustain flux towards 2-PE biosynthesis. Phenylpropanoid metabolism has a corresponding
decrease with Phe pools, a trend that was only observed for para-coumaric acid. Nonetheless,
based on the model, introduction of a 2-PE pathway can result in Phe depletion with increasing

flux over AAS.
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Fig. 2.12 — Model predicted fold change in metabolite pools with increasing AAS activity. Error
bars denote standard error propagated from model parameter uncertainty values.

To study the effect of an introduced 2-PE pathway on lignin biosynthesis, total lignin
content was measured in wild-type and transgenic Arabidopsis (Fig. 2.13). An overall decrease in
total lignin content was observed with respect to increasing 2-PE accumulation. However, only
pall pal2 xAtAAS/PAR1 had measurable decrease in total lignin. These plants experienced a
slower growth rate (1-1.5 week delay in bolting), but were able to achieve similar size and height,
resulting in a higher value crop overall. The minimal penalty in growth suggests that 2-PE

accumulating crops with decreased lignin content is viable.
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Fig. 2.13 — Effect of 2-PE accumulation on total lignin content. Total lignin measured in wild-type
(WT), AtAAS/PAR1-53 (#53), AroG x AtAAS/PAR1-53 (AroG), and pall pal2 x AtAAS/PAR1-53
(pall pal2). Cell wall residue (CWR) was obtained from harvested stems from 8-week-old plants
and analyzed for AcBr lignin. Data are means + S.E. (n = 4 biological replicates). *** P < 0.001
by Student’s t-test.

2.4.4 Plastid-localized compartmentalization of 2-PE biosynthesis

As discussed in Section 2.1.2, two previous studies have introduced 2-PE biosynthetic
pathways in plants. Qi et al. (2015) transformed Arabidopsis and achieved a maximum
accumulation of 0.037 dry wt% 2-PE. Costa et al. (2013) transformed hybrid poplar and achieved
a maximum accumulation of 0.06 dry wt% 2-PE in seven-week-old poplar plants. However, they
observed accumulation of glycosylated 2-PE in four-month-old poplar leaves approaching 4% by
dry weight, a substantially high quantity with respect to plant metabolic engineering. Thus far, the
highest achieving line, pall pal2 x AtAAS/PAR1-53, was able to reach an accumulation of 0.07
dry wt%, a quantity comparable to previous studies. However, our approach combined two
strategies to overcome metabolic bottlenecks, but only led to marginal improvement. A point of
consideration was our choice to overexpress AtAAS, which has significantly lower affinity for Phe
compared to AAS genes found in rose and petunia (Kaminaga et al., 2006). Thus, our original
approach was already limited in the extent to which it can compete with PAL activity. Only after
down-regulation of PAL activity did we observe 2-PE accumulation comparable with that of
previous studies. Thus, instead of competing with PAL, we considered an alternative approach to

reducing the competition for Phe availability. Due to high plastidial partitioning of Phe, we
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hypothesized that a plastidial 2-PE biosynthetic pathway would greatly improve 2-PE
accumulation. In the plastid, 2-PE biosynthesis has access to a higher concentration of Phe as well
as no competition from PAL. The branch now occurs at plastidial pools of Phe, with 2-PE
biosynthesis competing with the plastidial exporter instead (Fig. 2.14a).
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Fig. 2.14 — Plastidial compartmentalization of 2-PE biosynthetic genes. (a) lllustration of the shift
in reaction network stoichiometry when sequestering the 2-PE biosynthesis pathway in plastids.
(b) Re-distribution in flux control measured by MCA. FCCs are obtained using + 5% perturbations
of enzyme activity and estimating the new metabolic steady state flux.

To determine if sequestering 2-PE biosynthesis in the plastids can lead to increased 2-PE
production, we performed MCA on the re-structured kinetic model to quantify the shift in flux
control (Fig. 2.14b). Previously, the plastidial Phe exporter was found to exert the greatest control
on flux towards 2-PE. Due to its competition for plastidial Phe pools, the exporter control
coefficient becomes negative as it diverts flux away from 2-PE biosynthesis with increasing
expression. Additionally, Phe biosynthesis has increasingly greater control on flux towards 2-PE.
However, in the case of the plastidial pathway, the greatest control is exerted by AAS. While in
the cytosolic pathway, AAS and PAL exhibited a similar extent of flux control, AAS out-competes
the plastidial exporter for Phe. Using large-perturbation theory to test the effect of large variations
in enzyme activity on flux through AAS, we can further illustrate the differences in flux control
between the two pathway constructions (Fig. 2.15). AAS flux increases substantially more with
increased Phe biosynthesis flux when the pathway is localized in the plastids, emphasizing the
effect of Phe plastidial compartmentalization on 2-PE biosynthesis. Furthermore, a plastidial 2-PE
biosynthetic pathway is more sensitive to AAS overexpression, achieving higher flux at the same
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expression level when compared to the cytosolic pathway. While the exporter does compete with
AAS for substrate availability, AAS flux is quite insensitive to variations in exporter expression,
suggesting that AAS can adequately compete for plastidial Phe. Finally, lignin biosynthesis has
negligible effect on plastidial 2-PE production, allowing for the design of plants dedicated to 2-PE
production, in contrast to the earlier posed strategy of diverting carbon flux away from lignin and
towards 2-PE. Using model-guided predictions, introduction of the pathway into plastids was

posited as an alternative strategy to further increase 2-PE yield.
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Fig. 2.15 — Effect of large perturbations of enzyme activity on flux through AAS. The vertical axis
represents the flux amplification factor which is calculated from equation 2.17.

We tested this hypothesis by overexpressing AtAAS/PAR1 with transit peptides to ensure
plastidial targeting of the resultant proteins (Fig. 2.16a). Four transformed lines were screened for
AAS expression (Fig. 2.16b) and 2-PE accumulation (Fig. 2.16c). Despite only marginal AAS
overexpression compared to the original constructs (Fig. 2.5a), tpAtAAS/PARL1 lines were found to
have substantially greater accumulation of 2-PE. Indeed, 2-PE accumulation exceeded that pall
pal2 x AtAAS/PAR1-53, our previous highest accumulating line. By dry weight %, the highest
accumulation in tpAtAAS/PARL lines was found to be 0.123%, which is 1.7-fold greater than the

amount detected in pall pal2 x AtAAS/PAR1-53 (Table 2.2).
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Table 2.2 - 2-PE accumulation in different genetic backgrounds.

Line AtAAS/PAR-53 AroG pall pal2 tpAtAAS/PAR-4
xAtAAS/PAR1 xAtAAS/PAR1
[2-PE]
1072 dry wt. % 0.75+0.06 4.34+0.75 7.03+1.18 12.28 + 2.15

2.5 Conclusions

Using metabolic modeling we were able to identify limitations in the biosynthesis of 2-PE
in plants. This modeling led us to propose several metabolic engineering strategies to increase 2-
PE production in Arabidopsis. Kinetic models revealed that 2-PE biosynthesis is substrate limited
and out-competed by PAL activity. We tested these predictions by introducing the 2-PE
biosynthetic pathway into transgenic Arabidopsis overexpressing the feedback-insensitive DAHP
synthase and the double mutant pall pal2. Screening the transformed lines demonstrated
significant improvement in 2-PE vyield. High accumulation of 2-PE was also correlated with a
measurable decrease in lignin content, suggesting that the high carbon flux through the Phe branch
point can be re-directed towards the introduced metabolic sink. Furthermore, we evaluated the
effect of subcellular Phe partitioning by fusing the tandem PAR/AAS overexpression construct to
transit peptides to localize the 2-PE biosynthetic pathway in plastids. The net result was even
greater increase in 2-PE yield than previous metabolic engineering strategies.

One limitation in the approach is that Arabidopsis AAS has a higher K,, for the substrate
Phe than either petunia or rose AAS (Kaminaga et al., 2006; Sakai et al., 2007; Gutensohn et al.,
2011). Currently, we are working on introducing the pathway into poplar to determine if further
improvement in 2-PE production can occur with an alternative AAS. Another improvement in 2-
PE production can be possible with introduction of the plastid-localized 2-PE pathway in plants
(Arabidopsis and poplar) overexpressing AroG to induce increased Phe biosynthesis. Flux control
analysis predicts that Phe biosynthesis exerts the greatest control on plastidial 2-PE biosynthesis,

making a transformation in the AroG background an attractive option.
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CHAPTER 3. CHEMICAL AND PHYSICAL CHARACTERIZATION
OF FLOWER CUTICLES

3.1 Abstract

As an interface, the cuticle plays significant roles in protecting the plant against desiccation
and external environmental stresses. In addition, volatile organic compounds (VOCs) are emitted
into the surrounding environment of the plant via diffusion through the cuticle and is thus
dependent on the cuticle physicochemical properties. Numerous characterization studies on plant
cuticles across nature have facilitated better understanding on the relationship between cuticle
composition and structure. The prevailing model for plant cuticles describes a composite matrix
consisting of the biopolymer cutin and cuticular waxes that assemble into a multiphase system of
crystalline and amorphous regions. The mass transfer resistance across the cuticle is speculated to
be the result of crystalline waxes, where the relative amounts and arrangements govern the
diffusivity of VOCs. To assess the relationship between cuticle wax composition and crystallinity,
the waxes of Petunia hybrida flowers were investigated using gas chromatography - mass
spectrometry, infrared spectroscopy, and X-ray diffraction. Composition analysis shows that
petunia petal waxes are largely comprised of linear long-chain hydrocarbons with chain-lengths
ranging from 14 to 44 carbon atoms with an average chain-length of 24 carbon atoms. X-ray
diffraction results show that the isolated petal waxes are a mixture of amorphous domains and non-
cubic crystalline subcells. Using spectroscopy to compare the structural features of petal cuticles
and model waxes, we proposed a model cuticle that replicates the physicochemical properties of
petunia petal cuticles. The model cuticle is a ternary system composed of n-tetracosane (C24Hso),
1-docosanol (C22H4s0OH), and 3-methylbutyl dodecanoate (C17H3402), representing the relative
aliphatic chain length, functional groups, molecular arrangements, and crystallinity of the natural
waxes of petunia petals. X-ray diffraction analysis of varying compositions of the ternary wax
system was used to measure differences in crystalline symmetry and abundance, showing that wax
composition directly dictates the structure of the cuticle. VOC diffusion across cuticles of varying
chemical composition also varied, showing that perturbations in cuticle composition can affect

cuticle permeability.
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3.2 The plant epidermis

Starting from over c. 400 million years ago, plants successfully integrated themselves into
terrestrial habitats (Knauth and Kennedy, 2009). The adaption necessary for this expansion from
aquatic to terrestrial domains necessitated the outermost cell layer (epidermis) to fulfil two major
roles; protection against biotic and abiotic stresses, and the exchange of molecules with the
environment (Javelle et al., 2010). To fulfil these multiple roles, the epidermis of higher plants
such as gymnosperms and angiosperms developed a range of characteristics, including the
development of specialized cell types such as stomatal guard cells, conical cells, and trichomes.
The functional roles of these specialized cells with relation to VOC emissions were discussed
briefly in Chapter 1, but many of these cell types serve purposes relating to maintaining the
structural integrity and mechanical support of plant organs and tissue (Bemis and Torii, 2007).
Over the diversity of plant species, the types of epidermal cells can vary significantly, but in
general these cells are organized in a continuous and uniform monolayer surrounding plant organs
(Glover, 2000). The adherence of epidermal cells is achieved by means of a rigid secondary cell
wall, which is often thicker for the external surface of the cell (Javelle et al., 2010). The
development of complex cell walls can be traced to Charophycean green algae (Sgrensen et al.,
2011) using fossil records and plant lineages, where divergence in radiation necessitated
architectural changes in the cell wall. However, a more critical adaptive trait necessary for
terrestrial expansion is the ability to retain water, particularly in increasingly dehydrating
environments. Thus, over the course of plant evolution, the ability of epidermal cells to synthesize,
export, deposit and maintain a hydrophobic layer known as the plant cuticle became an important
characteristic necessary for survival (Waters, 2003). While plant cuticles vary significantly in
composition and physical description across species and tissue-types, they are generally
hydrophobic layers rich in long-chain aliphatic compounds. As the cuticle is the outermost layer
of the plant epidermis, the aforementioned epidermal cell functions of protection and molecular
exchange occur in the cuticle.

The epidermal cells of flower petals are generally conical in shape, which accumulate
pigments and release scent compounds necessary for reproduction and defense (Bergougnoux et
al., 2007). Many flower petals, such as those of Petunia hybrida flowers, lack specialized
epidermal cell types such as stomatal guard cells and trichomes (Van der Krol and Chua, 1993),

and thus the exchange of matter between the plant and its environment occurs solely via passive
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diffusion through the cuticle. Therefore, our understanding of the dynamics of scent emission is

dependent on the physicochemical properties of flower cuticles.

3.2.1 Structure of the plant cuticle

The outermost surface of terrestrial plants is covered by the cuticle, a composite structure
comprised of the biopolymer cutin embedded with intra- and epicuticular waxes (Jeffree, 2006;
Taiz et al., 2015). Cutin serves as a scaffold for the cuticular membrane, and is often referred to as
the “cuticle proper” comprising between 40-80% of the total cuticle by thickness (Heredia, 2003).
Cutin is a cross-linked polymeric network of esterified hydroxy Cis and Cjs fatty acids, with trace
amounts of glycerol, dicarboxylic acids, and phenolic compounds found coupled by
transesterification or by peroxidation (Kolattukudy, 2001; Pfiindel et al., 2006). On the inner side
of the cutin layer is an intermediate layer rich in polysaccharides and intracuticular waxes, forming
a heterogeneous interface with the aqueous cell wall. The outer surface of the cuticle proper is a
layer abundant in wax compounds, forming the epicuticular layer. The epicuticle is the outermost
layer of the cuticle, forming the distinctive “waxy feel” of plant surfaces. Due to the inhomogeneity
of plant cuticles and the structural and functional differences of cuticular components, it is
important to distinguish the various components of the cuticle from one another. As the waxes are
regarded to impose significantly greater mass transfer resistance compared to that of cutin,
(Schonherr and Riederer, 1989), the research highlighted in this thesis focuses primarily on the

natural plant waxes.

3.2.2 Cuticle biosynthesis and export pathways

The biosynthesis of cutin monomers begins with de novo fatty acid synthesis in the plastids
of epidermal cells (Fig. 3.1, Yeats and Rose, 2013). Free fatty acids are exported into the
endoplasmic reticulum (ER) via an unknown mechanism, after which they are converted into acyl-
CoA intermediates by - and midchain hydroxylation reactions, the sequence of which is also
undetermined. Acyl-CoA intermediates are synthesized by acyltransferases encoded by the LACS
family of enzymes, as characterized in Arabidopsis thaliana (Lu et al. 2009). Synthesis of glycerol
intermediates occurs via a glycerol 3-phosphate acyltransferase (GPAT) (Yang et al., 2010), which

are actively exported from the epidermal cell using ATP-binding cassette (ABC) transporters.
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ABCG32 transporters identified in Arabidopsis (Bessire et al., 2011), wild barley and rice
(Hordeum spontaneum and Oryza sativa; Chen et al., 2011) were characterized as cutin monomer
precursor exporters. Once in the periclinal cell wall space, cutin monomers are polymerized using
a putative cutin synthase, the mechanism of which is poorly understood. The multitude of linkages
in the cutin polymeric matrix results in structures ranging from branched to cross-linked (Pollard
et al., 2008), however, the specificity and abundance of these linkages are unknown. Additionally,
the effect of cutin polymeric linkages on its overall structure and function remains relatively

unclear.
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Fig. 3.1 — Major plant cuticle biosynthetic pathways. Subcellular compartments are shown in red,
genes are in bold text. ABCG — ATP-binding cassette transporters; CER — eceriferum; CYP —
cytochrome P450; FAE — fatty acid elongase; FAS — fatty acid synthase; GPAT6 — glycerol-3-
phosphate acyltransferase; LACS — long-chain acyl-CoA synthetase; LTP(G) -
(glycosylphosphatidylinositol-anchored) lipid transfer protein, (ns) — non-specific; MAH1 —
midchain alkane hydroxylase; PAL — phenylalanine ammonia lyase; WSD1 — wax ester synthase.
Figure adapted from Yeats and Rose (2013), Petit et al. (2017), Shanmugarajah et al. (2019).

In the majority of plant species, wax compounds such as acids, aldehydes, alcohols

(primary and secondary), n-alkanes, branched alkanes, esters, and ketones, are derived from very-
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long-chain fatty acids (VLCFAs) (Bernard and Joubes, 2013). Like cutin monomers, wax
compounds are synthesized from C1s and Cag fatty acids produced in the plastid of the epidermal
cell. Fatty acids are converted into CoA thioesters by a LACS enzyme and transported to the ER
via vesicle trafficking (Pulsifer et al., 2012). These very-long-chain CoA-thioesters (VLC Acyl-
CoA) undergo chain elongation by fatty acid elongases (FAE), forming VLCFAs. Characterization
of the multitude of VLCFA catabolic pathways has been achieved by known-downs or knockouts
of putative wax synthesis genes resulting in a series of “eceriferum” (lacking wax) mutants
(Koornneef et al., 1989). Using Arabidopsis as the model system to study eceriferum plants, the
enzymes used to convert VLCFAs into waxes with different functional groups have been identified
and classified as the eceriferum (CER) family, with over 21 CER genes found (Yeats and Rose,
2013). Wax compounds are subsequently exported from the epidermal cells by the ABC
transporters ABCG11 and ABCG12, first identified in Arabidopsis plants (Pighin et al., 2004; Bird
et al., 2007). Export of wax compounds through the aqueous cell wall is facilitated by
glycosylphosphatidylinositol (GPI)-anchored lipid-transfer proteins (LTPs) (Debono et al., 2009)
and unbounded non-specific (ns-) LTPs (Salminen et al., 2018).

While the synthesis of the cuticle and its individual constituents vary with species, tissue,
and environmental growth conditions, it is generally agreed that much of the formation of the
cuticle occurs in early development (Jenks and Ashworth, 1999). In addition to the cutin scaffold
and the interspersed waxes, plant cuticles can contain lipophilic secondary metabolites such as
flavonoids and triterpenoids (Jetter et al., 2006). Due to improvements in sensitivity of analytical
methods such as mass spectrometry and NMR, there has been substantial progress in the detection
and quantification of wax metabolites intermediates in their metabolic pathways. However, many
mechanisms such as intracellular trafficking, compartmentation, and regulation of cuticle
development remain unexplored or poorly understood, thus limiting the ability to engineer plants

with significant variations in cuticular phenotypes.
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3.2.3 Functions of the plant cuticle

The major function of the plant cuticle is protection against desiccation, or the uncontrolled
non-stomatal diffusion of water into the plants surroundings (Kerstiens, 1996a; Burghardt and
Riederer, 2006). Additionally, the cuticle protects plant vasculature from a variety of abiotic and
biotic stresses. In particular, the cuticle is a known barrier against pests and pathogens, preventing
them from breaching into the epidermis. Subsets of fungal pathogens have been shown to form
fissures in the cuticle by means of enzymatic degradation of cuticle components or by mechanical
rupture (Deising et al., 2000). Fungal pathogens secreting cutinases are able to hydrolyze the cutin
polymer and release free cutin monomers (Longhi and Cambillau, 1999), which in turn can elicit
plant defense responses (Kraus et al., 1997). Epicuticular waxes may have known functions in
plant-pest interactions, where the wax crystals may form unsteady surfaces that prevent insect
locomotion or attachment to the epidermis (Borodich et al., 2010). The cuticle also plays important
functions in defining developing organ boundaries, preventing the fusion of organs during plant
growth, or organogenesis (Espafa et al., 2014). The cuticle has also been shown to attenuate
harmful UV irradiation that can damage DNA (Kraus et al., 1997; Waters, 2003).

In addition to its functions as a protective coating, the cuticle is the interface between the
plant and its environment (Schonherr, 1976). Due to its structure and physicochemical properties,
the cuticle is known to restrict the diffusion of large and polar molecules (Kerstiens, 1996b, Jeffree,
2006). Measurements of water permeability in isolated cutin and waxes demonstrate that the waxes
impart 10-1000-fold greater mass transfer resistance than the cutin (Schonherr and Riederer, 1989).
The difference in mass transfer resistance is attributed to the differences in crystalline
arrangements between the waxes and the cutin polymer, where wax compounds synthesized by
the epidermis self-assemble into highly crystalline domains (Goodwin and Jenks, 2005). The
extent of these crystalline domains is speculated to limit, or altogether restrict, diffusion of
molecules through the cuticle (Riederer and Schneider, 1990; Schreiber et al., 1997; Merk et al.,
1998). While increased wax coverage has been shown to directly decrease cuticle permeability
(Sieber et al., 2000; Martin and Rose, 2014), no link between changing wax composition and
permeability has been fully established. Measurement of water permeability in the isolated waxes
of 23 plant species with varying wax coverage revealed that there was no correlation between
cuticle permeability and thickness (Riederer and Schreiber, 2001), suggesting that the chemical

composition and arrangement of the waxes are the primary determinants of cuticular permeability.
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The relationship between the cuticle composition and scent emissions is not well
understood. In astomatous flower petals, VOCs must be released through the cuticle, suggesting
that the cuticle may have some regulatory role in scent emissions. Analysis of scent emission in
snapdragon flowers (Antirrhinum majus; Goodwin et al., 2003) and cuticle development
demonstrated that the cuticle imparted little to no resistance with respect to methylbenzoate
emission. VOC emissions are known to be regulated, at least in part by biosynthesis, which is
partly controlled at the transcriptional level (Dudareva and Pichersky, 2000; Kolosova et al., 2001).
To date, there is no evidence that VOC emissions are controlled by the physicochemical properties

of cuticles.

3.2.4 Characterization of plant cuticles

Much of the plant cuticles composition, structure, and phase behavior has been
characterized by a wide array of characterization methods such as mass spectrometry (Walton and
Kolattukudy, 1972; Jetter et al., 2006), NMR (Lyons et al., 1995), calorimetry (Luque and Heredia,
1997; Matas et al., 2004), infrared spectroscopy (Chamel and Maréchal, 1992; Ramirez et al., 1992;
Villena et al., 2000; Herredia-Guerrero et al., 2014), microscopy (TEM, SEM, AFM, etc.) (Benitez
et al., 2004; Dominguez et al., 2011), and (X-ray and electron) diffraction (Baker, 1982; Ensikat
et al., 2000; Koch et al., 2006).

As mentioned in the previous section, the structure and phase of the cuticle is dependent
on the chemical composition of the waxes. The identification and quantification of natural wax
compounds have been achieved primarily using different mass spectrometry methods coupled to
gas chromatographs (GC-MS). Waxes are typically extracted from plant tissue by immersion in a
nonpolar solvent (chloroform or hexane) (Still et al., 1970). Rapid dips in nonpolar solvents have
been shown to readily solubilize aliphatic compounds without perturbation of the aqueous cell wall
layer (Athukorala and Mazza, 2010). Many organic soluble waxes are readily analyzed by GC-
injection, however; non-volatile waxes such as acids and alcohols require derivatization via
silylation in order for detection (Osorio et al., 2012). Wax profiling in plants is generally regarded
as non-targeted metabolomics, where the collection of molecular features such as chromatographic
retention time, mass-to-charge (m/z) ratios, and fragmentation patterns are used to identify unique
compounds (Aretz and Meierhofer, 2016). Non-targeted metabolomics methods involve data
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processing algorithms that can align large datasets and compare the fragmentation patterns with
databases. In addition to mass spectrometry based approaches, solid-state NMR has been shown
to be a viable method for characterization of the linkages found in enzymatically-isolated cutin
polymers (Chatterjee et al., 2015). NMR can be used to obtain the functional groups (aldehydes,
alcohols, ketones, etc.) present in the wax chains, however, is often limited by overlapping broad
spectral lines, and for quantitative analysis, typically requires long acquisition times (Serra et al.,
2012). Infrared (IR) and Raman spectroscopic techniques offer a rapid and even non-destructive
approach towards the analysis of the functional groups, conformations, and intra- and
intermolecular interaction of cuticle components and exogenous molecules (Heredia-Guerrero et
al., 2014). Spectroscopies are based on the excitation of molecular vibrations of chemical bonds
by the absorption of light (IR spectroscopy) or scattering of photons (Raman spectroscopy). IR
spectroscopy offers rapid analysis, with sample scans lasting less than 1 minute. However, IR
spectra is significantly diminished by presence of water in samples, which limits the ability for in
situ analysis for plant surfaces. Raman spectroscopy is less affected by sample aqueous content,
however, it can have longer acquisition times compared to IR spectroscopy. IR spectroscopy
acquisition is often performed using attenuated total-reflectance (ATR) mode, allowing for full
surface analysis. ATR-Fourier-transform infrared spectroscopy (ATR-FTIR) is a common method
for the analysis of the molecular arrangement and relative composition of plant cuticles. In general,
analysis of composition is necessary for understanding the phase and crystallinity of the cuticle.

Differential scanning calorimetry (DSC) is a widely used method that measures heat flow
to and from a sample, upon heating or cooling ramps. DSC is primarily used to identify phase
transitions and has been used widely in the analysis of cuticular waxes. Endo- and exothermic
effects are recorded to quantify temperatures and enthalpies of transition, as well as the heat
capacity of the sample. Crystallization behavior is highly dependent on the phase transition (glass
transition temperature, Tg), and thus the measurement of phase behavior is critical for the analysis
of cuticle crystallinity (Luque and Heredia, 1994). DSC analysis of natural plant waxes
demonstrate defined melting points between 60-95 °C, suggesting crystalline order similar to that
of petroleum-derived paraffin waxes.

Microscopic analysis of wax morphology demonstrates that waxes can crystallize in
differing ways resulting in different micromorphological descriptions. Using scanning electron

microscopy (SEM), upwards of 23 unique descriptions for wax morphology were defined such as
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platelets, tubules, films, and rodlets (Barthlott et al., 1998). Analyses of crystalline structure and
symmetry have been conducted previously using electron (Baker, 1982) and X-ray (Ensikat et al.,
2000) diffraction. Electron diffraction (ED) is beneficial for obtaining single-crystal diffraction
patterns, and is effective for measurement of crystallite size. However, X-ray diffraction (XRD)
provides detailed information on the lattice parameters, chain-length, and position of oxygen-
containing groups, making it the preferred characterization tool. Most diffraction studies are
performed on solvent-extraction, recrystallized waxes due to difficulties in the intact mechanical
removal of the cuticle (Meusel et al., 2000). Comparison of recrystallized and mechanically
isolated waxes for multiple plant species revealed no significant differences in the diffraction
patterns, demonstrating that solvent extraction of plant cuticles is a viable method for analysis of

cuticle crystallinity (Ensikat et al., 2006).

3.2.5 Motivations and research objectives

In order to determine if the structure and crystallinity of cuticles influence the emissions of
volatile scent compounds, we will focus first on the chemical and physical characterization of
petunia petal cuticles. As the wax compounds in plant cuticles are highly distributed, we seek to
reduce the chemical complexity of the cuticle into a simplified model system. Our primary
hypothesis is that greater wax crystallinity will result in decreased volatile emissions. Reduction
of the plant cuticle into a representative model system with only a few wax components will allow
us to control the extent to which the waxes form crystalline structures. Using spin-coated wax
films, we can test the VOC permeability of varying mixtures of waxes, and quantify the effects of

wax composition on the permeability of VOCs.

3.3 Chemical characterization of plant cuticles

Using GC-MS, the individual wax constituents comprising the epicuticular waxes of Petunia

hybrida flower petals will be identified and quantified
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3.3.1 Materials and methods

3.3.2 Plant materials and growth conditions

Wild-type Petunia hybrida cv. Mitchell diploid (W115; Ball Seed Co., West Chicago, IL)
were grown under standard greenhouse conditions with a light period from 6:00 h to 21:00 h.
Petunia buds were tagged the day prior to opening (anthesis), and all analyses were performed on
petunia flowers two-days post-anthesis harvested at 18:00 h, the day and time when scent emission
is the highest (Kolosova et al., 2002).

3.3.3 Wax extraction and GC-MS analysis

To extract waxes, petunia flower petals were submerged in 10 mL of GC-grade hexane for
20-30 sec. The solvent was decanted into fresh glass vial and dried completely under a gentle
stream of N.. The dried wax residue was derivatized using 200 pL of N,O-
bis(trimethylsilyl)trifluoroacetamide (BSTFA Derivatization Grade, Sigma-Aldrich, St Louis, MO,
USA) and pyridine (1:1 BSTFA:pyridine, v/v) for 15 min at 100°C, and excess BSTFA and
pyridine were evaporated under N». Derivatized waxes were solubilized in hexane containing a
known quantity of the internal standard n-tetracosane (99%, Sigma-Aldrich, St Louis, MO, USA)
and samples were analyzed on an Agilent 6890 gas chromatograph equipped with a HP5-MS
column (0.25mm x 30m x 0.25um, Agilent, Santa Clara, CA, USA) and coupled to a 5975B inert
MSD quadrupole mass spectrometer. The GC separation conditions were: an initial 2 min hold at
50°C, followed by a 40°C/min temperature ramp to 200°C and held for 10 min, then increased at
3°C/min to 280°C, and held for 10 min. Compounds were identified based on retention times and
fragmentation patterns, and quantified by peak areas relative to the internal standard. Specific
correction (response) factors and calibration curves were developed from external standards of
fatty acids, primary alcohols, and n-alkanes of varying chain length and composition. Total wax
quantity was obtained by pooling the wax extracts from 20 to 30 flowers in independent replicates,
and measuring the weight of the dried residue. Wax quantity is expressed per petal dry weight, and

all values represent the average of five biological replicates per petal sample.
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3.3.4 Results and discussion

The waxes of Petunia hybrida were isolated by solvent-extraction from the petals of day 2
flowers after opening (post-anthesis), the developmental stage when benzenoid and
phenylpropanoid VOC emissions are the highest (Kolosova et al., 2002). Over 35 cuticle
metabolites were identified on the chromatograms of wax extracts (Fig. 3.2, Table 3.1). The
majority of these wax compounds could be classified as fatty acids (23.1 = 3.4% by total wt. %),
primary alcohols (35.2 + 7.2%), n-alkanes (18.9 £ 2.9%), and aliphatic esters (2.0 + 0.2%). These
compounds varied in their chain-length distribution, with fatty acids ranging from C14-Cgs, primary
alcohols ranging from C16-Cgs, n-alkanes ranging from Ci15-Cas, and esters ranging from C17-Cas
(Fig. 3.3a and b).
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Fig. 3.2 — Representative chromatogram of derivatized wax extract from two day post-anthesis
Petunia hybrida petals. Cuticular waxes were extracted from four flowers. Peak intensities do not
correspond to relative abundance between compounds, due to differing response factors between
compound types and biological variability. Annotated peaks correspond to compound identity
(Table 3.1)
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6.

Table 3.1 — Wax constituents identified by GC-MS analysis of BSTFA-derivatized cuticle extracts from two-day post-anthesis flowers.

Peak No.f  RT (min) Compound Formula Peak No. RT (min) Compound Formula
1 12.37 n-pentadecane CisHs2 20 29.17 1-docosanol, TMS ester Ca25Hs40Si
2 14.16 n-nonadecane Ci9Ha0 21 29.49 1-tetracosanol, TMS ester C27Hs80Si
3 14.80 n-tetradecanoic acid, TMS* ester ~ Ci17Hz602Si 22 30.47 n-hentriacontane Ca1Hes
4 15.19 n-tricosane CasHag 23 30.61 n-hexacosanoic acid, TMS ester C2oHe002Si
5 15.88 n-pentadecanoic acid, TMS ester ~ CigHzsO2Si 24 30.82 1-hexacosanol, TMS ester C29He20Si
6 16.00 1-hexadecanol, TMS ester C19H420Si 25 31.14 (1,1-dimethylpropyl)cyclohexane Ci1H22
7 17.23 1-octadecanol, TMS ester C21H460Si 26 31.80 1-octacosanol, TMS ester Ca1HesOSi
8 17.80 n-hexadecanoic acid, TMS ester C19H4002Si 27 32.20 2-methyloctacosane C2¢Heo
9 19.28 oleic acid, TMS ester C21H420:2Si 28 32.29 2-methylnonacosane CaoHez
10 21.21 n-pentadecane CasHs2 29 32.61 3-methylbutyl dodecanoate C17H3402
11 21.73 n-octadecanoic acid, TMS ester C21Ha402Si 30 33.46 n-tritriacontane CasHes
12 22.64 n-heptacosane Ca7Hss 31 34.13 heptadecyl pentanoate C22H4402
13 23.35 a-linolenic acid, TMS ester C21Hzs02Si 32 34.88 2-methyltriacontane Ca1Hes
14 23.80 1-eicosanol, TMS ester Ca23Hs500Si 33 37.36 hexyl octadecenoate C24H1802
15 24.93 Internal standard (n-tetracosane) C24Hs0 34 37.75 octyl octadecenoate C26H5202
16 25.87 n-eicosanoic acid, TMS ester C23Ha802Si 35 38.80 dodecanoic acid, phenylmethylester C19H3002
17 26.45 n-nonacosane C29Hes0 36 39.07 octadecyl eicosanoate CagH7602
18 27.80 n-docosanoic acid, TMS ester Cas5H5202Si 37 41.66 2-methyldotriacontane CasHes
19 28.88 n-tetracosanoic acid, TMS ester C27Hs602Si 38 45.53 docosyl docosanoate CaaHgsO2

"Peak numbers correspond to annotated chromatogram (Fig. 3.2)
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Fig. 3.3 — Cuticular wax composition of two-day post-anthesis Petunia hybrida flower petals. (a)
Relative composition of wax compounds grouped by compounds class. (b) Abundance of wax
constituent classes. (c) Chain-length distribution of wax compounds. Data is given by mean + S.E.
(n =4 biological replicates).

Both acids and alcohols were identified as trimethylsilyl (TMS)-derivatives; fatty acids
were predominantly saturated, with only trace a-linolenic acid detected, while most alcohols had
primary hydroxyl groups, with trace secondary alcohols detected in the chromatogram. All alkanes
detected in wax extracts were odd-numbered, as they are synthesized by decarboxylation of even-
numbered fatty acids (Baker, 1982). Of the major wax constituent classes, only the alkyl esters
branching usually in the form of iso-methyl terminal groups were identified. These compounds
have generally low boiling points and low abundance, and thus it is important to have gradual
temperature ramps in order to distinguish them. Unsaturated fatty acids, secondary alcohols,
branched alkanes, ketones, and phenolic compounds comprise the ~20% of remaining wax
compounds, however, each compound has low abundance and little to no distribution in carbon
chain-length. The majority of wax constituents (> 65%) had a carbon chain-length between 20 and

30 atoms (Fig. 3.3c), and the mean of the chain-length distribution was approximately 24 carbon
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atoms. Most of these major wax constituents identified are linear hydrocarbons, of which 61 + 4%
contain one or more oxygen-containing functional groups. Remarkably, the cuticle comprises only
0.095 + 0.01% of the total dry mass of petunia corollas, with an average thickness 34.6 + 0.3 nm
(Fig. 6.6).

3.4 Physical characterization of plant cuticles

Chemical analysis of petunia petal waxes reveal an abundance of linear long-chain
hydrocarbons, with a significant fraction of wax compounds containing polar functional groups.
However, the composition of the petal cuticle is highly distributed, with compounds having a broad
range of molecular weights and melting points, likely contributing to a highly polymorphic
structure. To elucidate the cuticle morphology, physical characterization methods need to be
employed if we are to establish a composition-structure relationship. Due to the distributed
composition of the cuticle, it is unlikely that small perturbations in chemical composition will
result in measurable changes in the structural features. To address this, we require a simplified
model system that can both represent the structure of real cuticles and have a wax composition that
is readily manipulated. To discriminate the structural features relevant to petunia cuticles, we use
ATR-FTIR and XRD on reconstituted petal cuticles.

3.4.1 Materials and methods

3.4.2 Sample preparation

Petunia petal waxes were extracted according to the procedure (Section 3.3.1.2) and
extracts were dried to completion under a gentle stream of nitrogen gas. Dried cuticle residue was
weighed into fresh glass scintillation vials. The general wax yield is 0.8-1.0 mg/flower, thus for
physical characterization analysis, the waxes from 30-50 flowers must be harvested. Reconstituted
wax samples were heated to 80°C, and then gradually cooled to room temperature prior to FTIR

and XRD analysis.
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3.4.3 Fourier-transform infrared spectroscopy

Attenuated total internal reflectance — Fourier transform infrared spectroscopy (ATR-FTIR)
spectra was measured using a Thermo Nicolet Nexus FTIR spectrophotometer (Waltham, MA,
USA). Data was collected over 36 scans over the range of 700-4000 cm™ under a nitrogen purge.
Measurements were acquired on a diamond substrate using a KBr detector and a KBr beam splitter.
Analysis was performed directly on harvested petunia petals, dewaxed petunia petals, reconstituted
petunia petal waxes, and the prepared model cuticle waxes. Derivatives of the absorbance spectra

(dA/d)) was obtained using a forward difference method over 2 cm™ increments.

3.4.4 X-ray diffraction

Powder diffraction (XRD) data were recorded on a Panalytical Empyrean X-ray
diffractometer (Malvern Panalytical, Malvern, UK) at 45 kV, 40 mA with Bragg-Brentano mode
using Cu Ka radiation (A = 1.5418 A). The diffraction patterns were collected from 2-45° over five
calsides, and a PixCel3D Medipix detector. Isolated and blended waxes were dried, ground and
annealed from 80°C to room temperature prior to XRD analysis, with wax sample quantity varying
between 6-10 mg. XRD patterns were analyzed for peak geometry and background correction

using the HighScore (Almelo, the Netherlands, 2015) software.

3.4.5 Results and discussion

Spectroscopic features of plant cuticles

Attenuated total reflectance — Fourier transform infrared spectroscopy (ATR-FTIR) has
previously been used for in situ characterization of cuticle phase behavior and molecular structure
(Chamel & Maréchal, 1992; Merk et al., 1998). While the infrared spectra of freshly harvested
flowers did possess absorbance bands associated with plant cuticles, the abundance of water and
complex macromolecules (polysaccharides) resulted in diminished absorbance bands associated
with long-chain hydrocarbons (Fig. 3.4). The FTIR spectra of freshly harvested flowers and
reconstituted epicuticular waxes exhibit absorbance bands common to the cuticles of other plants

(Herredia-Guerrero et al., 2014): (i) a broad band at 3350 cm™ assigned to the stretching of
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associated with the asymmetric and symmetric stretching of methylene groups, (iv) a sharp peak
1730 cm™ assigned to ester stretching, (v) a sharp peak at 1464 cm™ corresponding to the
methylene group scissoring, (vi, vii) peaks at 1170 and 1060 cm™ assigned to the asymmetric and
symmetric bending of ester groups, and (viii) a low intensity peak at 719 cm assigned to the
rocking of methylene groups. The peak assignments and cuticle component contribution are
summarized in Table 3.2. The high intensity peaks associated with methylene stretching vibrations
reveal waxes with elongated structures, a common spectroscopic feature for linear hydrocarbons.
The occurrence of peaks between 600-1800 cm™ are attributed primarily to vibrations from the
stretching of carbon-oxygen groups, suggesting that a significant fraction of the aliphatic
compounds are oxygenated. This observation is supported by the chemical analysis of the cuticle,

where over 60% of wax metabolites were classified as alcohols, acids, and esters.

M fresh flower

dewaxed flower

reconstituted cuticle

Transmittance (%)

3800 3400 3000 2600 2200 1800 1400 1000 600
Wavenumber (cm™)

Fig. 3.4 — Transmission spectra of two-day post-anthesis Petunia hybrida flower petals. Spectra
correspond to flowers that are freshly harvested, dewaxed, and cuticles that are reconstituted upon
extraction. IR spectra is collected using ATR-FTIR mode on a diamond substrate using a KBr

detector and a KBr beam splitter. Peak annotations correspond to molecular vibrations identified
in Table 3.2 and in-text.
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Table 3.2 — Main functional groups assigned to different vibrations present in the transmission
spectra of reconstituted petunia petal cuticles. Peaks correspond to annotated peaks in Fig. 3.4.

Peak Assignment Wavenumber (cm™) * Cuticle component
i v(OH:--0) 3350 (m,b) Cutin, polysaccharides
I v,(CH,) 2919 (vs) Cutin, epicuticular waxes
iii v(CH,) 2850 (s) Cutin, epicuticular waxes
iv v(C=0) ester 1730 (m, sh) Cutin
% 6(CH,) scissoring 1464 (m) Cutin, epicuticular waxes
Vi va(C-0-C) 1170 (m) Polysaccharides, waxes
glycosydic bond
vii vs(C-0-C) 1060 (w) Polysaccharides, waxes
glycosydic bond
viii 0(CH,) rocking 719 (w) Cutin, epicuticular waxes

fy — stretching, 6 — bending, a — asymmetric, s - symmetric

tys — very strong, s -strong, m — medium, b — broad, sh — shoulder, w — weak

Crystallinity of isolated flower cuticles

Crystallinity of petunia petal waxes was obtained using powder X-ray diffraction (XRD)
on the dried wax residues from solvent-isolated cuticle extracts (Fig. 3.5). The XRD pattern of the
isolated cuticle exhibits a broad halo at 20 = 19°, representing the content of the waxes that are
amorphous (Le Roux, 1969; Dorset, 2000). An intense peak corresponding to a d-spacing length
of 4.17 A indicates hexagonal crystalline symmetry (Chichakli and Jessen, 1967), and a less
intense peak at a spacing of 3.72 A suggests traces of orthorhombic crystals (Ensikat et al., 2006).
Non-cubic crystalline symmetry results in unit cells with a long length axis that contribute to the
medium anisotropy. Waxes with hexagonal structure occur at higher temperatures near a phase
transition, which is suggestive of a softer wax than that of petroleum-derived waxes (Dorset, 2000).
Based on the definition of relative crystallinity given by ASTM D 5357, the percent crystallinity
is determined from the ratio of the crystalline peak area to the sum of the area under the crystalline
peaks and amorphous halo, and for reconstituted petunia petal cuticles, the waxes were found to

be 51 £ 4% crystalline.
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Fig. 3.5 — XRD-diagram of reconstituted petal waxes extracted from two-day post-anthesis
Petunia hybrida flowers. Inset plot represents baseline-corrected XRD pattern.

3.5 Formulation of a model cuticle and measurement of wax permeability

The structure and ordering of the cuticle have been investigated and described in detail in
sections 3.2 and 3.3. Combined chemical and physical analysis of petunia petal cuticles reveal a
highly distributed wax composition comprised largely of linear aliphatic hydrocarbons, the
majority of which is oxidized. Wax compounds primarily exhibit hexagonal symmetry, but a large
fraction of these compounds has no crystalline order. By discriminating the chemical and physical
features of petunia petals, we selected wax compounds that can be used as an in vitro model system
representing the observed phase behavior and structural arrangements. The compounds selected
were: (i) n-tetracosane (Cas4Hso) representing the average aliphatic chain length of the petunia petal
waxes; (ii) 1-docosanol (C22HssOH) representing the abundance of hydroxyl-containing groups;
and (iit) 3-methylbutyl dodecanoate (C17H3402) to represent the amorphous waxes.

To measure the permeability of the reconstituted and model cuticles, we will employ in
vitro diffusion cells and molecular dynamics simulations (Chapter 4). Diffusion cells are
commonly used to measure the rate of mass transfer through synthetic polymeric membranes (Ng

et al., 2010) or biological membranes (De et al., 2000; Davis et al., 2003). Diffusion cells fall into
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three categories: static, side-by-side “Ussing” cells (Ussing, 1949); static, vertical “Franz” cells
(Franz, 1975), or flow-through, vertical “Bronaugh cells” (Bronaugh and Steward, 1985). For the
study of cuticular permeability, a Franz cell was used (custom-built by Permegear, Hellerstown
PA, USA). The schematic of the Franz cell is show in Fig. 3.6. Static diffusion cells are comprised
of a donor and receptor chamber, separated only by the permeable membrane. The mass transfer
flux is obtained by time-course sampling of the concentration in the receptor chamber, as given by
Fick’s law:

D, ou, dlna, .
po D om0l (3.1)

—=D.¢; ——
RT oz ~ "1 4y
Where J; is the diffusive flux, D; is the diffusion coefficient, c; is the concentration of the
solute in the membrane, y; is the chemical potential, a; is the thermodynamic activity, z is the
axial position through the membrane, R is the universal gas constant, and T is the absolute
temperature.
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Figure 3.6 — Schematic of the Franz diffusion cell used for permeability assays. Membrane fit
between donor and receptor chambers are wax films spun coat to PTFE membranes. Schematic
includes adiabatic jacket which was not used for experiments conducted for this project.

The thermodynamic activity of the solute is defined as the ratio between the actual
concentration and its solubility limit at temperature T. Thus, the thermodynamic activity is a
description of the state of a substance at a given phase. However, the use of organic solvents as
the carrier phase for lipophilic volatiles will result in solubilization of the wax membrane, thus the

volatiles are dissolved in water for the in vitro diffusion methodology. As VOCs have low aqueous
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solubility and partitioning, measurement of partition coefficients is necessary for the accurate
estimation of diffusion coefficients. Sorption isotherms can be generated to obtain the VOC
distribution between the organic membrane and the aqueous carrier solution. Applied to Fick’s

law, we can account for the partitioning between phases:

dt C; YR yb

l

]' _ dmf _ _ADinax/water ] E _ _ADinax/water ) mf mlD (3.2)
l 2 Az c)Az

Where mR and m? are the mass of solute in the receptor and donor chambers, respectively,
A is the interfacial area, Ky ax/water IS the wax/water partition coefficient, and c? is the saturation
concentration of the solute. As mass of solute in the donor chamber is not measured over time, a
total mass balance is used as another equation in the numerical analysis. Flux is measured over a

zero order (steady-state) concentration profile in the receptor chamber.

3.5.1 Materials and methods

Chemicals

Model wax compounds n-tetracosane (CasHso, 99%), 1-docosanol (98%), and 3-
methylbutyl dodecanoate (>97%) were obtained from Sigma-Aldrich Co., St. Louis, MO, USA.
Wax compound were dissolved in dissolved in chloroform at 5% wi/v individually, with specific
blends prepared by mixing measured volumes of the solubilized waxes together in glass
scintillation vials. Chloroform was evaporated completely under a gentle stream of N2, and dried
wax mixtures were left to dry in a fume hood overnight. Prior to FTIR and XRD analyses, wax
mixtures were heated to 80°C and allowed to cool to room temperature to ensure consistent

measurement.

Wax film preparation

Both petunia petal cuticular waxes and model wax compounds were solubilized in
chloroform (< 2 mg/ml). Reconstituted ultrathin wax films were produced by depositing 1 ml of
wax solution onto a 25 mm PTFE membrane (25 mm diameter, 1.0 um), held in place with vacuum
under nitrogen conditions before beginning spin-coating procedure (Laurell Technologies, model

WS-650MZ-23NPP). Spin-coating was performed at 1000 rpm for 1 minute. PTFE membranes
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were weighed before and after spin-coating to obtain the total wax amount deposited. Thickness

of wax film was estimated based on an approximate density of 800 kg/m?.

Statistical analysis

FTIR spectral data analysis was performed in MATLAB version R2019 (MathWorks,
Natick MA, USA) using the Principal Component Analysis (PCA) toolbox (Ballabio, 2015). First
and second derivatives of absorbance data were performed using the forward difference method.
PCA was performed on transformed datasets.

In vitro diffusion methodology

An unjacketed Franz diffusion cell (inner diameter =9 mm, receptor volume = 3 ml; donor
volume = 1 ml; Permegear, Hellerstown PA, USA) was used for in vitro diffusion experiments.
Water (3 ml) was loaded into the receptor chamber along with a magnetic stir bar, and prepared
wax films was placed between the donor and receptor chambers (Fig. 3.6). Parafilm rings were cut
and appended to both sides of the wax membrane to prevent leakage. Chambers were clamped
shut, and 1 mL of the carrier formulation (VOCs in water below their aqueous solubility) was
loaded into the donor chamber. At set time increments, about 100 ul was drawn from the receptor
chamber through the sampling port. To ensure that the volume in the receptor chamber remained
the same, sampled volume was replaced with fresh water by injection through the sampling port.
VOCs were extracted from the aqueous samples using dichloromethane, and analyzed on an
Agilent 7890A gas chromatograph couple to a 5975C inert MSD quadrupole mass spectrometer
using a HP5-MS column (0.25 mm x 30 m x 0.25 um, Agilent, Santa Clara, CA). The temperature
program used was as follows: 40°C maintained for 2 min and raised from 40 to 150°C at 10°C/min,
then from 150 to 250°C at 20°C/min with a final holding time of 2 min. Injector and detector
temperatures were set at 250 and 230°C, respectively; and VOCs were identified based on known

m/z values, and quantified from an external standard calibration curve.

Sorption isotherms
Sorption isotherms were obtained by immersing prepared wax films with varying
concentrations of aqueous VOC solutions for 2 days. Wax films and aqueous solutions were

independently extracted with dichloromethane, and VOC content was analyzes by GC-MS.
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Isotherms were collected in standard laboratory conditions (~25 °C). Partition coefficients
(Kwaxwater) are directly obtained from solubility isotherms by measurement of the quantity of VOCs
adsorbed onto the wax substrate. Due to the limit of detection on the GC-MS, the adsorption
amount was measured by mass balance on the aqueous phase. Aqueous solutions were collected
after 2 days of incubation and extracted for VOCs using dichloromethane, and extracts were
analyzed for VOC content using GC-MS (see 3.4.1.4 for method). The partition coefficient is thus
given by:

Cwax_ (3.3)

Cwater

Kwax/water -

Where C,,.x and Cy,.ter are the equilibrium concentration of VOC in the wax and water phase,
respectively. To account for amount lost to the headspace of the vial, blank vials with no
reconstituted wax were incubated with the aqueous carrier formulation for 2 days. The adsorbed
quantity was corrected for the ambient loss into the vial headspace at each concentration tested.
The amount adsorbed, g, was measured as follows:

_ (Cwater,eq - water,O)Vsolution (3-4)

mwax

Where Cyater,eq aNd Cyater,o represent the equilibrium and starting concentration of the VOCs,
respectively. The units for g are given as mass per unit mass (mg kg™).
As the sorption isotherm profiles were not linear, partition coefficients were obtained using the
Freundlich isotherm:

cim (3.5)

q= Kwax/water water,eq

Where n is an arbitrary constant evaluated upon linearizing the equation. Calculated partition

coefficients were then used to resolve the diffusion coefficient in equation 3.2.
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3.5.2 Results and discussion

Validation of the model system

Infrared signal acquisitions were performed for the three wax compounds selected to
formulate the model cuticle (Fig. 3.7). Individually, no wax compound could represent the
molecular characteristics of the reconstituted petunia petal cuticle. However, the distinct

vibrational frequencies identified in the IR spectra of reconstituted cuticles could be captured by
some combination of all three compounds.

W W Reconstituted
(wiii)

o w Y (vii) petal cuticle
(i), (i)

Tv ~—~—— n-tetracosane

1-docosanol

. 3-methylbutyl
\N Y YT dodecanoate

Transmittance (%)

3650 3150 2650 2150 1650 1150 650
Wavenumber (cm-)

Fig. 3.7 — Transmission spectra of model wax compounds in contrast to reconstituted petunia petal
cuticles. Annotated peaks correspond to vibration assignments (Table 3.2).

To determine if there was a wax blend that could achieve spectral alignment with the petal
cuticle, a simple linear regression interaction model was employed. Prior to the multiple regression,
ATR-FTIR absorbance spectra was preprocessed in MATLAB for baseline correction. Regression
was performed on the first derivatives of the infrared spectra to ensure peaks were sufficiently

discriminated from baseline noise. The following three-way interaction regression model was used:

Y = Bo + Bixy + Baxy + Baxz + BraX1X, + Br3X1X3 + Pr3XX3 + B123X1X2X3 (3.6)

Where J is the response variable (IR spectra of reconstituted petal waxes), ;i are the

parameters representing the zero, first, second, and third order interactions, and x; represents wax

component i. Regression results are summarized in Table 3.3 and Fig. 3.8.
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Table 3.3 — Parameter estimates for multiple regression model of first derivative infrared spectra.

Term Definition Estimate (x10%) S.E. tratio P>t
Bo Intercept 1.932 1.86e-3 1.04 0.3
B, CaaHso 108.383 476e-3 22.86 <0.0001
B C22H4s0H 177.573 5.91e-3  30.07 <0.0001
B C17H3402 564.756 1.13e-2 50.06 <0.0001
B CaaHsox Co2HasOH 7.484 9.05e-4 827  <0.0001
B CasHsox C17H402 -67.171 9.56e-3 -7.03 <0.0001
Ba3 C22H4s0OHx% C17H3402 -52.794 1.11e-2 -4.74  <0.0001

Biys  CosHsox CooHasOHX Ci7Hs40s 7.981 1.22¢-3 656  <0.0001

Regression analysis shows that for representation of the reconstituted petal cuticle, the
regression coefficient for C17Hz402 has the highest absolute value. From the FTIR transmission
spectra (Fig. 3.7), methylene stretching at 2920 and 2850 cm™ may bias the regression. Due to the
aliphatic order of both C24Hs0and C22H4sOH, their respective regression coefficient estimates must
be lower to diminish their high peak intensities at those wavelengths. Nonetheless, multiple
regression of the spectral datasets supports the hypothesis that mixtures of these wax compounds

can produce a model system representative of real cuticles.
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Fig. 3.8 — Multiple linear regression model for petunia absorbance spectra (first derivative). (a)
Regression predicted values from linear fit (equation 3.6, Table 3.3). (b) Model residuals.
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ATR-FTIR spectra was subsequently collected for sixteen wax formulations of the
C24Hs0/C22H4s0H/C17H340: ternary system (Fig. Bl). For validation of the model system,
principal component analysis (PCA) was performed on the second derivatives of the IR spectra
(Fig. 3.9a). Interestingly, analysis of individual principal components demonstrated that the IR
spectra of mixtures containing C22Hss0H, the most abundant wax metabolite detected from mass
spectrometry analysis (9 + 2 cuticle dry wt. %), clustered closest with that of the reconstituted
cuticle. A ternary mixture of 26.8, 51.7, 21.4 wt. % of CaHso, C22HasOH, and Ci7H340,
respectively, demonstrated the greatest correlation with that of the reconstituted cuticle (Fig. 3.9b),
and thus serves as the basis for the model cuticle chemical composition. The first principal
component, accounting for 75% of the variance, exhibits major bands at wavelengths previously
assigned to cuticle components (Fig. 3.9c), thus showing agreement with the molecular
arrangements of the selected wax compounds and the reconstituted petunia petal cuticle. VVariations
in the proportions of the three wax compounds can hence be used to represent the effect of

chemical composition on cuticle structure and molecular diffusion.
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Fig. 3.9 — Principal component analysis for FTIR spectra of model and petunia petal cuticular
waxes. (a) Principal components (PC) demonstrate separation of ATR-FTIR spectra (second
derivative) of reconstituted petunia petal cuticles and (1-, 2-, 3-component) mixtures of model wax
compounds. (b) Principal component loadings of transformed spectra demonstrating variations in
wax vibration bands. (¢) ATR-FTIR transmission spectra for model cuticle of composition
26.8/51.7/21.4 wt.% of C24Hs0/C22H450H/C17H3405.

93



Effect of wax composition on aliphatic crystallinity

Paraffin and microcrystalline waxes are predominantly comprised of linear hydrocarbons
with generally similar physical properties, i.e. solubility in organic solvents, melting points above
40°C, with orthorhombic crystal lattice symmetry below their hexagonal phase transition
(Reynhardt, 1985). However, the natural waxes of plants contain a significant fraction of cyclic
and branched hydrocarbons with varying functional groups (acids, alcohols, aldehydes, esters,
ketones, etc.) that result in changes in crystalline symmetry and physical description (Jeffree, 1996;
Ensikat et al., 2006). Thus, changes in the distribution of wax compounds with varying chain
length, branching, and functional groups influence the dimensions, symmetry, and abundance of
crystalline units. The details of wax crystallinity were analyzed using powder X-ray diffraction
(Fig. 3.10 and Fig. B1). Diffraction patterns of the model cuticle components are used to analyze
details about the dimensions and interatomic spacing between crystalline lattice planes. Below
their rotator phase transition temperature, linear hydrocarbons are assembled parallel to each other
and form layers, with the thickness of an individual layer equal to the length of the molecule. XRD
patterns for n-tetracosane and 1-docosanol demonstrate two distinct region: a series of (00l)-peaks
at low diffraction angles (20 < 15°, Fig. 3.10a) that show the thickness of molecular layers and
(hk0)-peaks at high diffraction angles (20 <26 <25°, Fig. 3b) that represent the distances between
unit cells. The index of peaks at low diffraction angles are used to directly calculate the length (c-
axis) of the crystalline unit cell using Bragg’s law (Table 3.4). For wax samples enriched with n-
alkanes, these (00I)-peaks have high intensity indicating distinct ordering of the crystalline layers
(inset of Fig. 3.10a). The relative intensity of these peaks does not indicate the thickness of a single
molecular layer, but rather determines the extent of layering of repeating unit cells. Samples with
increased peak intensities at low diffraction angles indicate increased crystalline layering. In
contrast, the XRD pattern for 1-docosanol exhibits diminished intensities for (00I)-peaks,
suggesting a lack of periodic order of wax chains. However, upon MD equilibration, 1-docosanol
was observed to have periodic layering between crystalline units (inset of Fig. 3.10b) with a
distinct “double-layer” arrangement where the terminal hydroxyl groups arranged in a head-to-
head orientation. The intensity of peaks at low diffraction angles is attributed to the spacing
between molecular layers, however, for 1-docosanol, this gap region is filled with oxygen atoms

resulting in a difference in the atomic density thereby reducing overall peak intensity.
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Fig. 3.10 — XRD-diagrams of reference wax compounds and representative characteristics. XRD-
patterns for (a) n-tetracosane (Czs4Hso), (b) 1-docosanol (C22HssOH), (c) 3-methylbutyl
dodecanoate (C17H3402), and (d) the model cuticle of composition 26.8%/51.7%/21.4%
C24H50/C22H4s0H/C17H3402 by wt.%. Inset figures are the simulated structures of the wax system
after simulated annealing from 400 K and equilibrated at 298 K and 1 bar for 10 ns (detailed

description in Chapter 4).
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Table 3.4 — Crystallinity of wax formulations.

Wax composition (wt. fraction) Crystallinity
Lattice parameters Phase?  Maximum d- Aliphatic crystallinity

CaHso  C22H4sOH  Ci17H340: (a, b, c,0,B,7) spacing (A) (%)*
1.000 0.000 0.000 (4.28, 4.82, 32.53, 86.40, 68.80, 72.67) triclinic 4.58 93.08 (0.7)
0.757 0.243 0.000 (4.88,7.59,30.24, a =B =7=90) ortho 4.56 93.09 (3.2)
0.509 0.491 0.000 (4.87,7.55,29.97, a=p=7=90) ortho 4.09 95.21 (0.4)
0.257 0.743 0.000 (4.96,7.41,30.21, a=p=7=90) ortho 4.12 96.78 (1.6)
0.000 1.000 0.000 (4.90,7.21,24.77, a=B =7 =90) ortho 4.06 97.88 (1.2)
0.000 0.784 0.216 (4.92,7.22,25.02, a=B=7=90) ortho 4.07 93.28 (5.0)
0.000 0.547 0.453 (4.91,7.23,24.74, a. =B =v=90) ortho 4.06 67.37 (3.7)
0.000 0.287 0.713 (4.92,7.65,24.93, a=p=1v=90) ortho 4.53 30.29 (0.3)
0.000 0.000 1.000 - I.L. 0.00
0.294 0.000 0.706 (a=b=6.79,c=28.18, a. = =90, y = 120) hex 4.33 19.46 (0.0)
0.556 0.000 0.444 (a=b=6.80,¢c=30.10, o = =90, y = 120) hex 4.33 48.95 (0.0)
0.790 0.000 0.210 (a=b=6.77,¢=30.08, a. = =90, y = 120) hex 4.58 71.14 (3.4)
0.362 0.349 0.289 (a=b=6.48,c=31.32, a==90, y=120) hex 4.54 89.69 (0.2)
0.531 0.256 0.212 (4.80,7.57,31.32, a=B=7=90) ortho 4.54 91.43 (0.8)
0.268 0.517 0.214 (4.87,7.56,29.83, a=p=1v=90) ortho 4.08 84.40 (5.8)
0.281 0.271 0.448 (4.85,7.24,30.18, a = =v=90) ortho 4.57 71.43 (0.7)

"Solid crystalline phase: ortho — orthogonal; hex — hexagonal, I.L. — isotropic liquid.

fUncertainty in measurement based on XRD peak integration.



Peaks at higher diffraction angles provide information on the lateral packing and spacing
between wax chains. (110) and (200)-peaks corresponding to d-spacing values of approximately
4.2 and 3.8 A were observed for most combinations of three wax compounds. Spacing at these
distances originate from the perpendicular orientations of neighboring methylene chains consistent
with orthogonal lattice symmetry (Ratnaswamy et al., 1973, Reynhardt, 1985). Some wax
formulations exhibited reduced intensity of (200)-peaks suggesting hexagonal symmetry (Fig. B2).
A shift from orthorhombic to hexagonal symmetry at a phase transition, where the wax methylene
chains begin to rotate about their length axis. While most wax formulations exhibit both
perpendicular and parallel arrangements of methylene chains, pure n-tetracosane exhibits a fully
parallel arrangement suggesting monoclinic or triclinic symmetry. The XRD pattern for n-
tetracosane has peaks with d-spacing values at 4.58 and 3.79 A indicating triclinic symmetry, a
known arrangement for even numbered n-alkanes (Dorset, 2000). Positions of these (hk0)-peaks
can be used to measure the interatomic spacing and lattice dimensions based on the unit cell
geometry. For most wax formulations, the a and b lattice parameters were found to be ~5.0 and
~7.5 A, respectively, and this did not vary significantly. Despite large changes in chemical
composition over the ternary system, interatomic spacing was found to only vary between 4.1 +
0.5 A, consistent with the short range of measured densities.

The XRD patterns for pure 3-methylbutyl dodecanoate (Fig. 3.10c) had no discernable
crystalline peaks, and only have a broad peak (amorphous halo) centered at approximately 20 =
19°. At 25°C, 3-methylbutyl dodecanoate is a viscous liquid with no solid crystalline order (inset
of Fig. 3c), and only comprises a minor fraction of the wax constituents identified from isolated
petunia petal waxes (< 0.002 dry wt. %). The disorder of plant cuticles arise due to the
heterogeneous distribution of waxes with varying chain length, branching and functional groups;
however, this chemical complexity is difficult to explore for an in vitro model of the cuticle.
Despite its low abundance in the cuticle, introduction of 3-methylbutyl dodecanaote into wax
mixtures allows for a wide range in aliphatic crystallinity. Wax mixtures containing 3-methylbutyl
dodecanoate exhibit increased width and intensity of the amorphous halo (Fig. B2) thus creating a
range from 0 to ~100% crystallinity to measure molecular diffusion. Even though the XRD pattern
for the model cuticle exhibits the same crystalline symmetry as 1-docosanol (Fig. 3.10d), the (110)-
and (200)-peaks are diminished due to an emerging halo. While pure 1-docosanol is measured to

have a relative crystallinity of 97.9 + 1.2%, the model cuticle crystallinity is significantly decreased
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(84.4 £ 5.8%). Overall, mixtures containing major fractions of n-tetracosane and 1-docosanol
demonstrate minimal changes in crystalline symmetry and spacing, but introduction of a third
component, 3-methylbutyl dodecanoate, significantly influences the anisotropy of the in vitro
cuticle.
Cuticle permeability measurements

Upon manipulation of the model cuticle chemical composition, significant changes in wax
morphology was measured by ATR-FTIR and XRD. To determine if these physical changes in
wax structure result in measurable changes in the transport properties of diffusing solutes, the
permeability of petunia petal and model waxes was measured using a static diffusion cell.

Isolated petunia cuticles were reconstituted onto PTFE membranes using a spin coater, and
the wax films were loaded into a Franz diffusion cell (Fig. 3.6). To prevent solubilization of the
wax film, both donor and receptor fluids were water. Permeability of petunia volatiles
benzaldehyde, methylbenzoate, 2-phenylethanol, isoeugenol, and benzylbenzoate were measured
by time-course sampling of the receptor chamber (Fig. 3.11). Diffusion coefficients were obtained
from equation 3.2, and are tabulated in Table 3.4. To calculate diffusion coefficients, solubility
isotherms were obtained for all VOCs (Fig. 3.12) to calculate wax/water partition coefficients.
VOC permeability assays of PTFE membranes revealed that diffusion coefficients were up to 3-4
orders of magnitude higher (Fig. B3), suggesting that the resistance imparted by the PTFE
substrate is negligible. VOC diffusion was found to be size-dependent, with benzaldehyde (molar
volume = 103 A%) experiencing 4.3-fold higher diffusion than benzylbenzoate (molar volume =
200 A3).
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Fig. 3.11 — VOC permeability through reconstituted Petunia hybrida petal waxes in the static
diffusion cell. Reconstituted wax films were prepared by spin coating solvent-extracted petal
waxes of two-day post-anthesis petunia flowers (n = 40 flowers) onto a PTFE substrate.
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Fig. 3.12 — Sorption isotherms for petunia VOCs fit with nonlinear isotherm models.

To identify if changes in wax composition result in measureable changes in permeability
of VOCs, model wax compounds were dissolved in chloroform in varying proportions and spun
coat onto the PTFE substrate. Diffusion profiles (Fig. 3.13) and solubility isotherms (Fig. B2) for
methylbenzoate were obtained to calculate diffusivity and partitioning over a broad range of wax
compositions. Variations in wax composition resulted in negligible changes in partitioning of
methlylbenzoate, suggesting that deviations in permeability arise from diverging diffusion
coefficients. Indeed, permeability assays over the range of wax compositions resulted in
measurable changes in diffusion coefficient (Table 3.5). From Section 3.5.1.7, the crystallinity of
various wax compositions was obtained from XRD measurements. Methylbenzoate diffusivity

varies up to 3.7-fold between a range of 30-100% absolute crystallinity (Fig. 3.14). The diffusion
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coefficients for methylbenzoate varied between 2.3-7.9x10%® m?/s over the range of wax
compositions tested, while in reconstituted petal cuticles, the diffusion coefficient was found to be
8.49 (+0.18) x10%® m?/s, demonstrating similarity in model and petal wax permeability. As the
diffusivity in the real cuticle is on the higher end of the measurement range, it suggests that petal
cuticles are significantly more permeable to diffusing compounds compared to highly crystalline
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Fig. 3.13 — Methylbenzoate concentration profiles obtained from permeability assays through
waxes of varying composition. Composition is given by weight fractions of C2sHso, C22Has0H,
C17H340z, respectively.
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Fig. 3.14 — Effect of model cuticle crystallinity on methylbenzoate diffusion. Diffusion
coefficients are obtained from methylbenzoate concentration profiles in static diffusion cells. Wax
film crystallinity is obtained from XRD experiments (Table 3.4). Data are means + S.E. (error is
model (equation 3.2) regression error).

A limitation to the permeability assay is the difference in the physical setup of the
experiment and the physiological conditions in the epidermal cell. For VOCs to permeate the
cuticle, they must (i) diffuse through the static boundary layer formed at the interface between the
cell wall and cuticle, (ii) diffuse through the cuticle, and (iii) volatilize off the surface of the petal
into the surrounding atmosphere (Fig. 3.15). Models describing solute permeation across
membranes with interfacial boundary layers utilize the resistance-in-series model of mass transfer,
where the overall rate of mass transfer is dependent on local mass transfer resistances along the
path length. Due to their relatively high volatility in ambient temperatures, the third resistance is

negligible, and the overall mass transfer resistance across the cuticle is given by:

1_ 1 1 (3.7)
Km,i kBL,i kcut,i

Where K,,,; is the overall mass transfer coefficient, and kgy ; and k¢, ; represent the
individual mass transfer coefficients of the cell wall — cuticle boundary layer and cuticle
respectively. The individual mass transfer coefficients are governed by diffusive path length,

diffusivity, and inter-phase partition coefficients.
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Fig. 3.15 — Mass transfer model of VOC export from plant epidermal cells. Solubility-diffusion
model demonstrating the transport of VOCs across the cuticle of plant epidermal cells. Solid black
lines are representative concentration profiles of a given VOC i as it is released from the lipid
bilayer into the aqueous cell wall. Subscripts b, s, c represent bulk, surface, and cuticular
concentrations of the VOC i, respectively. Superscripts CW and atm represent the cell wall and
atmospheric phases, respectively. VOC concentration in the epidermis is given as c; and its
respective mole fraction x;, while VOC concentration in the headspace is given by its partial
pressure p; or its respective vapor mole fraction y;. Mass transfer resistances include the boundary
layer (BL), the cuticle (cut) and the headspace (hs). The total diffusive path length across the
cuticle is given by the thickness of the cuticle, L.

While the diffusion cell does capture the effects of the aqueous-wax interface, the receptor
chamber is comprised of water, adding a third resistance term to the resistance-in-series model.
Due to poor solubility and partitioning, VOCs are likely enriched in the wax layer over the duration
of the permeability assay. This phenomenon is known as concentration polarization (Feng and
Huang, 1994), and is known to result in inhibited diffusion across the membrane due to the build-
up of solute in the membrane. This shift in diffusion behavior is not readily observed by measuring
the concentration in the receptor chamber, but rather requires measurement of the membrane
concentration (Wijmans et al, 1996), which is quite impractical based on the experimental

configuration. A major consideration for this experiment would be to sample the donor chamber
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in time-course to obtain the VOC content in the wax membrane via mass balance. Given the
difference in experimental conditions and the physiological conditions inside the epidermal cell,
it is possible that measured diffusion coefficients from the static diffusion cell will not apply to the
real system. However, even with re-distributed mass transfer resistances among the various
interfaces, comparing relative diffusivities is still informative with respect to the effect of
crystallinity on diffusion. On a relative scale, it is clear that crystallinity has a significant effect on
the diffusion of volatiles as observed from the in vitro diffusion cell experiments, where an ~70%
decrease in crystallinity resulted in up to a 3.7-fold increase in diffusivity.

3.6 Conclusions

In summary, the distribution and characteristics of petunia petal waxes were obtained using
GC-MS, ATR-FTIR, and XRD. Petal cuticles were found to be comprised largely of long chain
linear hydrocarbons, primarily acids, alcohols, and alkanes, with a mean carbon chain-length of
24 atoms. The resulting physical character of the cuticle was that of a highly aliphatic wax,
comprised of long methylene chain subcells that contribute to the anisotropy of the wax. Using
statistical analysis, a model cuticle representing the physical characteristics of petunia waxes was
formulated using a ternary system comprised of n-tetracosane, 1-docosanol, and 3-methylbutyl
dodecanoate. Varying the proportions of the three wax compounds resulted in significant changes
in aliphatic crystallinity as measured by XRD. Permeability assays for select wax formulations
reveal that VOC permeability is dependent on the crystallinity of the wax, where a wax of 30%
aliphatic crystallinity can experience up to 3-fold higher flux than that of a fully crystalline wax.
Individual VOC diffusivity was found to be size-dependent, where low molecular weight
compounds such as benzaldehyde and methylbenzoate had 3-4-fold high diffusion coefficients
compared to large VOCs such as benzylbenzoate.

3.7 Acknowledgements

This work was supported by grant 10S-1655438 from the National Science Foundation
awarded to Dr. Natalia Dudareva and Dr. John A. Morgan. | would like to thank the Research
Instrumentation Center in the Department of Chemistry, Purdue University, for training and access

to the Thermo Nicolet 6700 FT-IR Spectrophotometer. | would also like to Department of

104



Chemistry, Purdue University, for training and access to the Empyrean Powder X-ray
Diffractometer. Finally, I thank the P.O.W.E.R. Lab (Davidson School of Chemical Engineering,

Purdue University) group members and Dr. Bryan Boudouris for access to the spin-coater.

3.8 References

Aretz 1., Meierhofer D. (2016) Advantages and pitfalls of mass spectrometry based metabolome
profiling in systems biology. International Journal of Molecular Science, 17 (632)

Athukorala Y., Mazza G. (2010) Supercritical carbon dioxide and hexane extraction of wax from
triticale straw: Content, composition and thermal properties. Industrial Crops and Products,
31, 550-56

Baker EA. (1982). “Chemistry and morphology of plant epicuticular waxes,” in The Plant Cuticle,
Linnean Society Symposium Series Vol. 10 eds Cutler D. F., Alvin K. L., Price C. E.,
editors. (London: Academic Press) 139-165.

Ballabio, D. (2015). A MATLAB toolbox for Principal Component Analysis and unsupervised
exploration of data structure. Chemometrics and Intelligent Laboratory Systems, 149 B, 1-
9

Barthlott W., Neinhuis C., Cutler D., Ditsch F., Meusel I., Theisen I., Wilhelmi H. (1998)
Classification and terminology of plant epicuticular waxes. Botanical Journal, 126 (3),
237-60

Bemis SM., Torii KU. (2007) Autonomy of cell proliferation and development programs during
Arabidopsis aboveground organ morphogenesis. Developmental Biology, 304, 367-381.

Benitez JJ., Matas AJ., Heredia A. (2004). Molecular characterization of the plant biopolyester
cutin by AFM and spectroscopic techniques. Journal of Structural Biology. 147, 179-84

Bergougnoux V., Caissard JC., Jullien F., Magnard JL., Scalliet G., Cock JM., Hugueney P.,
Baudino S. (2007). Both the adaxial and abaxial epidermal layers of the rose petal emit
volatile scent compounds. Planta, 226, 853-866.

Bernard A, Joubes J (2013) Arabidopsis cuticular waxes: advances in synthesis, export and
regulation. Progress in Lipid Research, 52, 110-29

Bessire M, Borel S, Fabre G, Carraca L, Efremova N, Yephremov A, Cao Y, Jetter R, Jacquat AC,
Métraux JP, et al. (2011) A member of the PLEIOTROPIC DRUG RESISTANCE family
of ATP binding cassette transporters is required for the formation of a functional cuticle in
Arabidopsis. Plant Cell, 23, 1958-70

Bird D, Beisson F, Brigham A, Shin J, Greer S, Jetter R, Kunst L, Wu X, Yephremov A, Samuels
L (2007) Characterization of Arabidopsis ABCG11/WBC11, an ATP binding cassette
(ABC) transporter that is required for cuticular lipid secretion. Plant Journal, 52: 485-498

Borodich FM, Gorb EV, Gorb SN (2010) Fracture behaviour of plant epicuticular wax crystals
and its role in preventing insect attachment: a theoretical approach. Applied Physics A:
Material Science and Processing, 100, 63-71

105



Bronaugh R., Stewart R. (1985) Methods for in vitro percutaneous-absorption studies 4: The flow-
through diffusion cell. Journal of Pharmaceutical Sciences, 71, 64-67

Chamel A., Maréchal Y. (1992). Characterization of isolated plant cuticles using Fourier
Transform infrared (FTIR) spectroscopy. Comptes rendus de I'Académie des Sciences
Paris, 315, 347-354

Chatterjee S., Matas Al., Isaacson T., Kehlet C., Rose JKC., Stark R. (2015) Solid-State 13C NMR
Delineates the Architectural Design of Biopolymers in Native and Genetically Altered
Tomato Fruit Cuticles. Biomacromolecules, 17 (1), 215-24

Chen G, Komatsuda T, Ma JF, Nawrath C, Pourkheirandish M, Tagiri A, Hu YG, Sameri M, Li
X, Zhao X, et al. (2011) An ATP-binding cassette subfamily G full transporter is essential
for the retention of leaf water in both wild barley and rice. Proceedings in the National
Academy of Science USA, 108, 12354-59

Chichakli M., Jessen FW. (1967) Crystal morphology in hydrocarbon systems. Industrial &
Engineering Chemistry Research, 59, 86-98

Davis CC., Kremer MJ. Schlievert PM., Squier CA. (2003) Penetration of toxic shock syndrome
toxin-1 across porcine vaginal mucosa ex vivo: permeability characteristics, toxin
distribution and tissue damage. American Journal of Obstetrics and Gynecology,
189,1785-91

Debono A, Yeats TH, Rose JKC, Bird D, Jetter R, Kunst L, Samuels L (2009) Arabidopsis LTPG
is a glycosylphosphatidylinositol-anchored lipid transfer protein required for export of
lipids to the plant surface. Plant Cell, 21, 1230-38

Deising HB, Werner S, Wernitz M (2000) The role of fungal appressoria in plant infection.
Microbes and Infection, 2, 163141

Dominguez E., Heredia-Guerrero JA., Heredia A. (2011). The biophysical design of plant cuticle:
an overview. New Phytologist, 189, 938-949

Dorset DL. (2000). Crystallography of Real Waxes: Branched Chain Packing in Microcrystalline
Petroleum Wax Studied by Electron Diffraction. Energy Fuels, 14 (3), 685-91

Du X., Squier CA., Kremer MJ., Wertz PW. (2000) Penetration of N-nitrosonornicotine (NNN)
across oral mucosa in the presence of ethanol and nicotine. Journal of Oral Pathology &
Medicine, 29, 80-85

Dudareva N, Pichersky E. (2000) Biochemical and molecular genetic aspects of floral scents. Plant
Physiology, 122 (3), 627-33

Ensikat H. J., Boese M., Mader W., Barthlott W., Koch K. (2006). Crystallinity of plant
epicuticular waxes: electron and X-ray diffraction studies. Chemistry and Physics of Lipids,
144, 45-59.

Ensikat HJ, Neinhuis C, Barthlott W. (2000). Direct access to plant epicuticular wax crystals by a
new mechanical isolation method. International Journal of Plant Sciences, 161, 143-48

106



Espafia L, Heredia-Guerrero J., Segado JJ., Heredia A., Dominguez E. (2014) Biomechanical
properties of the tomato (Solanum lycopersicum) fruit cuticle during development are
modulated by changes in the relative amounts of its components. New Phytologist, 202 (3):
790-802

Feng X., Huang RYM. (1994) Concentration polarization in pervaporation separation processes.
Journal of Membrane Science, 92, 201-8

Franz T. (1975) Percutaneous absorption — relevance of in-vitro data. Journal of Investigative
Dermatology, 64, 190-95

Glover BJ. (2000) Differentiation in plant epidermal cells. Journal of Experimental Botany, 51,
497-505.

Goodwin SM, Jenks M (2005) Plant cuticle function as a barrier to water loss. In M Jenks, PM
Hasegawa, eds, Plant Abiotic Stress. Blackwell Publishing, Oxford, pp 14-36

Goodwin SM., Kolosova N., Kish CM., Wood KV., Dudareva N., Jenks MA. (2003) Cuticle
characteristics and volatile emissions of petals in Antirrhinum majus. Physiologia
Plantarum, 117 (3), 435-443

Heredia A. (2003) Biophysical and biochemical characteristics of cutin, a plant barrier biopolymer.
Biochimica et Biophysica Acta, 1620, 1-7

Heredia-Guerrero JA., Benitez JJ., Dominguez E., Bayer IS., Cingolani R., Athanassiou A.,
Heredia A. (2014) Infrared and Raman spectroscopic features of plant cuticles: a review.
Frontiers in Plant Science, 5 (305)

Javelle M., Vernoud V., Rogowsky PM., Ingram GC. (2010) Epidermis: the formation and
functions of a fundamental plant tissue. New Phytologist, 189 (1), 17-39

Jeffree CE. (1996) Structure and ontogeny of plant cuticles. In Kerstiens G ed; Plant cuticle: an
integrated functional approach. BIOS Scientific publishers, Oxford. pp. 33-82

Jeffree CE. (2006) The fine structure of the plant cuticle. In M Riederer, C Miiller, eds, Biology
of the Plant Cuticle. Blackwell, Oxford, pp 11-125

Jenks MA., Ashworth EN. (1999) Plant epicuticular waxes: function, production and genetics.
Horticultural Reviews, 23, 1-68

Jetter R., Kunst L., Samuels AL. (2006) Composition of plant cuticular waxes. In M Riederer, C
Miiller, eds, Biology of the Plant Cuticle. Blackwell, Oxford, pp 145-81

Kerstiens G. (1996a). Signalling across the divide: a wider perspective of cuticular structure—
function relationships. Trends in Plant Science, 1, 125-29

Kerstiens G. 1996b. Cuticular water permeability and its physiological significance. Journal of
Experimental Botany, 47, 1813-32

Knauth LP., Kennedy MJ. (2009) The late Precambrian greening of the Earth. Nature, 460, 728-
32

Koch K., Dommisse A., Barthlott W. (2006). Chemistry and crystal growth of plant wax tubules
of Lotus (Nelumbo nucifera) and Nasturtium (Tropaeolum majus) leaves on technical
substrates. Crystal Growth & Design, 11, 2571-78

107



Kolattudky PE. (2011) Polyesters in higher plants. Advances in Biochemical
Engineering/Biotechnology, 71, 1-49

Kolosova N., Sherman D., Karlson D., Dudareva N. (2002). Cellular and subcellular localization
of S-adenosyl-L-methionine:benzoic acid carboxyl methyltransferase, the enzyme
responsible for biosynthesis of the volatile ester methylbenzoate in snapdragon flowers.
Plant Physiology, 126 (3), 956-64

Koornneef M, Hanhart CJ, Thiel F (1989) A genetic and phenotypic description of eceriferum (cer)
mutants in Arabidopsis thaliana. Journal of Heredity, 80, 118-22

Krauss P, Markstadter C, Riederer M (1997) Attenuation of UV radiation by plant cuticles from
woody species. Plant, Cell & Environment, 20: 1079-85

Van der Krol AR., Chua N-H. (1993) Flower Development in Petunia. The Plant Cell, 5, 1195-
1203

Longhi S, Cambillau C (1999) Structure-activity of cutinase, a small lipolytic enzyme. Biochimica
et Biophysica Acta, 1441, 185-196

Li S., Song T., Kosma DK., Parsons EP., Rowland O., Jenks MA. (2009) Arabidopsis CER8
encodes LONG-CHAIN ACYL-COA SYNTHETASE 1 (LACS1) that has overlapping
functions with LACS2 in plant wax and cutin synthesis. Plant Journal, 59, 553-64

Luque P., Heredia A. (1997). The glassy state in isolated cuticles: differential scanning calorimetry
of tomato fruit cuticular membranes. Plant Physiology and Biochemistry, 35, 251-56

Lyons PC., Orem WH., Mastalerz M., Zodrow EL., Vieth-Redemann A., Bustin MR. (1995) 3C
NMR, micro-FTIR and fluorescence spectra, and pyrolysis-gas chromatograms of coalified
foliage of late Carboniferous medullosan seed ferns, Nova Scotia, Canada: Implications
for coalification and chemotaxonomy. International Journal of Coal Geology, 27 (2-4),
227-48

Martin LB., Rose JK. (2014) There's more than one way to skin a fruit: formation and functions
of fruit cuticles. Journal of Experimental Botany, 65 (16), 4639-51

Matas AJ, Cobb ED, Bartsch JA, Paolillo DJ, Niklas KJ. (2004). Biomechanics and anatomy of
Lycopersion esculentum fruit peels and enzyme treated samples. American Journal of
Botany 91, 352-60

Merk S., Blume A., Riederer M. (1998). Phase behaviour and crystallinity of plant cuticular waxes
studied by Fourier transform infrared spectroscopy. Planta, 204, 44-53

Meusel 1., Barthlott W., Kutzke H., Barbier B. (2000) Crystallographic studies of plant waxes.
Powder Diffraction, 15 (2), 123-29

Ng SF, Rouse J, Sanderson D, Eccleston G, A (2010) Comparative Study of Transmembrane
Diffusion and Permeation of Ibuprofen across Synthetic Membranes Using Franz Diffusion
Cells. Pharmaceutics, 2, 209-23

Osorio S., Thi Do P., Fernie A.R. (2012) Profiling primary metabolites of tomato fruit with gas
chromatography/mass spectrometry. In Hardy N.W., Hall R.D., editors. Plant
Metabolomics: Methods and Protocols. Springer/Humana Press; New York, NY, USA, pp.
101-9

108



Petit J., Bres C., Mauxion J-P., Bakan B., Rothan C. (2017) Breeding for cuticle-associated traits
in crop species: traits, targets, and strategies. Journal of Experimental Botany, 68 (19),
5369-87

Pfundel EE., Agati G., Cerovic ZG. (2006) Optical properties of plant surfaces. In M Riederer, C
Miiller, eds, Biology of the Plant Cuticle. Blackwell, Oxford, pp 216-49

Pighin JA, Zheng H, Balakshin LJ, Goodman IP, Western TL, Jetter R, Kunst L, Samuels AL
(2004) Plant cuticular lipid export requires an ABC transporter. Science, 306, 702-4

Pollard M, Beisson F, Li Y, Ohlrogge JB (2008) Building lipid barriers: biosynthesis of cutin and
suberin. Trends in Plant Science, 13, 236-46

Pulsifer IP, Kluge S, Rowland O (2012) Arabidopsis long-chain acyl-CoA synthetase 1 (LACS1),
LACS2, and LACS3 facilitate fatty acid uptake in yeast. Plant Physiology and
Biochemistry, 51, 31-9

Ramirez FJ., Luque P., Heredia A., Bukovac MJ. (1992). Fourier transform IR of enzymatically
isolated tomato fruit cuticular membrane. Biopolymers, 32, 1425-29

Ratnaswamy P., Anand KS., Gupta DC. (1973) Structure and Properties of Microcrystalline Waxes.
Journal of Chemical Technology & Biotechnology, 23,183-87

Reynhardt EC. (1985) NMR investigation of Fischer-Tropsch waxes. Il. Hard wax. Journal of
Physics D: Applied Physics, 18: 1185-97

Riederer M., Schneider, G. (1990). The effect of the environment on the permeability and
composition of Citrus leaf cuticles: Il. Composition of soluble cuticular lipids and
correlation with transport properties. Planta, 180 (2): 154-65

Riederer M., Schreiber L. (2001). Protecting against water loss: analysis of the barrier properties
of plant cuticles. Journal of Experimental Botany, 52 (363), 2023-32

Salminen TA., Eklund DM., Joly V., Blomgvist K., Matton DP., Edqvist J. Deciphering the
Evolution and Development of the Cuticle by Studying Lipid Transfer Proteins in Mosses
and Liverworts. Plants-Basel, 7(1), 6

Schoénherr J, Riederer M. (1989). Foliar penetration and accumulation of organic chemicals in
plant cuticles. Reviews of Environmental Contamination and Toxicology, 108, 1-70.

Schoénherr J. (1976). Water permeability of isolated cuticular membranes: the effect of pH and
cations on diffusion, hydrodynamic permeability and size of polar pores in the cutin matrix.
Planta, 128 (2), 113-26

Schreiber L, Schorn K, Heimburg T (1997) 2H NMR study of cuticular wax isolated from
Hordeum vulgare L. leaves: identification of amorphous and crystalline wax phases.
European Biophysics Journal, 26, 371-80

Shanmugarajah K., Linka N., Grafe K., Smits SHJ., Weber APM., Zeier J., Schmitt L. (2019)
ABCG1 contributes to suberin formation in Arabidopsis thaliana roots. Scientific Reports,
9,11381

Sieber P, Schorderet M, Ryser U, Buchala A, Kolattukudy P, Métraux JP, Nawrath C (2000)
Transgenic Arabidopsis plants expressing a fungal cutinase show alterations in the
structure and properties of the cuticle and postgenital organ fusions. Plant Cell, 12, 721-38

109



Serensen 1., Pettolino FA., Bacic A., Ralph J., Lu F., O’Neil MA., Fei Z., Rose JFC., Domozych
DS., Willats WG. (2011). The charophycean green algae provides insights into early
origins of plant cell walls. Plant J., 68, 201-11

Still G.G., Davis D.G., Zander G.L. (1970) Plant epicuticular lipids: Alteration by herbicidal
carbamates. Plant Physiology, 46, 307-14

Taiz, L. Zeiger, E., Moller, 1.M. and Murphy, A. (2015) Plant Physiology and Development. 6th
Edition, Sinauer Associates, Sunderland, CT.

Ussing H. (1949) The active ion transport through the isolated frog skin in the light of tracer studies.
Acta Physiologica Scandinavica, 17, 1-37

Villena JF., Dominguez E., Heredia A. (2000). Monitoring biopolymers present in plant cuticles
by FT-IR spectroscopy. Journal of Plant Physiology, 156, 419-22

Walton TJ., Kolattukudy PE. (1972). Determination of the structures of cutin monomers by a novel
depolymerization procedure and combined gas chromatography and mass spectrometry.
Biochemistry, 11, 1885-97

Waters ER. (2003) Molecular adaptation and the origin of land plants. Molecular Phylogenetics
and Evolution, 29, 456-63

Wijmans JG., Athayde AL., Daniels JH., Kamaruddin HD., Pinnau 1. (1996) The role of boundary
layers in the removal of volatile organic compounds from water by pervaporation. Journal
of Membrane Sciences, 109, 135-46

Yang W., Pollard M., Li-Beisson Y., Beisson F. Feig M., Ohlrogge J. (201) A distinct type of
glycerol 3-phosphate acyltransferase with sn-2 preference and phosphatase activity
producing 2-monoacylglycerol. Proceedings in the National Academy of Science USA, 107,
12040-45

Yeats TH., Rose JKC. (2013). The formation and function of plant cuticles. Plant Physiol. 163, 5-
20

110



CHAPTER 4. MOLECULAR DYNAMICS OF VOLATILE ORGANIC
COMPOUNDS IN THE EPICUTICLE OF PLANT EPIDERMAL CELLS

4.1 Abstract

Molecular-scale modeling was used to estimate diffusivities for petunia volatile organic
compounds (VOCs) and water in models of petal cuticular waxes of varying chemical composition.
Model cuticles were represented as a ternary system of n-tetracosane (CzsHsg), 1-docosanol
(C22H4s0H), and 3-methylbutyl dodecanoate (C17H3402), and were simulated by employing the
OPLS-AA empirical force-field at 298 K using an NPT ensemble. The mean-square displacements
for compounds diffusing through the model cuticles of varying chemical composition was
measured to estimate diffusion coefficients. Cuticle anisotropy was found to be highly dependent
on the elongation of methylene chains, restricting the dimensionality of the diffusion paths. Both
decreases in lattice length and increases in gap width between crystalline units was found to result
in increased diffusion for all compounds tested. Simulated X-ray diffraction patterns reflected the
changes in crystalline unit gap widths and lengths as a result of varying chemical composition.
VOC diffusivity was found to increased up to 30-fold in amorphous waxes, showing that wax
composition controls cuticular permeability. These increases were found most significantly in
water and high molecular weight VOCs, suggesting that mass transfer resistance exerted by the
cuticle primarily effects larger and/or polar compounds in planta. In contrast, low molecular
weight lipophilic compounds were found to be more insensitive towards perturbations of wax
crystallinity. Comparing the estimated diffusion coefficients with the emission dynamics of
petunia flowers reveal that low molecular weight VOCs experience negligible resistance from the
cuticle, while larger compounds tend to accumulate in internal tissues to a greater extent. Taken
altogether, compounds experience varying extent of mass transfer resistance in the cuticle,
indicating that any regulation the cuticle plays in the exchange of matter is differential and highly
dependent on the properties of the diffusing molecule. The cuticle itself adds another level of
regulation in the export of VOCs, extending some control over the amount, mixture, and dynamics

of emissions.
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4.2 Introduction

4.2.1 Molecular dynamics (MD) simulations

Studying the mechanisms of diffusion in naturally occurring materials is important for
understanding their biological, ecological, and even evolutionary roles. In biological systems, air,
gas, water, nutrients, and macromolecules are constantly moving around via molecular diffusion.
While in vitro studies of diffusion have allowed for the measurement of permeability of various
organic membranes, these measurements are often limited by the ability to replicate physiological
conditions. In contrast, computational measurements of diffusion have been shown to reliably
estimate physical properties for complex systems under a variety of physiological conditions (Li
etal., 1997). With added computational resources, diffusion coefficients obtained from simulations
often require less time and effort than bench-top experiments over varying conditions.

Molecular dynamics (MD) is molecular modeling technique that integrates over Newton’s
equations of motion for successive configurations of a system. The result of an MD simulation is
a trajectory that specifies the positions and velocities of all discrete particles in the system with
respect to time. As diffusion is a time-dependent property, MD simulations have been used
extensively to measure diffusivity of molecules in a variety of physical states. The ability to
measure time-dependent properties is the primary advantage MD presents over other forms of
molecular modeling such as the Monte Carlo method (Leach, 1996). MD has been employed
extensively to study molecular diffusion over a broad range of polymorphic structures, such as
polymers (Takeuchi, 1990; Charati and Stern, 1998), cell membranes (Ingélfsson et al., 2014),
actin filaments (Pollard, 2007), and biopolyesters such as cutin (Matas and Heredia, 1999) and
cellulose (Lindner et al., 2013). However, simulations of solute diffusion in natural plant waxes
remains unstudied as yet using the MD method. Thus, we plan to use the model system presented
in Chapter 3 and study the effect of aliphatic crystallinity on the diffusion of volatile scent
compounds.

In general, MD simulations are performed by a series of steps (Fig. 4.1). The first step is
to define the system based on the particle types, size of the system, arrangement of particles, etc.
The interaction of these particles are pre-defined by an implemented force-field which dictates the
total energy of the system. Definition of the initial coordinates, force-field parameters, and system

boundary is broadly classified as domain construction.
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Fig. 4.1 — Steps of molecular dynamics simulations (steps included in detail in Chapter 7, Leach,
2006).

Following domain construction, the system must be relaxed to a global energy minimum
which corresponds to the thermodynamic configuration of the system. To identify the
configuration of the system that corresponds to the energy minimum, numerous energy
minimization algorithms have been developed. Once the system is at a thermodynamic equilibrium,
the molecular dynamics simulation run begins. During this step, the system is subjected to the
desired experiment conditions, such as applied forces or thermal conditions. As the system
progresses through the simulation, the position and velocities of particles are recorded at discrete
time steps to generate the trajectory. The trajectory can then be analyzed by a myriad of post-

processing numerical or visualization methods to obtain results.
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4.2.2 Domain construction

In order to calculate state and dynamic properties of a system, the description of the forces
and interactions between the particles comprising the system must be defined. This can be achieved
by solving the quantum mechanics equations of all the atoms and electrons in the system, which
is often computationally demanding for systems with a large number of particles. To compensate,
force-field (or molecular mechanics) methods have been developed which ignore electronic
contributions and calculate the system energy as a function of nuclear positions only. However,
the downside to this is that force-field methods require a large number of atoms to average over in
order to produce accurate results. In some cases, force-field methods produce results as accurate
as high-level quantum computations in a fraction of the computational time. Thus, if one is to study
properties unrelated to electronic forces and distributions, force-field methods present a viable
strategy.

Force-field methods are dependent on a few assumptions, with the major assumption given
by the Born-Oppenheimer (BO) approximation, which states that the motion of atomic nuclei and
electrons can be treated separately. Without this approximation, the formulation of a force-field to
parameterize a system of atoms with no electron orbits would be completely invalid. Thus
molecular modeling in the absence of quantum contributions is based on a rather simple model of
interactions within the system. Many molecular modeling force-fields employed today use a four-
component visualization of the intra- and intermolecular forces within the system. The energetic
penalties are associated with the deviation of these forces from a given reference, or “equilibrium”,
value. Classic force-fields used in molecular mechanics simulations are AMBER (Cornell et al.,
1995), CHARMM (Brooks et al., 1983), GROMOS (van Gunsteren and Berendsen, 1987; Scott et
al., 1999), OPLS (Jorgensen et al., 1988; Jorgensen et al., 1996), and UFF (Rappe et al., 1992),
and share fairly similar functional forms, differing only in their parameterization and definition of
particle types. The work presented in this thesis primarily utilized the optimized potentials for
liquid simulations (OPLS) force-field which allows for definition of individual atom types, and
has been used successfully to measure the properties of hydrocarbons (Siu et al., 2012). The total

energy, Epp, IS expressed as:
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where k, and r, are the bond-specific harmonic force constant and equilibrium displacement,
respectively; kg and 6, are the angle-specific harmonic force constant and equilibrium angle,

respectively, V; represents the dihedral-specific Fourier coefficients, r;; are the interatomic
separations, g; are the partial atomic charges, e is the elementary charge, and ¢;; and o;; are the

Lennard-Jones parameters for each pair-wise interaction. The total energy is calculated for the
positions (r) of N particles. Particles can be counted as united atoms (UA) or all atoms (AA) with
the use of the OPLS functional form. The first three terms are the bonded atom interactions, defined
between two, three, and four atoms accounting for the stretching, bending, and rotation,
respectively. The fourth term accounts for non-bonded interactions, the electrostatics and the van
der Waals.

Bond stretching and angle bending are generally modeled with a Hooke’s law (harmonic)
functional form. The energy contribution of these terms are given by the deviation from the
equilibrium configuration and a force constant. As less energy is needed to distort an angle away
the equilibrium compared to the energy needed to stretch or compress a bond, angle bending force
constants tend to be proportionately smaller (Urey and Bradley Jr., 1931).

Stretching and bending are considered the ‘hard’ degrees of freedom, where substantial
energy is required to cause deformations from a reference value. Variations between simulations
are more often accounted for by the interplay between torsional (dihedral) and non-bonded
interactions. Most dihedral force-fields are parameterized by a Fourier expansion functional form
(Allinger, 1977), with the coefficients V; representing the energy barrier needed for rotation about
the angle ¢ between two atoms separated by three bonds. For some molecules, “improper torsions”
need to be parameterized. Improper torsions result from a four atom sequence not bonded in
sequence, and an improper torsional potential is needed to maintain a specific geometry (e.g. planar
molecules and stereochemistry at chiral centers). Improper torsional terms are often modeled with
a harmonic potential instead of the Fourier expanded form (Claessens et al., 1983; Hunter and
Saunders, 1990).
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Interactions between atoms not connected by bonds are broadly referred to as the non-
bonded interactions. These are the ‘through-space’ interactions and are usually modelled as a
function of some inverse power of the distance. The non-bonded terms of the force-field are usually
grouped as the electrostatics interactions and the van der Waals interactions. The most accurate
form of calculating electrostatic interactions between atoms is to use the central multipole
expansion, which is based on the electric moments, or multipoles: the charge, dipole, quadrupole,
octopole, and so on. For the multipole expansion, the lowest non-zero electric moment is of
importace, which for ionic species is their charge (Petersen et al., 1994). Many uncharged
molecules have their dipole as the lowest non-zero moment, while for N2 or CO>, the lowest non-
zero moment is their quadrupole. However, employing the multipole expansion can result in slow
convergence of simulations, and so the simpler Coulomb’s law is used to describe the potential
between two point electric charges (first half of the fourth term in equation 4.1).

Van der Waals interactions can be decomposed into two components: the long-range
dispersive interaction and the short-range repulsive interaction. The disperseive forces arise from

induced dipole-dipole interactions due to fluctuations in electron positions and this varies at

approximately — r% The repulsive forces are attributed to the repulsion between electrons in the
ij

inter-nuclear region based on the Pauli principle (Urey and Bradley Jr., 1931). The Lennard-Jones
12-6 function (second half of the fourth term in equation 4.1) is the most widely used potential for
describing van der Waals interactions (Berendsen et al., 1987). The determination of van der Waals
parameters can be difficult and so it is common to assume that parameters for the cross interactions
can be obtained from the parameters of pure atoms based on mixing rules. The commonly used
mixing rules are the Lorentz-Berthelot (Lorentz, 1881), Waldman-Hagler (Waldman and Hagler,
1993), and Kong (Kong, 1973) mixing rules. While the Lorentz-Berthelot mixing rules are the
most employed in MD simulations, Waldman-Hagler and Kong mixing rules tend to lead to
smaller deviations from experimental values (Delhommell and Millié, 2001). For simulations of

waxes, the Waldman-Hagler rules are used:

I(UAA6 + UBB6)r/6 (4.2)
OAB = )

20p7°0gB> (4.3)
EAB = ¢ 1 - ¢V EaAAEBB

- 6 6
oap° + OB
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Where the collision diameter o,5 and the well depth e45 for the A-B atomic interaction is given

by the arithmetic and geometric means of pure component parameters, respectively.

4.2.3 Force-field parameterization

The OPLS force field (equation 4.1) was parameterized with respect to individual atom
types given by the machine-readable protocol in Python (Savoie et al., 2017). The atom types were
defined by Topologically Automated Force-Field Interactions (TAFFI) methodology. Following
the TAFFI protocol, individual atom types are determined on the basis of topology distinctiveness
out to two bonds. To build the topology of individual molecules, chemical bond connectivity
graphs were formulated based on a Python-readable syntax. This syntax encodes atoms based on
their atomic number (e.g. 1 — hydrogen, 6 — carbon, 8 — oxygen), and an adjacency list is populated
based on their bonds. An example of the atom syntax and population of the adjacency matrix is
shown for the scent compound methylbenzoate in Fig. 4.2.

/ [8[erelel

0O
- [SIEeNn
(8lef1Irrnerelen
TAFFI syntax for machine-
readable atom types [B[6I6]EIIBIBIIE]

Adjacency matrix

o-a[eeBN @ 0 0 0 0 0 1 0 0
c-BeEesNMn [0 1 0 1. 0 0 0 0 1
c-[e[senIMN |0 o 0 0 1 1 0 0 O
H-[1[6[e]E1 [0 1 0 0 0 0 0 0 1
H{1eEIMMM (o o 1 0 0 0 0 0 O
O-[8B1I1]MIGIENEM o 0 1 0 0 0 1 0 0
C-e[eejeNEenel |1 o o o 0 1 0 1 0
C-[e[e@jenewrneel o o o o o 0 1 0 1
C-[eeEeneEMM o 1 o 1 0 o0 0 1 0

Fig. 4.2 — Example of syntax for atom type definitions for the petunia volatile methylbenzoate.
Adjacency matrix denotes all bonds between unique atom types.

4.2.4 Geometry optimization

Even for the simplest systems, the potential energy function can be a multi-dimensional

function of the molecular coordinates. The way the potential energy varies with coordinates is
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referred to as the potential energy surface, of where there exists an energetic minimum. In a system
with Cartesian coordinates, the potential energy surface for N atoms is a function of approximately
3N coordinates. In any molecular modeling experiment, we are interested in the minimum points
on the potential energy surface representing the geometry of the system in real conditions. Due to
the complexity of the energy landscape, obtaining the global minimum of the system is not
generally a trivial matter. To identify the geometries of the system corresponding to the global
minimum, we use minimization algorithms. There exists vast literature on minimization algorithms,
many of which are applied to solve problems outside the scope of molecular modeling. These
methods can be classified as derivative-based (first or second), or non-derivative methods (Ayala
and Schlegel, 1997). First derivative methods such as the steepest descents method, line search
method, and conjugate gradients method change the coordinates of atoms as the move closer to
the minimum point. The starting point for each iterative step is the molecular configuration
obtained from the previous step, and it follows the slope of the objective function (energy, force,
etc.). Second derivative approaches such as the Newton-Raphson method and its variants use not
only the first derivatives (gradients) but also the function curvature obtained by the second
derivative. Second derivative methods are generally the most used minimization algorithm in
molecular modeling due to its repeatability and robust profiling the potential energy surface (Leach,
1996). However, Newton-Raphson minimization is generally slower than the conjugate gradients
or steepest descent algorithms, due to the need to invert the second derivative matrix, the Hessian,
resulting in increased use of CPU and memory.

The alternatives to derivative-based methods are the derivative-free methods such as
simplex minimization, simulated annealing, and optimization by genetic algorithms. For complex
systems, simulated annealing has been found to be a particularly suitable method, especially when
refining geometry in accordance to XRD and NMR data. In simulated annealing simulations for
the MD method, a system begins at an initially high temperature, allowing it to overcome high
energy barriers and is then cooled to the simulation temperature (Kannan and Zacharias, 2009).
Simulated annealing is guaranteed to achieve the global optimum of a system as the time taken to
cool the system approaches infinity. As MD simulations are not performed for an infinite time, the
system becomes trapped in a local energy minimum, and the system will not shift from this

minimum unless the system is further cooled. So while the method may not converge to the global
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minimum, a local minimum is guaranteed. To ensure accuracy of measurements, simulated

annealing is performed in replicates.

4.2.5 Newton’s equations of motion

For a system of N particles, the potential energy U(ry, 1y, ....,I,) is a function of the
position of all N particles. The trajectory is a list of the chronological configurations of the atoms
in an MD simulation, obtained by solving Newton’s second law:

oo tde? (4.4)

Where the force of a given particle, F. , is proportional to the acceleration of a particle with
mass m;. Equilibrium properties are measured from the corresponding motions of atoms. In order
to obtain a MD trajectory, numerical integration of Newton’s law is carried out by finite difference
methods. The velocity Verlet algorithm (Verlet, 1968) is the most widely used numerical
integration algorithm for MD simulations (Leach, 1996). The Verlet algorithm uses the positions
and accelerations at time t, and the positions from the previous step, r(t — §t), to calculate the

new positions at times t + 8t, r(t + 8t). The general form of the algorithm is given by:

1
r(t + 6t) = r(t) + 6tv(t) + EStza(t) + - (45)
1
r(t — 6t) =r(t) — stv(t) + E(Stza(t) — (4.6)
Adding equations 4.5 and 4.6 gives the basic form of the Verlet algorithm:
r(t + 6t) = 2r(t) — r(t — 6t) + 6ta(t) + - 4.7)

The algorithm is simple to implement, accurate, and provides stable solutions. In order for
meaningful data to be extracted from the integration of a molecular trajectory, the time step
increments and duration must be suitably selected. There are no strict rules with respect to selection

of the time step; too small and the trajectory will only cover a limited portion of the phase space,
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and too large will result in possible instability in the integration algorithm (violation of energy and
momentum conservation). The selection of the discrete time steps and simulation duration often

must be iteratively tested to ensure calculations are both repeatable and accurate.

4.2.6 Periodic boundary conditions, cut-offs, and neighbor lists

The goal of any molecular scale model is to obtain physical properties of a macroscopic
system. However, the size of molecular models is often limited by the available computational
resources. The correct treatment of boundaries and boundary effects is critical for simulation
methods as it permits the sampling of a ‘macroscopic’ system using a small number of atoms. As
an example, an individual petunia flower yields approximately 1 mg of wax, accounting for
approximately 1.5x10'® wax molecules (well over 10%° atoms). In order to produce a three-
dimensional trajectory, 6N (N atoms) differential equations would need to be solved, which is
nearly impossible with current computational resources (LeSar, 2013). The number of particles in
a Monte Carlo or molecular dynamics simulation frequently are between 1000-2000 atoms.
However, simulations of < 2000 atoms are not indicative of bulk properties, requiring an
alternative strategy to account for the missing atomistic continuum. The most common method is

to implement periodic boundary conditions (Fig. 4.3).
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Fig. 4.3—Periodic boundary conditions for a simple cubic system. The central cell is the simulation
cell and is replicated for all six faces of the cube. When a particle in the simulation cell moves, the
same particle in the image cells move in the exact same way. The pre-determined cut-off radius,
reut, 1S USed to determine all neighbor particles to calculate non-bonded interactions. Particles
outside of the cut-off radius are not part of the non-bonded neighbor list.

Using this method, the domain is viewed as an infinite array of equivalent finite systems,
where individual atoms are replicated through space beyond the system boundaries. When an atom
exists in the simulation cell, it re-enters the cell from the opposite face, rendering the number of
atoms in the box fixed in number. Use of periodic boundary conditions also allow atoms to interact
with other atoms in adjacent image cells. The cubic simulation cell is the simplest and most
commonly implemented in MD simulations. For simulations that involve materials of complex
geometries (e.g. nanotubes) or have side-specific boundary conditions (e.g. surface adsorption),
more effort is needed to program the system (Adams, 1983). However, diffusion in explicit
solvents is readily studied by simple cubic simulation cells with periodic boundary conditions.

The most time-consuming component in molecular simulations is the calculation of non-
bonded energies and forces. The total bond-stretching, angle-bending and dihedral terms in the
force-field model are proportional to the number of atoms N, but the number of non-bonded terms

that are to be evaluated increases by an order of N2 to account for all pair-wise interatomic terms.
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Without any enforcement, a simulation would calculate every atom pair interaction term at each
time step. For most molecular scale models, this level of calculation is unnecessary. The Lennard-
Jones potential drastically decreases over long distances, where at a separation r = 2.5¢ the
Lennard-Jones potential is only 1% of the maximum value. With a cut-off distance . specified,
the interaction potential between two atoms separated by r > r.; IS set to zero and prevents the
simulation from computing this value. The value for r.; is system-dependent and may require
some iterative simulations to determine an optimum value, however, the general rule-of-thumb for
setting a cut-off is for 1., to not exceed half the length of the shortest side of the simulation cell.
In simulations with where the Lennard-Jones potential is dominant, the cut-off radius is selected
to be 7.+ = 2.50, and gives minimal error (Ding et al., 1992).

By itself, a specified cut-off radius may not be sufficient to reduce computational time. As
systems simulated are generally dynamic, atoms vibrate in and out of the range of the specified
cut-off. To determine which atoms are within the cut-off range, the simulation must calculate
N(N — 1) distances, which in itself can become a laborious step for the computer. To account for
this, non-bonded neighbor lists are calculated at specified intervals during the simulation
(Thompson, 1983). The neighbor list for a specific atom contains the list of all atoms within the
cut-off radius distance and will only calculate non-bonded interactions for those atoms only. This
list is not generally updated at individual time steps as atoms may remain within proximity of one
another for significant periods of time. Thus, to limit the computational power needed, neighbor
lists are updated less frequently than the actual simulation time increment. It is important to update
the neighbor list at an appropriate frequency; if the updating frequency is too high, the simulation
is inefficient, and if the updating frequency is too low, then there will be errors in the calculation

of energies and forces due to poor sampling (Greengard and Rokhlin, 1987).

4.2.7 Time-dependent properties

Molecular dynamics produces configurations of the system that are connected in time,
allowing us to determine time-dependent or time-averaged properties. This is the inherent
advantage of using MD simulations over the Monte Carlo method. Time-dependent properties can
be referred to as time correlation coefficients, which are obtained from correlation functions (Adler

and Wainwright, 1970). Correlation functions provide numerical values encapsulating the
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statistical correlation between two random variables, contingent on the spatial or temporal spacing

between those variables. For two data sets x and y, we can define the correlation function C,,,:

M
1
ny = MZ Xy = (xi ) yl) (48)
i=1

Where M is the number of values in the x; and y; datasets. For MD simulations, if one of
the two datasets is a function of time, the correlation function is referred to as a time-correlation
function. If x; and y; are two independent variables, C,, is referred to as a cross-correlation
function, and if x; and y; are the same variable, then C,,, is an autocorrelation function. In MD
simulations, we are often interested in obtaining the transport properties such as diffusivity or
viscosity. Transport properties are generally obtained from velocity autocorrelation functions
(VAF):

Cy () = (v(0) - v(t)) (4.9)

The VAF is calculated over At time steps, and properties such as diffusion coefficients are
obtained by numerical integration of the VAF. The VAF decays to zero at long times, and if
equation 4.9 is integrated numerically from 0 <t < oo, the Green-Kubo (Kubo, 1957) relationship
is obtained:

1 (o]
D=3 f (v(0) - v(t))dt (4.10)
0

Alternatively, the Einstein relationship arises from differentiating the velocity
autocorrelation function with respect to time to obtain the mean-square displacement. For
simulations of hydrocarbons using the OPLS-AA or UA (united atoms) force-field, both Green-
Kubo and Einstein relations provide similar results for diffusivity measurements. (Lee and Chang,
2003; Kondratyuk et al., 2016).
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4.2.8 Time and ensemble averages

In order to represent the various interactions, such as heat and mass transfer, of the
surrounding environment with the system, coupling procedures corresponding to specific
statistical ensembles are used. Thermodynamic properties are dependent on the position r" (t) and
momenta p» (t) of the N atoms that comprise the system. Over time, the instantaneous value of
property A fluctuates as a result of the interactions between atoms. When the property is measured
over time t, it is the “time-average.” As t approaches infinity, the measurement of A approaches

the true thermodynamic value:

T

1
Aave = lim — f AP (0, rY(1)dt (4.12)

t=0

Thus, calculation of time averaged properties requires dynamic simulations, with values
calculated from trajectories of atoms. However, for some properties, time averaging over small
time scales results in inaccurate values. Boltzmann and Gibbs developed statistical mechanics
where a single system evolving in time is replaced by a large number of replications of the system
that are considered simultaneously. Averaging over these large number of replications is referred
to as the “ensemble-average:”

(4) = f f dpdr Ap", r¥)p(p", 1Y) .

Where (A4) is the ensemble-average, or expectation value, of the property A. The
probability density p(p", r") is the probability of finding the system configuration with momenta
p" and position r". The ensemble-average of property A is determined by integrating over all
possible configurations of the system and can be done so for either a specific time of the simulation,
or even averaged over the duration of the simulation. In accordance to the ergodic hypothesis, an
axiom of statistical mechanics, the ensemble-average is equal to the time-average (Leach, 1996).
Under mass conservation conditions, constant volume and temperature, the probability density is
given by the familiar Boltzmann distribution:

E(p", rN))

1
N Ny _— _
p(p",r )—QeXp< kT

(4.14)
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Where E(p",r") is the energy, Q is the partition function, kg is Boltzmann’s constant,
and T is the temperature. The partition function is more generally written in terms of the
Hamiltonian, H, where for a system of N atoms the partition function for the canonical ensemble
IS given by:

H(p", rN)l

N
Qnvr = N'h3Nf,I-dp dr? EXP[ kaT (4.15)

The canonical ensemble (NVT) is the statistical ensemble corresponding to constant
temperature, number of particles, and volume. MD simulations often use the NVT or the
isothermal-isobaric ensemble (NPT) for the calculation of thermodynamic properties.
Measurement of these properties is reliant primarily on constant temperature, a condition that can
be difficult to achieve due to the kinetic energy of the system of atoms vibrating. A straightforward
approach to control the temperature would be to scale the atomic velocities during the simulation
to reset temperature to desired value. However, doing so would disrupt the dynamics of the system
and result in trajectory artifacts (Anderson, 1980). A superior approach is the implementation of
temperature coupling algorithm (or thermostat), such as the Berendsen thermostat (Berendsen et
al., 1984) or the Nosé-Hoover thermostat (Hoover and Holian, 1996).

The Berendsen thermostat is enforced by coupling the system to an external heat bath with
reference temperature T,,. The change in temperature is proportional to the system temperature and
the heat bath temperature, with a coupling strength determined by a coupling parameter z:

dT Ty =T (4.16)
dt T

The heat flow in and out of the system is achieved by scaling the velocity every step with

a scaling factor A:

A= j”g(%‘l) (417)
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The Berendsen thermostat is simple to implement and can efficiently relax the system to
the target temperature from temperatures far from equilibrium conditions. However, it does not
often produce an accurate NVT or NPT ensemble due to exclusion of the stochastic contribution
of thermal fluctuations at a microscopic level. The Berendsen thermostat is more commonly used

only for energy minimization schemes, and not for the production run.

For accurate measurement of the microscopic level thermal fluctuations, the Nose-Hoover
thermostat is more commonly applied. In this algorithm, an additional degree of freedom is
introduced with a friction parameter £ accounting for momentum added to Newton’s second law:

dzri _ Fi dT'i (418)
de2  m; ~ dt

Implementation of the correct thermostats allows for the efficient but accurate simulation

of molecular systems.

4.2.9 Motivations and objectives

To measure the diffusivity in the cuticle we build atomistic systems of epicuticular waxes
and measure the time-dependent displacement of compounds. In Chapter 3, the major structural
properties of waxes were explored as a function of their chemical composition. Under ambient
conditions, waxes were found to have a range of crystalline content varying from amorphous liquid
phase waxes to hardened crystalline waxes. The cuticles of higher plants can exist in a wide range
of crystalline phases (Barthlott et al., 1998), however, the effect of this crystallinity on the
permeability of solutes has not been investigated. Here, we use molecular dynamics simulations
of volatile scent and water molecules to characterize the effect of crystallinity on the transport

properties of natural waxes.

4.3 Materials and methods

4.3.1 Simulation details

Molecular dynamics (MD) simulations were performed using a non-polarizable force-field

that was parameterized using the Topologically Automated Force-Field Interactions (TAFFI)
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methodology for systematic atomic indexing (Savoie et al., 2017). The TAFFI protocol dictates
unique atom types determined on the basis of molecular topology, where a unique atom type is
governed by atoms up to two bonds in distance. Each unique atom type is thus distinguished by its
local bond connections. The resulting syntax describing the molecular architecture is given by an
adjacency matrix describing the connectivity of all the unique atom types, which is readily
machine-coded to atomic numbers (1 — hydrogen, 6 — carbon, 8 — oxygen). The force-field
describing the bonds, angles, dihedrals, and non-bonded interactions are written in this syntax and
parameterized using the “all atoms” optimized potentials for liquid simulations (OPLS-AA)
distributed by TINKER (Jorgensen et al., 1996; Ponder, 2003; Siu et al., 2012). The total force
field energy, E, is given by the sum of the individual energy potentials (equation 4.1):

All MD simulations were performed within the LAMMPS (http://lammps.sandia.gov)
distribution suite (Plimpton, 1995). MD simulations employed periodic boundary conditions,
particle-particle-particle-mesh (pppm) evaluations of long-range interactions beyond a 14 A cut-
off, a Nosé-Hoover barostat and thermostat with 1000 fs and 100 fs relaxation, respectively, under
NPT conditions. Neighbor lists were constructed every time step with a maximum of 10,000
neighbors stored during each iterative construction. Newton’s equations of motions were
integrated using the velocity-Verlet algorithm over 1 fs increments for all simulations. Each
simulation representing the model cuticle was comprised of the three wax components (n-
tetracosane, 1-docosanol, and 3-methylbutyl dodecanoate) over varying compositions for a total
of 36 wax monomers to ensure a minimum of 2000 atoms in the simulation cell. With each
composition of the model cuticle, five VOCs (benzaldehyde, methylbenzoate, 2-phenylethanol,
benzylbenzoate, and phenylethylbenzoate) or five water (TIP-3P water model) molecules were
inserted with the wax compounds initially, such that they would also be subjected to the same
geometry optimization routine prior to MD equilibration runs.

Geometry optimization and relaxation were conducted using 10,000,000 energy
minimization steps with simulated annealing from 400 K to the simulation temperature of 289-304
K and a pressure of 1 bar, with atomic displacements limited to 0.01 A per step. Following
geometry relaxation, NPT dynamics at the simulation temperature and pressure of 1 bar were run
for an additional 1 ns (using 2 fs time steps) prior to MD equilibration run. Equilibration was for
10 ns (10 fs timesteps) under NPT conditions at the simulation temperature and 1 bar, employing

a Nosé-Hoover thermostat (100 fs relaxation timescale) and barostat (1000 fs relaxation timescale).

127



Each simulation was performed using a varying composition of the ternary wax system containing
either all five parameterized volatile compounds or five water molecules for a total of 32
simulation variations. Standard error for measured quantities was obtained over five repeated
trajectories for each simulation variation, leading to a total of 160 simulations performed. An

example simulation initialization script (.init) can be found in Appendix C.

4.3.2 Trajectory analysis

Simulation trajectories were obtained in the form of LAMMPS trajectory files (.lammpstrj).
Ensemble- and time-averaged properties such as MSD, radius of gyration, pair correlation
distribution functions were all calculated from data autocorrelation or cross-correlation functions

written in Python.

VOC and water displacement in a specified wax system was measured over five
independent trajectories. Diffusion coefficients were obtained over the 10 ns NPT equilibration

steps using the Einstein equation (4.19):

d(Ir; () — 1 (0)17) (4.19)
6dt

Di = lim
t—>o0

where D; is the diffusion coefficient of the diffusing compound i, and |r;(t) — r;(0)|? is the mean-
square displacement (MSD) of the diffusing compound evaluated over the timescale t .
Measurement of the time-derivative of the MSD was performed using a finite difference method
over 10 ps increments, and diffusivity values were obtained directly from the derivatives. Due to
sub-diffusive behavior in some simulations, the range at which the derivative was obtained was
modified to ensure that diffusion coefficients were obtained during free diffusive behavior. Wax
chain structural arrangements were analyzed using atom pair radial-distribution functions, g5 (1),
by parsing the equilibration simulation timescale to average the positions of carbon-carbon,
carbon-oxygen, and oxygen-oxygen pair distributions. End-to-end radius of gyration was obtained
directly from an ensemble-averaged autocorrelation function over the 10 ns equilibration

trajectories, using 10 ps increments.
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To determine the chain conformations of the wax, the radius of gyration was calculated.
As chain conformations change over simulation duration, the radius of gyration is averaged for all

wax units and over the entire simulation duration to obtain the ensemble average:

N

1
(R;) = N(E(rl — I'mean)?) (4.20)

i=1

Simulated XRD patterns were calculated using the method described in (Coleman et al.,
2013), with C++ scripts available with the VESTA package (Momma and Izumi, 2011). During
X-ray diffraction, each reciprocal lattice point is associated with a reciprocal lattice vector K
describing the deviation between diffracted and incidence waves, given by vectors kp and ki,
respectively:
K =kp—k;y=aB;+ B, +VyB; (4.21)

Where «, B, and y is any real number, and B,, is the reciprocal lattice axis corresponding to the n =
1, 2, or 3 edge of the simulation cell. Assuming a monochromatic incident radiation of wavelength
A, the diffraction angle @ is computed utilizing the geometric relationship between the reciprocal
lattice vector and the wavelength through Bragg’s law:

sinf _ |K| (4.22)
A2

To calculate the diffraction intensity, the structure factor F (K) must be evaluated. The

structure factor is calculated from the atomic positions 7;:

N atoms (4.23)
F(K) = Z fj(H) exp(2miK - 17)
j=1

Where f; are the atomic scattering factors which account for the reduction in diffraction

intensity from an individual atom due to Compton scattering and vary by atom type, angle of
diffraction 6, and the wavelength 1. At each diffraction angle, the atomic scattering factors are

computed using numerical approximations parameterized by specific atom types. For X-ray
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diffraction, the analytical approximation of the atomic scattering factor is found from the

summation of four Gaussian functions:

4

sin @ sin?6
f)' 1 =Zaiexp _biT +c

i

(4.24)

Where the coefficients a;, b;, and ¢ are empirical constants for specific atom types. These
coefficients have been tabulated for most atom types and were obtained from Fox et al., 1989. In
addition to the structure factor, the Lorentz-polarization factor must also be calculated:

Lp(6) = 1+ cos?(20) (4.25)

cos @sin?0

With both the structure factor and Lorentz-polarization factor calculated at discrete
diffraction angles, the intensity can be calculated:
10 = Lp(6) o

(4.26)

The diffraction intensity is given by the product of the structure factor and its complex
conjugate normalized to N atoms in the simulation. Generally, XRD line profiles are created by
virtually rotating the Ewald sphere (a sphere of radius equal to the reciprocal of the wavelength 1)
around the origin of the reciprocal space to all possible orientations, like that of a powder X-ray
diffraction experiment. As all diffraction orientations are equally probable, all the reciprocal lattice
points will intersect the surface of the Ewald sphere. Line profiles simulating powder XRD are
constructed by collecting all reciprocal lattice points into bins corresponding to their scattering
angle 26 calculated from equation 4.22 and summing all the intensity data.

For all trajectories, pair correlation functions were calculated for carbon-carbon, carbon-
oxygen, and oxygen-oxygen atom pairs. The pair correlation function is calculated using the
statistical mechanics definition of the radial distribution function (RDF) between two atom types
A and B:

) N4 Ng
gas(r) = mZ Z<5 [rij| =) (4.27)
i=1 j=
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Where § is the Dirac delta function and r;; is the interatomic separation between the atom types.

4.3.3 Visualization

All visualization was performed using the Visual Molecular Dynamics (University of
Illinois at Urbana-Champaign, USA) software package, version 1.9.4. Figures were produced by
Tachyon ray-tracing on a local GPU. Crystal figures were refined on VESTA (Momma and Izumi,
2011).

4.4 Results and discussion

4.4.1 Simulation initialization and production

A total of sixteen variations in wax composition were simulated using the LAMMPS
molecular dynamics (MD) package with the OPLS force field (equation 4.1). Each simulation box
contained 36 wax chains and five VOCs or five water molecules. All compounds were
parameterized with the “all atoms” definitions provided by TINKER (Jorgensen et al., 1993;
Ponder, 2003; Siu et al., 2012), and randomly inserted into the simulation box prior to geometry
optimization. The initial simulation box size was thus dependent on the size of the molecules used.

Geometry optimization was performed using 1 ns of simulated annealing from 400 K to
the simulation temperature (Fig. 4.4). For this chapter, the simulations are all performed at 298 K.
The total system potential energy was monitored over the 1 ns of annealing to ensure an energy

minimum was reached prior to the MD production run (Fig. 4.5a).
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Fig. 4.4 — Simulated annealing procedure for a model wax system over 1 ns. (a) Thermal ramp
from high temperature of 400 K to MD simulation (equilibration) temperature of 298 K. (b)
Snapshots of the model cuticle system over the simulation duration.
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System properties such as density (Fig. 4.5b) and volume (Fig. 4.5¢) influence the dynamic
properties of the system, so it is important to know whether calculated diffusivity values during
the production phase are the result of a realistic system and not the result of simulation artifacts.
To ensure consistent and accurate measurements, each simulation was performed with five
independent replicates. Geometry optimization via simulated annealing may be dependent on the
initial configuration of a heterogeneous system, so each independent replicate was produced by
completely random insertion of compounds to avoid any bias. All calculated system properties for

the sixteen wax formulations can be found in Table 4.1.
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Table 4.1 — System properties for wax mixtures obtained from NPT equilibration at 298 K and 1 bar. Percentage standard error is given
in parenthesis.

Wax composition (g-g wax™?)

Simulation property

Ca24Hs0

C22H450H

C17H3402

System
volume

v, A3

Total potential
energy

Err, kcal mol?

Dihedrals

Edinedrals, kcal molt

Van der Waals
(Lennard-Jones)

Evj, kcal molt

Electrostatics
(Coulombic)

Eelec, kcal mol?

Enthalpy

AH, kcal mol?

1.000
0.757
0.509
0.257
0.000
0.000
0.000
0.000
0.000
0.294
0.556
0.790
0.362
0.531
0.268
0.281

0.000
0.243
0.491
0.743
1.000
0.784
0.547
0.287
0.000
0.000
0.000
0.000
0.349
0.256
0.517
0.271

0.000
0.000
0.000
0.000
0.000
0.216
0.453
0.713
1.000
0.706
0.444
0.210
0.289
0.212
0.214
0.448

1364.35 (0.87)
1300.81 (0.82)
1204.91 (0.73)
1056.48 (0.69)
1015.87 (0.91)
1095.78 (0.83)
1219.17 (1.04)
1275.36 (1.81)
1477.64 (1.21)
1366.76 (0.93)
1391.49 (1.05)
1201.89 (1.00)
1231.75 (0.93)
1293.99 (0.78)
1238.04 (1.21)
1287.35 (0.93)

-144.59 (1.39)
-150.47 (1.44)
-156.00 (1.55)
-160.31 (1.74)
-157.02 (2.20)
-104.59 (1.92)
-34.45 (1.68)
26.38 (2.53)
111.23 (1.35)
31.01 (1.36)
-25.57 (1.53)
-76.26 (1.58)
-77.19 (1.61)
-91.50 (1.37)
-94.83 (2.01)
-31.41 (1.61)

-1099.69 (3.32)
-1072.91 (3.19)
-1062.47 (3.08)
-1066.44 (2.92)
-892.97 (3.16)
-964.26 (4.80)
-904.08 (17.17)
-894.93 (24.82)
-765.18 (6.66)
-914.02 (19.67)
-952.43 (23.75)
-939.70 (6.37)
-993.71 (6.78)
-1011.94 (5.83)
-958.70 (5.87)
-956.73 (19.00)

396.72 (1.15)
349.03 (1.15)
286.81 (1.11)
186.02 (1.05)
109.57 (1.43)
224.47 (1.24)
-904.08 (1.79)
449.14 (2.99)
550.40 (1.79)
516.96 (1.30)
475.49 (1.58)
386.91 (1.44)
354.71 (1.20)
381.56 (1.15)
312.24 (1.88)
421.28 (1.43)

3822.62 (0.38)
3721.49 (1.99)
3585.00 (2.82)
3398.96 (4.78)
3193.88 (13.06)
3262.50 (5.12)
3265.15 (1.79)
3196.45 (1.63)
3268.87 (0.93)
3323.71 (0.71)
3517.96 (0.68)
3250.48 (0.53)
3416.35 (3.07)
3545.52 (1.70)
3454.52 (3.07)
3372.63 (1.71)

1364.35 (5.30)
1300.81 (5.33)
1204.91 (5.40)
1056.48 (5.72)
1015.87 (5.80)
1095.78 (5.67)
1219.17 (5.43)
1275.36 (5.51)
1477.64 (5.00)
1366.76 (5.24)
1391.49 (5.17)
1201.89 (5.53)
1231.75 (5.46)
1293.99 (5.31)
1238.04 (5.39)
1287.35 (5.37)




Upon reaching the simulation temperature, a Nosé-Hoover thermostat was employed to fix
the temperature and pressure to maintain NPT conditions. In MD simulations, pressure is
calculated from the system kinetic energy and the virial, and LAMMPS utilizes a pressure coupling
barostat to ensure NPT conditions are held. Whether or not pressure coupling is used within a
simulation, pressure can oscillate significantly (Fig. 4.5d). Instantaneous pressure oscillation is
meaningless, where for short timescales (<5 picoseconds) the measure of pressure has no meaning.
The average pressure should converge to the barostat pressure, and if this is not the case, then
longer simulation times are needed to obtain time-averaged properties. The fluctuation in pressure
can vary in the order of hundreds of bar (Huang et al., 2010).

4.4.2 Effect of chemical composition on wax chain conformations

For the simulated wax systems, equilibrium properties were obtained (Table 4.2).
Calculated densities, ensemble-averaged square radii of gyration (R;)?, and self-diffusion
coefficients were in good agreement with previous MD simulations using similar compounds and

force-field parameterization (Goo et al., 2002; Makrodimitri et al., 2011).
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Table 4.2 — Static and dynamic properties for wax mixtures obtained from NPT equilibration at 298 K and 1 bar. Standard error is given

in parenthesis.

Wax composition (g-g wax™?)

Properties

Intradiffusion coefficients

(107 cm?s)

CaaHso CosHasOH CiH20, p (g-cmd) (RZ) (A?) trans dihedrals (%) CaaHleo Ca2HesOH CirH0:
1.000 0.000 0.000 0.800 (7) 53.21 (L.1) 67.28 (0.5) 2.81(0.8) - -
0.757 0.243 0.000 0.807 (7) 51.37 (1.1) 65.92 (0.3) 4.41(1.6) 3.50 (1.4) ]
0.509 0.491 0.000 0.822 (6) 49.67 (1.1) 65.70 (0.2) 1.38 (0.4) 139 (0.6) ]
0.257 0.743 0.000 0.843 (6) 47.68 (L.5) 64.97 (0.3) 146 (0.6) 1.06 (0.6) ]
0.000 1.000 0.000 0.809 (7) 44.72 (2.0) 65.67 (0.4) ; 2.90 (1.8) -
0.000 0.784 0.216 0.836 (7) 41.22 (1.8) 65.65 (0.4) ; 1.31(0.3) 2.67 (0.3)
0.000 0.547 0.453 0.829 (9) 36.00 (2.3) 63.68 (0.4) ; 2.24 (0.7) 437 (13)
0.000 0.287 0.713 0.846 (15) 31.77 (2.6) 62.75 (0.2) ] 3.54 (1.6) 11.26 (2.9)
0.000 0.000 1.000 0.801 (10) 25.41 (3.2) 60.25 (0.2) ) ) 25.21 (4.0)
0.294 0.000 0.706 0.835 (8) 33.70 (2.5) 63.25 (0.3) 8.48 (1.9) ] 8.81 (1.5
0.556 0.000 0.444 0.813 (9) 30.81 (2.4) 63.86 (0.4) 4.73 (1.4) ] 6.33 (2.0)
0.790 0.000 0.210 0.819 (8) 46.67 (1.8) 64.73 (0.5) 0.56 (0.2) ; 2.62 (L.7)
0.362 0.349 0.289 0.825 (8) 42.54 (1.4) 65.56 (0.2) 1.91 (0.6) 1.30 (0.3) 3.04 (0.8)
0.531 0.256 0.212 0.820 (6) 44.72 (1.7) 65.00 (0.2) 1.96 (0.8) 0.80 (0.2) 3.58 (1.5)
0.268 0.517 0.214 0.814 (10) 39.20 (2.4) 64.59 (0.2) 229 (1.2) 1.67 (0.4) 5.17 (L.4)
0.281 0.271 0.448 0.833 (8) 41.99 (2.0) 64.26 (0.3) 4.08 (1.6) 155 (0.5) 6.76 (1.2)

fUncertainty in parenthesis is for last digit(s)



Over the range of chemical compositions tested, wax density only varied between 0.8-0.85
g cm™, suggesting that the packing of individual wax chains is comparable between compositions.
However, radius of gyration (Fig. 4.6a) and wax self-diffusion (Fig. 4.7) were found to be highly
dependent on chemical composition, specifically the average-chain length of the wax. Therefore,
major variations in wax structure arise from the distribution of lengths of individual hydrocarbon
chains. The contribution of the aliphatic chain length can be observed in the radial distribution
functions (RDFs) calculated for carbon-carbon atom pairs (Fig. 4.6b). Carbon pair correlations
provide information on the preferred arrangements of the chains averaged over the MD simulation.
Sharp peaks at approximately 1.5 and 2.5 A correspond to carbon atoms separated by one and two
bonds from a reference carbon atom, respectively. Lower intensity peaks at 3.2 and 3.9 A
correspond to pairs of carbon atoms separated by three bonds in their gauche and trans
conformations, respectively. A distinct peak at ~5.0 A emerges from the occurrence of successive
pairs of trans conformation along a five-carbon atom sequence, while a separation of 4.5 A
corresponds to a successive trans-gauche conformation. Peaks beyond 5.0 A correspond to carbon
atom pairs separated by at least five bonds and provide no further insight into the configurations
of the wax chains.
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Fig. 4.6 — Properties of mixtures of model cuticle constituents from MD simulations at 298 K and
1 bar. (a) Effect of wax chain distribution on square radii of gyration and average self-diffusion.
(b) Radial distribution function (RDF) of carbon-carbon pair correlations for pure wax components.
Measured aliphatic crystallinity (from powder XRD) with respect to (c) percent of dihedrals in the
trans conformation and (d) radius of gyration.
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Fig. 4.7 — Intradiffusion (self) coefficients (10~ cm?/s) for (a) n-tetracosane, (b) 1-docosanol, and
(c) 3-methylbutyl dodecanoate in the ternary model system.

The major difference in the RDFs between the three wax constituents is observed at the
separation of 5.0 A, where the intensity of the peak indicates the proportion of wax chains that are
fully elongated. Anisotropy of waxes is attributed to an elongated rotator phase (long axis) of
crystalline unit cells, suggesting that the relative aliphatic crystallinity is dependent on the
stretching of dihedrals along the methylene chain (Fig. 4.6c). This elongation is determined from
the carbon chain radius of gyration, serving as a measure of the length of the crystalline cell. Radius
of gyration was found to significantly correlate with aliphatic crystallinity (Fig. 4.6d), suggesting
that the abundance of crystalline units is determined by the rotator axis of the crystalline unit cell.

In Chapter 3, the effect of wax composition on aliphatic crystallinity was explored in detail.
The major features of the XRD-patterns that were described were the (00I)-peaks describing the
nematic ordering of unit cells, the (hk0)-peaks describing the packing of the cells, and the broad
amorphous halo describing the portion of the phase with no crystalline order. Powder-XRD
patterns of the blended waxes demonstrated that wax composition can result in significant
differences in lattice symmetry and crystalline abundance. To determine if these patterns are
obtained from atomistic scale simulations of the waxes, simulated X-ray diffraction patterns were
calculated after 10 ns of MD equilibration (Fig. 4.8).
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Fig. 4.8 — XRD patterns for wax mixtures (CzsHso, C22Hs4sOH, C17Hz402 by weight fraction).
Experimental (black) and simulated (red) XRD patterns for all wax mixtures tested.

Simulated XRD patterns are unable to replicate the halo that arises from disorder, and
instead provides systematic noise. For most of the simulated structures, the simulated XRD
patterns indicates that the crystalline unit cells have a long-length axis with major peaks emerging
at 20 < 15°. These peaks do not emerge in samples with an abundance of 1-docosanol, the reason
for which was discussed in section 3.4.17. The diminished peaks are due to the increased atomic
density between crystalline chains that are occupied by oxygen containing groups. However, the
oxygen containing groups do cluster closely in waxes containing a high fraction of the primary
alcohol during the MD simulations (Fig. 4.9), indicating that the density in the gap region is greater
than that of waxes with less polar groups. The higher scattering caused by the clustered oxygen
atoms cause destructive interference of the X-rays for these low angle peaks, resulting in

diminished intensity. MD simulations support the hypothesis of the head to head arrangement of
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wax groups; however, it cannot be captured by simulated XRD patterns. In general, the simulated

XRD patterns do show peaks within the same range as those captured experimentally.
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Fig. 4.9 — Snapshots of the representative structure of wax mixtures (C24Hso, C22Has0H, C17H3402
by weight fraction). Structures were refined in VESTA (Momma and lzumi, 2011) after 10 ns of
MD equilibration at 298 K and 1 bar.

4.4.3 Effect of wax composition on molecular diffusion

Petunia volatiles selected for MD simulations were compounds found either in the
headspace (Fig. 4.10a) and/or internal pools (Fig. 4.10b) of day 2 post-anthesis petunia flowers
during peak scent emission. Diffusion coefficients for scent (Fig. 4.11a) and water molecules (Fig.

4.11b) were calculated from 10 ns MD simulations through the model cuticle and other ternary
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wax mixtures. Diffusion coefficients were obtained from the mean-square displacements (MSD)
of the particles with respect to a reference position (Fig. 4.11c). For most wax compositions, VOC
displacement was size-dependent; smaller VOCs such as benzaldehyde and methylbenzoate

experienced upwards of 5-6-fold greater displacement than benzylbenzoate and
phenylethylbenzoate.
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Fig. 4.10 — Petunia VOC emissions and internal pools at 22:00 h. Representative mass spectrum
of the (a) headspace and (b) internal pools of two-day-old petunia flowers at 22:00 h. (c) Volatile
emission factor (VEF) of petunia volatiles calculated from dynamic collection of VOCs between
18:00-22:00 h. Data are mean + S.E. (n =4 biological replicates).
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Fig. 4.11 — Average trajectory of displacement of individual benzenoid/phenylpropanoid volatiles
in the model cuticle at 298 K and 1 bar. Orthographic views (from left to right: xy-plane, yz-plane,
xz-plane) of (a) benzylbenzoate diffusion and (b) water diffusion in the model cuticle with a
chemical composition of 26.8%/51.7%/21.4% C24Hs0/C22H4sOH/C17H3402 by wt.%. Diffusing
compounds are colored based on timescale between 1 and 10 ns in 100 ps increments during MD
simulation at 298 K and 1 bar. (c) Mean-square displacement (MSD) of all VOCs and water
molecules over the simulation time. Shaded region represents the standard error of the
measurement.
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Varying the proportions of the individual wax constituents of the model cuticle revealed
significant differences in calculated diffusion coefficients (Fig. 4.12a). For VOCs, diffusivity was
highest when the wax was solely composed of 3-methylbutyl dodecanoate and lowest in wax
formulations enriched (>75 wt. %) with 1-docosanol. Over the range of wax compositions tested,
VOC diffusion coefficients varied between 2x10711-6x101° m?/s (~30-fold variation), while water
diffusivity varied between 8x10712-3x1071° m?/s (~38-fold variation) (Fig. 4.12b). Interestingly, the
size-dependent effect of VOC diffusion did not extend to water molecules, which experienced
similar or even lower displacement to that of compounds with higher molecular weight. Previous
assessments of cuticular permeability have found that the size-exclusion effects differ significantly
between hydrophilic and lipophilic molecules, suggesting the possibility of separate polar and
nonpolar diffusion paths for compounds of varying physicochemical properties (Schreiber, 2005).
Measurement of water, benzoic acid, and salicylic acid permeability in the cuticles of Hedera helix
L. leaves exhibited similar mass transfer rates through the isolated cuticle despite the substantial
differences in molecule size, partitioning, and solubility (Popp et al., 2005). The major function of
cuticles is to protect the plant against enhanced water loss, where low aqueous solubility and
partitioning in hydrophobic waxes limit transport through the cuticle. As the focus of this study is
primarily on the cuticle structural effects on diffusion, analysis of compound solubility, molecular

interactions, and alternative polar diffusion paths are left for future analysis.

144



Benzaldehyde Methylbenzoate 2-Phenylethanol

a CiaHysOH CgHygOH CagHygOH
0.00 0.00 000
1.00

1.00 1.00

100

T 0.00 0.00 T 0.00
0. 025 0.50 075 1.00 0.00 025 0.50 075 1.00 0. 025 0.50 0.75 1.00
0, Ceblo gm0, Cebla ¢ om0, Catle
Benzylbenzoate Phenylethylbenzoate Water log, fold change
CyzHayOH CyHasOH CoaHLOH (diffusivity)
0.00 0.00 000 —

1.00 1.00

100 100 100 -3

0.00
CiHs0,

0.00
CiHs0,

0.00
CiHs0,

b
108
G 1 . d
g
E10’
18]
0
%10—10
[e]
o
.510”
3
=
010—12 T T T T T T
@ @ o \@ @ et
< i EX
o & & N
B ¢ N 2
¥ & &
(%) X0 AN\ 20
(%) 52 ) %)
W ¢ ¥ &
Q‘Q

Fig. 4.12 — Effect of chemical composition on the diffusivity of benzenoid/phenylpropanoid VOCs
through the model cuticle. (a) Ternary contour plots displaying the effect of model cuticle chemical
composition on the diffusivity of individual VOCs and water. Diffusion coefficients are scaled to
1 (where 1 is the maximum diffusion coefficient for a given diffusing solute). Vertices of ternary
diagrams represent a pure component, and axes of the diagrams represent mole fraction of the wax
component. (b) The distribution of diffusion coefficients measured over the range of model cuticle
compositions tested. Box whiskers represent the range of values, line represents the median value,
and distribution is the smoothed kernel density distribution (n = 80 simulations). Letters indicates
a significant difference in means, P < 0.05 by Student’s t-test.
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Diffusive walks for compounds in amorphous and crystalline waxes in the xy- and yz-
planes of an orthogonal cubic unit cell at 298 K and 1 bar are shown in Fig. 4.13a and Fig. 4.13b,
respectively. In an isotropic medium, diffusion is unhindered and compounds diffuse
indiscriminately in the x-, y-, and z-dimensions of the Cartesian simulation cell over the 10 ns
simulations. For crystalline waxes, diffusion is restricted from the confined motion of the wax
chains, resulting in fewer vacancies for diffusing compounds to explore. As previously determined
for the model cuticle and other crystalline wax blends, anisotropy in waxes occur due to the
stretching of aliphatic chains. In fully crystalline waxes, compounds must diffuse parallel to that
of the direction of the long length axis of the crystalline unit cell. For compounds to traverse
through the wax chains, they must diffuse between the rigid methylene chains, which have a
measured interatomic spacing between < 4.6 A (Table 3.4). As benzene rings have an approximate
diameter of 2.78 A, VOCs with a single aromatic group are not restricted from diffusion between
parallel methylene chains. However, the equilibrium orientation for both benzylbenzoate and
phenylethylbenzoate results in their two aromatic groups lying out of plane with each other (Fig.
4.13c), resulting in effective diameters of 9 A and greater. Diffusion of these compounds
consequently experience significantly hindered displacement over the simulation time,
contributing to the observed size-dependent diffusion. For the model cuticle, there was a strong

negative dependence between the diffusivity and size of the VOCs (Fig. 4.13d).
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Fig. 4.13 — Effect of cuticular size exclusion on lipophilic molecule diffusion. Benzaldehyde and
benzylbenzoate trajectory walks in (a) amorphous wax (pure 3-methylbutyl dodecanoate) and (b)
and crystalline wax (pure n-tetracosane). (c) Petunia VOCs with maximum measured distances
during MD simulations. (d) Correlation of diffusion coefficient of molecules in the model cuticle
with respect to molar volume. (e) Correlation of simulated diffusion coefficients with the volatile
emission factors (VEF) calculated for petunia VOCs by sampling the internal pools and headspace
of two day old petunia flowers between 18:00-22:00 hr. Data are mean + S.E. (vertical error bars
obtained from dynamic headspace and internal pool sampling, n = 4 biological replicates,
horizontal error bars obtained from MD simulations, n = 5 trajectories).

The effect of size-dependent diffusion through the cuticle may contribute to the enrichment
of low molecular weight scent compounds found in the headspace of petunia flowers. VOC
analysis in petunia flowers during peak emission revealed that smaller phenylalanine-derived
VOCs such as benzaldehyde, phenylacetaldehyde, and methylbenzoate were abundant in the
headspace (Fig. 4.10a), while larger VOCs such as isoeugenol, benzylbenzoate, and
phenylethylbenzoate were more abundant in the internal pools (Fig. 4.10b). To determine if the
cuticular size-exclusion affects the dynamics of scent emission, we define a volatile emission
factor (VEF), the ratio of the emission to biosynthesis flux of an individual VOC. Biosynthesis

and emission fluxes were measured between 18:00-22:00 h by dynamic sampling of the headspace
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and internal pools of petunia flowers (Fig. 4.10c). Biosynthesis (vsyy, ;) is defined as the sum of the

accumulation of VOC internal pools (C;) and the emission flux (vep;;):

d¢; (4.28)
d_t = Vsyn,i — Vemi,i

The efficiency by which VOCs are released into the atmosphere upon synthesis is thus
given by the VEF. Compounds with high VEF values (VEF — 1.0) are considered biosynthesis-
limited, while compounds with low VEF values (VEF < 0.50) are considered to be mass-transfer
limited. Calculated VOC diffusion coefficients in the model cuticle were found to be positively
correlated (R? = 0.80) with the measured VEF values (Fig. 4.13¢). For VOCs with a small molar
volume, emissions experience less resistance through the cuticle. Only for VOCs large enough to
be hindered by the interatomic spacing between methylene chains does there appear to be
significant diffusive mass-transfer resistance. Therefore, the role of the cuticle in the VOC
emission network is attributed to the differential control on mass transfer of individual VOCs,
effecting the composition, amount, and dynamics of scent emission.

Variations in wax chemical composition resulted in substantial differences in percent
crystallinity. Overall, increased amorphous wax content resulted in enhanced diffusion for VOCs
and water, and diffusion in fully amorphous wax (pure 3-methylbutyl dodecanoate) was up to 30-
fold higher than in crystalline waxes (Fig. 4.14a). For 2-phenylethanol, benzylbenzoate,
phenylethylbenzoate, and water, measured diffusion coefficients varied almost linearly over the
range of aliphatic crystallinity, suggesting that perturbations in cuticle structure significantly affect
the mobility of these compounds through the cuticle. In contrast, benzaldehyde and
methylbenzoate diffusion coefficients were insensitive to small changes in wax crystallintiy. Based
on their VEF values, benzaldehyde and methylbenzoate experience negligible mass transfer
resistance through petal cuticles, and also experience unhindered diffusion between methylene
chains during simulations. As the spacing between crystalline cells did not change significantly
over the range of chemical compositions, the net result is a limited dependence between net

displacement and crystallinity.
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4.14 — Simulation of molecular diffusion in anisotropic waxes at 298 K and 1 bar. (a) Effect of
aliphatic crystallinity on the diffusion coefficients. Data are mean + S.E. (x-axis error bars are
obtained from peak integration error propagation, y-axis error bars represent the standard error of
the mean of five independent trajectories). Pure component waxes are colored by identity (C24Hso
— purple; C22HasOH — green; Ci17H3402 — orange). Representative snapshots of single layers of
simulated (b) n-tetracosane and (c) 1-docosanol. (d) Effect of the maximum interatomic spacing
on the diffusivity of VOCs. Effect on diffusion coefficients (10 cm2/s) are shown by the contours.

The linear dependence of diffusion coefficients with percent crystallinity was weaker at
relatively high crystalline amounts (> 84% crystallinity). This is most apparent when comparing
displacement of VOCs in pure n-tetracosane and pure 1-docosanol, both of which are highly
crystalline during simulations, yet the displacement of VOCs in 1-docosanol is 3-6 fold lower than
in pure n-tetracosane. The two possibilities for this discrepancy can be due to differences between
interatomic spacing between chains or the elongation of methylene chains, or a combination of
both effects.

XRD analysis of the peaks at large diffraction angles for n-tetracosane and 1-docosanol
demonstrated differences in d-spacing values (Fig. 3.10), and varying proportions of these waxes

result in measurable changes in methylene chain spacing. The gaps between individual alkane
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chains are given by the (010)-, (100)- and (111)-peaks corresponding to d-spacing values of 4.58,
3.79, and 3.57 A, respectively (Fig. 4.14b). In contrast, the spacing between 1-docosanol
crystalline units is given by the (110)- and (200)-peaks corresponding to 4.05 and 3.61 A,
respectively (Fig. 4.14c). Thus, the maximal spacing between methylene chains is significantly
greater for n-tetracosane, increasing the gaps through which VOCs can diffuse. This maximal
spacing between methylene chains measurably increases with increasing abundance of triclinic
alkane units (Table 3.4) and had a significant effect on the diffusivity of VOCs (Fig. 4.14d). This
effect was distinctly greater for the VOCs with a molar volume below 180 A3, further evidence of
size-limiting characteristics of the cuticle on diffusing molecules.

Elongation of crystalline unit cells was observed for wax composed pure of 1-docosanol,
where wax chains are oriented in a polar head-to-head orientation that results in a double layer
structure supported by hydrogen bonding. Radial distribution functions for oxygen-oxygen
correlations exhibit a sharp peak at ~2.8 A separation, the distance between a pair of hydroxyl
oxygen atoms supported by hydrogen bonding, for wax mixtures with significant amounts of 1-
docosanol (Fig. 4.15). The double layer structure can be observed readily in wax systems enriched
with the primary alcohol (Fig. 4.9). Due to this layering of methylene chains, crystalline 1-
docosanol is characterized as having an increased nematic order compared to n-alkanes of similar
chain length, with a gap region between stacks of methylene chains filled with oxygen atoms
(Kreger, 1948). Consequently, diffusion of compounds in waxes with a double layer structure is
significantly lower due to increased molecular obstructions and longer apparent diffusion path.
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Fig. 4.15 — RDF for oxygen-oxygen pair correlation. RDF for wax mixtures with varying wax
blends containing x (mass fraction) of C22H4sOH.

45 Conclusions

In summary, we formulated a model cuticle which represents the molecular arrangements
of wax constituents and the aliphatic crystallinity of the floral waxes of Petunia hybrida. Using
MD simulations, we tested the effects of varying the chemical composition on wax structure and
its subsequent effect on molecular diffusion. Despite large perturbations in the chemical
compositions, the crystalline symmetry remained largely orthorhombic, but the relative abundance
of crystalline waxes was significantly modified with increasing amounts of an amorphous
constituent. In crystalline wax systems, diffusion paths were determined by the anisotropy of the
cuticle, where the displacement of compounds was parallel to methylene chains. Displacement of
VOCs was also highly size-dependent, where larger VOCs were hindered by their ability to diffuse
between crystalline units. Calculated VOC diffusion coefficients through the model cuticle was
found to correlate with the efficiency by which individual volatiles are released into the flower
headspace. Larger VOCs experienced significantly lower displacement over 10 ns simulations,
indicative of relatively high mass transfer resistance. Enrichment of low molecular weight VOCs
in the petunia headspace suggests that differences in individual compound mass transfer resistance
plays a significant role in the distribution of scent compounds emitted. While molar volume
dictated diffusivity for the lipophilic volatiles, this relationship did not extend to water molecules,
which experienced comparable diffusion to much larger compounds. Empirical relationships for
cuticular diffusion are limited to compounds of similar physicochemical properties and effects
arising from varying solubility or hydrophobic interactions need to be considered in subsequent
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analysis. Changes in wax composition contribute to changes in diffusivity for all compounds, and
in many conditions, this change was greater than 2-fold. Thus, cuticle composition can be
considered a significant determinant for relative permeability. The caveat to this is that plant
cuticles have a high degree of chemical and physical complexity, and thus genetic manipulation
of cuticle biosynthetic and export genes may result in only minimal changes in composition.
Studying the crystalline behavior of multi-component waxes with significant chemical
heterogeneity would be the next step to better characterize how small perturbations in composition

can result in structural changes.
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CHAPTER 5. THERMOTROPIC POLYMORPHISM OF PLANT
CUTICLES

5.1 Abstract

As a model for the epicuticular waxes of plant cuticular membranes, we studied the phase
behavior of varying mixtures of n-tetracosane (CasHso), 1-docosanol (C22HssOH), and 3-
methylbutyl dodecanoate (Ci17H3402) using differential scanning calorimetry (DSC). X-ray
diffraction (XRD) experiments of wax mixtures reveal that the model cuticle primarily exhibits
orthorhombically-packed solid phase at temperatures far below their melting point. Upon heating,
wax mixtures exhibit a solid-solid phase transition from the orthorhombic symmetry to a
hexagonally-packed solid phase. This metastable state was found to exist only for a narrow
temperature range, where upon further heating, wax mixtures reached their melting transition.
Using DSC and XRD data, binary and ternary phase diagrams were constructed for the wax system.
Thermal characterization of wax mixtures showed that the transition region of a wax mixture is
dependent purely on the chemical composition and is reflective of the relative abundance and
arrangements of crystalline wax. Molecular dynamics (MD) simulations of the model cuticle was
performed between 5-45°C to obtain temperature-dependent effects of volatile organic compound
(VOC) and water diffusion. At temperatures approaching and above the hexagonal phase transition,
wax fluidity increases resulting in increased time-dependent displacement of molecules.
Temperature was found to have significant contribution towards the molecular diffusion in the
cuticle. Using a combination of experimental and computational methods, we discuss the relevance
of studying phase behavior of simple binary and ternary systems in context of far more complex

phase behavior for plant epicuticular waxes

5.2 Introduction

5.2.1 Adaptive role of cuticles to abiotic stress

The cuticles of higher plants are adapted primarily to efficiently control water deficit, the
foremost prerequisite for plant survival and environmental competitiveness (Kerstiens, 1996). The

water permeability through the cuticle determines the minimum and unavoidable water loss. Low
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cuticular water permeability is therefore one of the principal factors supporting the survivability
and viability of plants under water scarce conditions. Riederer and Schreiber (2001) measured
water permeance in isolated leaf and fruit cuticles of several plant species and found that the
permeability values clustered based on species and climate of origin. Lowest water permeability
was observed in leaves from plants growing in a tropical climate, such as epiphytes or climbing
plants. The next clustered group with higher water permeance belonged to leaves with from
xeromorphic plants growing in the warm, dry Mediterranean climate. The group with the greatest
water permeability was mesomorphic leaves growing in temperate climates with higher
precipitation. The permeance for water in cuticles from mesomorphic leaves was found to be
comparable or even lower than that of synthetic polymer films such as high-density polyethylene
(HDPE), polypropylene (PP), and polyethylene terephthalate (PET). While these commonly used
plastics are used ubiquitously for food packaging and protective covers, plant cuticles can limit
water permeance to greater extents at comparable thicknesses. However, when the water
permeance of the cuticles was compared to the total wax coverage, there was no correlation
between thickness and permeability (Kerstiens, 1996; Riederer and Schreiber, 2001; Jeffree, 2006),
suggesting that wax composition controls the rate of mass transfer across the cuticle (Goodwin
and Jenks, 2005, Martin and Rose, 2014). From Chapter 4, the diffusion of water across the cuticle
was found to be dependent on the anisotropy of the waxes (Fig. 4.14a). As crystallinity of waxes
is a function of the distribution of individual wax compounds, it is likely that the plant cuticle
composition is adapted to the environment. While plants have evolved to exist in varying terrestrial
conditions, abiotic stresses such as temperature (Baker, 1974), humidity (Koch et al., 2006), UV
irradiation (Barnes et al., 1996), soil salinity (Kosma et al., 2009) and drought (Huihui et al., 2017)
have been linked to changes in cuticle morphology, deposition, and permeability. Thus, wax
biosynthetic pathways are regulated by environmental conditions, which can result in differences
in wax composition and morphology (Shepard and Griffiths, 2006).

In addition to the variability in environmental conditions that arise naturally, there is
potential for anthropogenic climate change to greatly impact cuticle biosynthesis. While there are
no studies linking climate change to changes in cuticle development, elevated atmospheric carbon
levels have been linked to increases in leaf thickness and area (Kovenock and Swann, 2018).
Changes in leaf architecture likely induce changes in cuticle coverage and composition due to

decreased productivity, which can have significant impacts on the plant water balance and
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transpiration rate. While limiting water loss is the primary function of the cuticle, our discussion
in previous chapters have linked the importance of cuticle composition and the efficacy of volatile
emissions. Like water, the relative mixture of volatile scent compounds emitted is affected by the
crystallinity of the cuticle. Enhanced plant VOC emissions have also been linked to climate change
(Zhao et al., 2016), where the increased emissions can form secondary organic aerosols (SOA)
that can influence cloud formation and local climate. These effects are rapid and can impact the
development of cuticles. Thus, an understanding of the cuticle permeability as it relates to
composition (and its regulation), is of vital importance for the viability of natural ecosystems as
well as for the breeding of crops for improved environmental tolerance and performance under

stress.

5.2.2 Thermotropic phase behavior of cuticles

From the previous chapter, the effect of crystalline size and quantity on the diffusivity of
volatile scent compounds was analyzed in detail. The physical state of an mixture is a function of
both the composition and physical variables such as temperature and pressure, and analysis of the
state is best understood by the construction of phase diagrams. While phase diagrams for complex
mixtures such as the real cuticles of plants are impossible to obtain due to the excess degrees of
freedom that are to be resolved, the model cuticle studied in the previous chapters is well suited
for physical state analysis. In this present work, we examine phase diagrams constructed for the
model cuticle system defined in Chapter 3.

Based on X-ray diffraction (XRD) patterns of various wax mixtures in the ternary system,
the polymorphism of linear long-chain hydrocarbons favors orthorhombic crystalline symmetry.
However, at wax mixtures with high quantities of the amorphous 3-methylbutyl dodecanoate
(C17H3402) exhibited hexagonal packing symmetry. For long chain primary alcohols, the
hexagonal phase has been reported to be a temporary transition state (Watanabe, 1961), with
increased rotational freedom about the long axis (McClure, 1968). The transition into the rotator
phase results in a softer, more fluidic wax film, and likely enhances the permeability of solutes
across the cuticle. Individual crystalline phases are readily measured by XRD or IR spectroscopy,
however identification of the phase transition requires temperature-dependent measurements of
crystallinity. Calorimetry is a viable method for measuring the wax orthorhombic to hexagonal
phase transition temperature (Carreto et al., 2002; Reynhardt and Riederer, 1991). Polymorphism
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of solids can be readily studied using differential scanning calorimetry (DSC). Calorimetric
techniques can be used to obtain melting and glass transition temperatures of samples of both
biological (lipids, polysaccharides, etc.) and synthetic (polymers, waxes, etc.) samples. DSC is
used to measure heat flow to and from a sample compared to a reference pan, upon a heating or
cooling cycle. Endothermic and exothermic effects are recorded to quantify temperature and
enthalpies of transition, in addition to the specific heat capacity. Determination of parameters in a
series of mixtures facilitates the construction of binary (T-x) or ternary phase diagrams.
Assessment of the model cuticle aliphatic crystallinity by XRD revealed that large
compositional perturbations were needed to impact the anisotropy of the system. However,
missing from that analysis was the transition states and how they may change at varying chemical
composition. Differing mixtures can result in drastic shifts in melting and glass transition
temperatures in wax blends (Fagerstrom et al., 2014), and thus we use DSC to assess the
orthorhombic-hexagonal phase transition. Using the same atomistic simulation methodology from

Chapter 4, we evaluate the effect of thermal transitions on molecular diffusion.

5.2.3 Motivations and objectives

While we have established a relationship between the crystallinity of waxes and the diffusion
of volatile scent and water molecules, the effect of wax phase transitions was not characterized. In
particular, the phase transition between mixtures of n-tetracosane (C2sHso) and 1-docosanol
(C22H4s50H) is of interest due to the significant differences in simulated diffusion coefficients.
While both compounds exhibit ~100% crystallinity at purity, VOC diffusion coefficients in pure
1-docosanol were 3-6 fold lower at 298 K compared to that of pure n-tetracosane. Thus, the
abundance of crystalline unit cells does not solely contribute to diffusivity across the cuticle.
Analysis of the wax phase transitions will provide further insight into the physical state of a given
wax mixture.

In this chapter, binary and ternary phase diagrams are constructed for the model cuticle
system analyzed previously. As temperature is a significant factor affecting the permeability of the
cuticle with relation to water loss (Schonherr et al., 1979), we use molecular dynamics simulations
to assess the effect of temperature on the diffusion coefficients of VOCs and water. Understanding
how environmental factors such as temperature can affect the permeability and phase state of the
cuticle is crucial for assessing the plants viability.
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5.3 Materials and methods

5.3.1 Plant materials and growth conditions

Detailed in Section 3.2.1.1 — Plant materials and growth conditions.

5.3.2 Chemicals

Wax compounds used were the same as used in Section 3.4.1.1 - Chemicals. Wax mixtures were

prepared in the same composition as those listed in Table 3.4.

5.3.3 Sample preparation

Model wax compounds were solubilized in chloroform (< 2 mg/ml). To prepare the wax
mixtures, solubilized waxes were added to glass scintillation vials in measured quantities. Solvent
was evaporated under a gentle stream of N2 and dried wax mixtures were left to dry overnight in

the fume hood.

5.3.4 DSC measurements

DSC measurements were carried out on a TA Instruments TA Q-20 Differential Scanning
Calorimeter (New Castle DE, USA) in the POWER Laboratory (Davidson School of Chemical
Engineering, Purdue University, West Lafayette IN, USA). The instrument was calibrated for heat
flow and temperature using 10 mg of indium (melting point, Tm = 156.6°C, AH = 28.45 J g™}).
Samples were weighed (2-10 mg) into Tzero hermetic aluminum pans, with an empty sealed pan
used as the reference. Dry N2 gas (50 ml min™!) was used to purge the furnace chamber. Each
sample was first heated to 165°C at a ramp of 5°C/min and held at 165°C for 10 mins. Samples
were then cooled to -40°C at a ramp of 5°C/min and held for another 10 mins, concluding the first
cycle. A total of five heating and cooling cycles were used to negate variance that arises from

hysteresis.
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5.3.5 Simulation details

The molecular dynamics (MD) method is described in detail in Chapter 4, with simulation
details provided in Section 4.2.1.1 — Simulation details. A sample LAMMPS script is included in

Appendix C. Simulations were performed under NPT conditions at 1 bar and between 278-318 K.

5.4 Results and discussion

5.4.1 DSC measurements of reconstituted petunia cuticles

The petal adaxial cuticular waxes from day 2 post-anthesis Petunia hybrida flowers were
isolated using solvent-extraction and evaluated using DSC (Fig. 5.1a). Extracted petunia waxes
show a broad pronounced transition peak with phase transition occurring at 28.2°C. The total
transition covers a range between 27.9 to 47.5°C. Over the temperature range analyzed, no other
endothermic peaks were observed despite the significant distribution of wax compounds identified
by GC-MS. At 25°C, petunia waxes were found to predominantly exhibit hexagonal rotator phase
(Fig. 3.5), which is generally considered a metastable phase for waxes (Watanabe, 1961; Ensikat
et al., 2006). As no phase transitions are observed below 25°C for the petal waxes, it is likely that
the hexagonal symmetry is the primary stable phase. At temperatures above 48°C, petal waxes
exist as an isotropic liquid. This relatively low melting point is consistent for a wax that has a

significantly high amorphous content.
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Fig. 5.1 — Thermograms for (a) two-day post-anthesis Petunia hybrida flower petal waxes and (b)
1-docosanol obtained at a scan rate of 5°C min. DSC thermograms depict heating and cooling
cycles to obtain melting and crystallization behavior, respectively. Tm, Tc, and Tt correspond to
melting, crystallization, and transition temperatures, respectively (identified at peak apex).

In contrast, the thermogram for 1-docosanol (C22H4sOH) exhibits a narrow peak centered
at 73.6°C with a melting completion temperature at 79°C (Fig. 5.1b). The exothermic curve
demonstrates two distinct peaks for the crystallization temperature of 63.4°C and transition
temperature of 60.1°C. Therefore, there exists a metastable hexagonal rotator phase between 63-
74°C for 1-docosanol. At temperatures below the transition temperature, 1-docosanol exhibits
orthorhombic symmetry. In general, long-chain hydrocarbons are known to freeze from an
isotropic liquid phase to a solid phase at a characteristic crystallization temperature Tc. This
resulting solid phase is typically hexagonal packing symmetry (McClure, 1968). In the case of
many wax compounds, such as primary alcohols and acids, the hexagonal phase is only metastable,
and will undergo a solid to solid transition into orthorhombic crystals, which lack rotational
freedom about their long c-axis (Reynhardt and Riederer, 1994). This solid to solid phase transition

is well characterized in primary alcohols (Watanabe, 1964; Pradhan et al., 1970; Kuchhal et al.,
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1979). Comparing the petunia cuticular waxes to 1-docosanol, the most abundant wax constituent
in petunia petal waxes, reveals that the distribution of wax compounds not only reduces the overall
crystallinity of the wax, but also depreciates the phase transition substantially. Given that the phase
transition range of epicuticular waxes begins at 28°C, natural thermal variations arising from

weather patterns can lead to changes in the cuticle permeability.

5.4.2 Binary (C24Hso + C22H4s0H) phase diagram

Both n-tetracosane (C24Hs0) and 1-docosanol (C22Hss0OH) exhibit high crystallinity (>90%)
at 25°C as measured by XRD (Fig. 3.10a and b), however, diffusion of volatile and water
molecules was 3-6 fold lower in pure 1-docosanol compared to pure n-tetracosane (Fig. 4.12a).
The differences were primarily attributed to changes in crystal morphology between the two
compounds, where 1-docosanol chains were found to pack closer together and possess increased
nematic layering because of hydrogen bonding between polar head groups. However, the
differences in unit cell gap spacing were slight (< 0.5 A), and may not fully resolve the differences
in measured diffusion coefficients by MD simulation. Instead, we can characterize the thermal
phase behavior to identify changes in phase transition that occur as a result of compositional
changes.

The thermal phase behavior of C24Hso and C22HssOH was investigated by DSC analysis of
binary mixtures (Fig. 5.2). As is the case for the pure wax components, the completion of melting
was observed to be greater than that of the crystallization temperature, suggesting that binary
mixtures undergo the metastable solid-solid phase transition. Mixtures with compositions close to
purity exhibit a single endothermic peak similar to that of the pure compound. However, for most
compositions, phase transition was completed with two endothermic transitions occurring at
varying temperatures. The lack of overlap between the two peaks suggests a heterogenous solid

phase, where the alcohol and n-alkane form independent crystals.
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Fig. 5.2 — DSC heating scans for binary mixtures of C24Hsg and C22H4s0H obtained at a scanning
rate of 5°C mint. Numbers correspond to the weight fraction of C22H4sOH in the sample.

The onset of melting and melting completion temperatures from the heating thermogram
was used to construct the binary phase diagram (Fig. 5.3). The upper curve corresponds to the
liquidus line, above which the wax mixture is completely an isotropic liquid. A potential eutectic
point exists between 67.5-82.5 weight % of C22H4sOH. Between weight fractions of 0-75 wt. %
C22H450H, the mixture remains solid below ~50°C. Below this solidus line, the two components
are present as separate crystalline phases, with n-tetracosane exhibiting triclinic rotator phase and
1-docosanol exhibiting orthorhombic symmetry. Between the solidus and liquidus lines exists a
regime where the two components exhibit phase transitions. At high temperatures, n-alkanes
(particularly even numbered alkanes) are known to transition from their low temperature triclinic
phase into the high-temperature hexagonal rotator phase (Chazhengina et al., 2003). In the
transition phase of binary mixtures of long chain alcohols and alkanes, there may exist eutectic

points where all phases occur equally. Fagerstrém et al. (2013) observed a eutectic point for a
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binary phase diagram of dotriacontane (Cs2Hes) and 1-docosanol (C22HssOH) at 40% 1-docosanol
by weight. Conversely, in a phase diagram of 1-tetradecanol (C2sH200H) and 1-octadecanol
(C18H390H) there was no observed eutectic transition between the solidus and liquidus phase
transitions (Carreto et al., 2002). In this intermediate regime of the phase diagram, no eutectic
transition is observed, which may be due to insufficient sampling along the composition axis. Thus,
the two components exist as independent solid crystals with some mixing in the liquid phase. Only
at weight fractions greater than 75% does the onset of melting significantly shift towards the
melting temperature of 1-docosanol. Thus, it is readily evident how changes in wax composition

can result in notable shifts in phase behavior.
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Fig. 5.3 — Phase diagram obtained for the C2sHso + C22H4s0OH binary wax mixture. Points are
experimentally obtained from the onset of melting (circles) and melting completion temperatures
(triangles) observed from endothermic heating thermograms. Dashed lines indicate the solidus
(bottom) and liquidus (top) transitions. I.L. —isotropic liquid; O — orthorhombic crystalline phase;
H — hexagonal crystalline rotator phase; Trui — triclinic crystalline rotator phase.

While the anisotropy of the waxes was found to significantly impede diffusion through the
cuticle, the extent to which individual crystalline phases was not thoroughly examined. As
observed from the thermograms of petunia petal waxes, naturally occurring thermal shifts may
result in changes in solid phase behavior. While binary mixtures of n-tetracosane and 1-docosanol
exhibit a high degree of crystallinity (> 90% relative crystallinity), the phase behavior can shift

with changes in their relative proportions. Between pure n-tetracosane and 1-docosanol, the
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melting temperature can shift from 54 to 74°C. While outdoor temperatures do not reach this range,
melting and crystallization temperatures are indicative of the physical state of a mixture at any
given temperature. In Chapter 4, diffusion coefficients were calculated at 25°C for multiple wax
mixtures, including binary compositions of n-tetracosane and 1-docosanol. When observing the
diffusivity of VOCs in binary wax mixtures with respect to melting temperature Tn, it is evident
that the physical state can affect diffusion well below the actual phase transition point (Fig. 5.4).
Lower molecular weight VOCs (benzaldehyde, 2-phenylethanol, methylbenzoate) can experience
up to 4-fold greater diffusion in waxes with lower melting temperatures. Even though binary
mixtures of C2sHso and C22H4s0H exhibit a high degree of aliphatic crystallinity at 25°C, the state
of the wax crystals can differ based on their intermolecular vibrations. This trend was not observed
for water molecules, which were insensitive to changes in wax melting temperature. Water
diffusion is thus more likely dependent on the absolute crystallinity and hydrophobicity of the

cuticle, rather than the vibrational motions of the wax.
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Fig. 5.4 — Diffusivity of compounds with respect to melting temperature Tm. Diffusion coefficients
are obtained from molecular dynamics NPT simulations of VOCs and water in binary mixtures of
Ca4Hso and C22H4s0H at 298 K and 1 bar.
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5.43 Ternary (C2aHso + C22Has0H + C17H3402) phase diagrams

While shifts in phase behavior were readily observed in binary wax mixtures, discerning
the phase transitions in more complex systems is more conducive towards understanding the
physical state of plant cuticles. Heating thermograms of pure components typically exhibit a single
endothermic peak corresponding to the solid-liquid phase transition. However, heating binary
mixtures can exhibit two endothermic peaks, corresponding to the melting of the individual
components, and the position of these peaks can shift based on the thermodynamics of mixing. In
Chapter 3, statistical analysis of infrared spectral data was used to predict a ternary wax mixture
representing the physical characteristics of petunia petal cuticles. Shifts in phase behavior are
apparent from the heating thermogram of the model cuticle (Fig. 5.5). The amorphous wax
component 3-methylbutyl dodecanoate (C17H3402) is a liquid well below room temperature, and
the first endothermic peak is observed at -15.1°C. The peak associated with the phase transition of
C24Hso shifts from 53.4 to 47°C, indicative of how the solid phase can be readily affected by
compositional changes.
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Fig. 5.5 — Heating thermogram of the model cuticle of composition 26.8, 51.7, 21.4% C24Hsqo,
C22H450H, Ci17H3402 obtained at a scanning rate of 5°C min™. Thermograms for Cz4Hso and
C22H4s0H are provided as reference.

DSC measurements were conducted for multiple ternary mixtures of the model system to
obtain transition shifts, crystallization, and melting temperatures. The thermal behavior of the
ternary system (T-xyz) demonstrates how the physical phase behavior shifts with composition (Fig.
5.6). Waxes enriched with C17H340> have a significant portion of waxes that are liquid below room
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temperature (Fig. 5.6a), which in turn lowers the solid-solid transition state (Fig. 5.6b). While most
of the waxes found in this mixture still exhibit crystallinity, the transition between
orthorhombic/triclinic (RI rotator phase) to the hexagonal (RII rotator phase) results in crystals of
greater flexibility and rotational degree of freedom. The high melting point of C22H4sOH can
measurably increase the liquid transition state for wax mixtures, even at relatively low abundance
(Fig. 5.6¢). Based on the thermal transitions, schematic ternary phase diagrams were produced

based on the measurements of transition, crystallization, and melting temperatures (Fig. 5.7).
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Fig. 5.6 — Ternary thermal phase contour plots for the C24Hs0 + C22H4s0H + C17H3402 wax system.
(a) Onset of melting temperature obtained from heating thermograms of ternary wax mixtures. (b)
The transition temperature obtained from cooling thermograms of ternary wax mixtures. RI -
primary low temperature solid crystalline phase, RIl — metastable high temperature hexagonal
rotator phase. (¢) Completion of melting temperature obtained from heating thermograms of
ternary wax mixtures.
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Fig. 5.7 — Schematic ternary phase diagrams for the C24Hso + C22Has0H + C17H3402 wax system
at (a) <30°C, the lower-bound solidus line, (b) at ~56°C, the approximate phase transition
temperature between RI—-RII crystalline rotator phase, and (c) > 65°C, the temperature where
C24Hs0 has completed melting in mixtures.
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As observed from the melting behavior of ternary phase waxes, the change in phase
(RI—>RII) transition is dependent on composition (Fig. 5.6b). While waxes may be highly
crystalline under ambient conditions, some compositions of waxes may be more sensitive to
fluctuations in temperatures more than others. Indeed, waxes enriched with C17Hz40> are found to
experience melting with lesser changes in temperature (Fig. 5.6¢). It becomes crucial to study the
mixing properties of wax compounds in cuticles to determine how thermal fluctuations can effect

the fluidity of the cuticle.

5.4.4 Thermal effects on cuticle structure and diffusion

To test the effect of temperature on the diffusion coefficients of compounds in the model
cuticle, NPT molecular dynamics simulations were performed between 5-45°C, a range of
temperature that is reflective of global climate patterns. The model cuticle does not experience
complete melting below 47°C (Fig. 5.5), thus, the physical state of the wax is mostly solid in this
range of temperatures. As expected from the measurement of thermal transitions using DSC, the
simulated XRD spectra of the model system exhibits orthorhombic symmetry between 5-45°C
(Fig. 5.8a). However, at the highest temperature there is some observed decrease in the (001)-peaks
at low diffraction angles, suggesting some decrease in the crystalline layer order. Additionally,
there is a shift in the (110)-peaks between samples, indicating increases in the gap width between
crystalline unit cells. Indeed, with respect to temperature, the maximal d-spacing was found to
increase linearly (Fig. 5.8b). The distinct layer order is readily observed for waxes at low
temperature (Fig. 5.9a). As temperature increases, wax compounds deviate from linear ordering,
which can result in decreased anisotropy. Bends in the methylene chains also result in shifts in the

gap spacing, as was observed in the simulated XRD patterns (Fig. 5.9b).
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Fig. 5.8 — Crystallinity of the model cuticle with respect to temperature. (a) Simulated XRD spectra
for the model cuticle obtained after 10 ns of equilibration at NPT conditions at 278, 298 and 318
K. Inset plots show the series of (00l)-peaks and (hkO)-peaks at low and high diffraction angles,
respectively. (b) Maximum d-spacing between crystalline unit cells as a function of temperature.
Spacing is obtained directly from (110)-peaks from simulated XRD spectra for simulated wax
structures at respective temperatures.
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Fig. 5.9 — Structures of the model cuticle after 10 ns NPT equilibration at 278, 298, and 318 K. (a)
Orthographic side view of the cuticle. (b) Orthographic top view of the cuticle.

Despite the observed change in unit cell layer order and spacing, measurement of the time-
averaged carbon-carbon pair distribution function did not display any major changes in the wax

chain elongation (Fig. 5.10). The broad peak centered at a separation of 5.0 A corresponding to
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successive trans-trans dihedrals did not decrease significantly between 278-318 K, indicative of
an elongated structure. Despite any shifts in lattice symmetry, the structure of the wax remains

orthorhombic with a long length axis.
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Fig. 5.10 — Radial distribution functions for carbon-carbon pairs (gc-c) obtained for the model
cuticle after NPT equilibration at 278, 298, and 318 K.

Over the MD simulations for the model cuticle, the displacement of volatile scent and water
molecules was observed at various temperatures (Fig. 5.11). The distance walked by compounds
was greater at higher temperatures. At 298 K and lower, the displacement of compounds was
subdued, primarily due to the anisotropy of the waxes. However, at 318 K, the displacement
drastically increased despite the significant crystallinity still observed during the simulation.
Increase in diffusion may be attributed to the enhanced motion of the individual compounds due
to the increase in system kinetic energy, however, the methylene chains themselves are likely

vibrating with greater frequency to increase the voids for which compounds can explore.
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Fig. 5.11 — Diffusive walks for benzaldehyde in the model cuticle at 278, 298, and 318 K.
Displacement is shown in color from 1:0.2:10 ns.
The diffusion coefficients for all compounds are temperature-dependent based on the

Arrhenius equation:

—E
D = D, exp (_RTa) (1)

Where E, is the activation energy, R is the universal gas constant, T is the temperature,
and D, is the temperature-dependent pre-exponential term with the units of diffusivity. Between
278 to 318 K, diffusion coefficients increased between 4 to 33-fold, indicating that VOC emissions
are temperature-dependent. Linearizing equation 5.1 allows for the determination of the activation
energy (Fig. 5.12). From the Arrhenius plots for all compounds, activation energy was found to
vary between 21-73 kJ mol . While activation energy values are unmeasured for the petunia VOCs,
water temperature-dependent permeance has been measured in isolated cuticles. Riederer (2006)
measured water permeance in isolated leaf cuticles from 14 plant species between 10-35°C and
obtained values for E, ranging between 15.2-52.5 kJ mol™. Between 35-55°C, the range in values
for E,, increased to 52.2-117.3 kJ mol™. Similarly, Schonherr (1979) measured water permeance

in Citrus auratium L. leaf cuticles between 5-35°C and obtained E, values ranging from 36-65 kJ
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mol . Measured activation energy from MD simulations thus falls within a reasonable range for
temperature dependent diffusivity obtained experimentally. Overall, activation energy values were
similar for VOCs and water, indicating that changes in temperature will produce similar changes
in molecular diffusion. Fluctuations in environmental conditions will result in changes in cuticle
phase behavior, crystallinity, and permeability. Characterizing the effect of composition and state

on the wax physical properties is of great significance for understanding the adaptive role of the
cuticle.
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Fig. 5.12 — Arrhenius plots for overall diffusion coefficient in the model cuticle obtained between
5-45°C. Diffusion coefficients were obtained from the mean-square displacements from 10 ns NPT
simulations.

5.5 Conclusions

Petunia petal cuticles were found to exhibit a relatively low melting point, which can

experience changes in fluidity and variation in its mosaic structure with changes in ambient

173



conditions. While petal cuticles are highly distributed in chemical composition, the wax
components comprising the model system demonstrates significant phase immiscibility. This
contributes to temperature ranges where solid-solid phase transitions can occur. While the
individual wax components form their own crystalline units, mixing wax components can lead to
shifts in phase transitions. Phase diagrams present a reliable way to observe these thermal
transitions, but are impossible to construct for real cuticles. Using model wax constituents to
replicate the physical state of plant cuticles provides an alternative towards establishing a
relationship between composition and phase.

Over the last three chapters, we have exhaustively examined the composition, crystallinity,
and phase behavior of petunia petal cuticles and a representative model system. Based on the
results for a relatively simple ternary system, it appears that aliphatic wax compounds possess
complex mixing characteristics. For extremely complex wax mixtures present in the epicuticles of
plants, phase immiscibility likely dominates the physical state. While individual components can
have high melting points well above that of temperatures a plant cuticle will be exposed to,
increasing amounts of fluidic waxes at ambient temperatures can result in shifts in phase transitions.
Cuticles from Citrus auratium L. leaves (Reynhardt and Riederer, 1991) and Hordeum vulgare L.
leaves (Schreiber et al., 2007) were found to have waxes with coexisting crystalline and fluid
phases at ambient temperatures. Daily and seasonal weather variations thus likely affect the phase
properties of the cuticle, which in turn can influence the permeance across the waxes.Varying
temperature demonstrate a significant increase in the diffusivity of VOCs and water through the
model wax, attributed in part to changes in cuticle crystalline lattice symmetry and increased
methylene chain vibrations. To what extent plants have adapted their cuticle phase properties to
their environment is unknown, and whether plants can adapt to rapidly shifting ecosystems and
atmospheric conditions are yet to be determined.
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CHAPTER 6. CUTICLE THICKNESS AFFECTS DYNAMICS OF
VOLATILE EMISSION FROM PETUNIA FLOWERS INTO THE
ATMOSPHERE

6.1 Abstract

The plant cuticle is the final barrier for volatile organic compounds (VOCs) to cross for
release to the atmosphere, yet its role in the emission process is poorly understood. Here, using a
combination of reverse-genetic and chemical approaches, we demonstrate that the cuticle not only
imposes significant resistance to VOC mass transfer, but also serves as a sink for VOCs that
protects cells from toxic effects of these hydrophobic compounds. Reduction in cuticle thickness
has differential effects on individual VOCs depending on their volatility, and leads to their
intracellular redistribution, a shift in mass transfer resistance sources and altered VOC synthesis.
These results reveal that the cuticle is not simply a passive diffusion barrier for VOCs to cross but
plays a more complex role in the emission process than previously anticipated as an integral

member of the overall VOC biosynthetic network.

6.2 Introduction

6.2.1 Genetics of cuticle permeability

In Chapters 3-5, we investigated the effect of wax composition on cuticle crystallinity,
phase behavior and diffusion using a model ternary system and found that variation in composition
can significantly affect the cuticles physical and transport properties. Based on the Gibbs phase
rule, a ternary system with two physical states (liquid and solid) has three degrees of freedom, two
being the number of components and one being a state property such as temperature. Over the
previous chapters, the composition and temperature were varied to thoroughly investigate volatile
organic compound (VOC) diffusion through the cuticle as it pertains the chemical composition.
However, cuticles covering the plant epidermis are multicomponent mixtures, with wax
components of varying chain-length, functional groups, and branching. Manipulation of only one
component in a highly distributed mixture will likely not produce a change that is easily measured
by characterization tools such as microscopy, spectroscopy, or X-ray diffraction. Additionally,

much of the genetic regulation for the biosynthesis of cuticle components still remains unknown
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(Yeats and Rose, 2013), making rational metabolic engineering to induce specific cuticle
phenotypes a challenge. However, use of chromosome/primer walking and T-DNA tagging have
been used to elucidate gene sequences from plant cuticle mutants and identify many of the
biochemical mechanisms governing cuticle development (Goodwin and Jenks, 2005). Using
Arabidopsis thaliana as a model system for the study of wax and cutin biosynthesis, major progress
has been made in deciphering the genetics of plant cuticle mutants (Kunst and Samuels, 2009).
Genes relating to different mechanisms such as wax export by ABCG11/12 (Pighin et al., 2004),
fatty acid oxidation by ATT1 (Xiao et al, 2004), cuticle development by BDG (Kurdyukov et al.,
2006), alkane synthesis by CER1 (Bourdenx et al., 2011), VLCFA synthesis by CUT1 (Millar et
al, 1999), transcriptional control by SHN3 (Aharoni et al., 2004) and wax synthesis by WAX2
(Chen et al., 2003) have been characterized in Arabidopsis.

However, little is known about the proteins that are encoded for by their respective genes
or how genetic perturbations affect the cuticle biosynthetic network. As a result, genetic
manipulations of plant cuticles often result in phenotypes that are not readily explained by the
employed metabolic engineering strategy (Goodwin and Jenks, 2005).

Several studies were conducted to identify how permeability is influenced by changes in
the cuticle physicochemical properties. Most studies have investigated permeability of solutes in
the isolated cuticles of different plant species and found that factors such as the solute, system
temperature, and species of origin significantly impact diffusion (Schonherr, 1976; Schonherr et
al., 1984; Riederer and Schreiber, 2001). An advantage to this approach is the sampling of diverse
cuticle compositions allowing for measurable changes in permeability. However, with large
differences in the distribution of cuticle components across plant species, determining which wax
constituents specifically affect the permeability become difficult to discriminate. Genetic
manipulations of cuticles presents an alternative strategy; perturbations of a single gene can be
induced to observe the effect on cuticle structure and permeability. Sadler et al. (2016) performed
radiolabeled water transport assays in the isolated cuticles of six Arabidopsis mutants and found
that permeability either stayed the same or increased in the mutants relative to the wild-type control.
While the study analyzed the chemical composition of the cuticle mutants, no phase or physical
characterization was performed, preventing one from conclusively stating which compositional

features contribute to the changes in cuticle structural and transport properties.
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The majority of studies on cuticle permeability focused on water loss and transpiration, or
the delivery of active ingredients. The effect of the cuticle on VOC emissions is significantly less
studied in the literature. Plants lacking stomata or trichomes must release VOCs through the cuticle
(Effmert et al., 2006). While we have investigated the effect of VOC diffusion in reconstituted
cuticles (Chapter 3) and in silico (Chapter 4), these measurements cannot be used to explain any
regulatory effect the cuticle plays in the VOC emission network. As mentioned earlier, the role of
plant cuticles on VOC emissions has not been experimentally determined in the literature.
Numerical models fit to measured emission rates have predicted that diffusion through the cuticle
is transport rate-limiting (Niinemets and Reichstein, 2002; Niinemets et al., 2014, Widhalm et al.,
2015). On the other hand, analysis of methylbenzoate emissions, internal pools, and cuticle
development in snapdragon flowers indicated that the emission rates of methylbenzoate are
independent of the cuticle thickness, with the cuticle imparting negligible resistance towards
emission (Goodwin et al., 2003). Thus, the question into the role of the cuticle in the VOC emission
network remains unresolved. To address this, we will genetically modify Petunia hybrida flowers
by targeting previously characterized cuticle genes and measure the effect on cuticle composition
and VOC emissions in the resultant transformed lines.

6.2.2 Motivations and objectives

VOCs must be emitted from epidermal cells to fulfill functions important to plant
reproduction, defense, and fitness. However, the presence of the transport-limiting cuticle is
seemingly at odds with the function of VOCs, giving rise into the function of the cuticle with
respect to the VOC emission network. Floral cuticles may provide an auxiliary level of regulation
over VOC emissions, however, this has yet to be observed in the existing literature. We therefore
will use genetic engineering strategies to modify the cuticles of Petunia hybrida flowers to observe

the effect on the dynamics, amount, and distribution of volatile emissions.

6.3 Materials and methods

6.3.1 Plant materials and growth conditions

Wild-type and transgenic Petunia hybrida cv. Mitchell diploid (W115; Ball Seed Co., West

Chicago, IL) were grown under standard greenhouse conditions with a light period from 6:00 h to
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21:00 h. Both PhABCG11-RNAIi and PhABCG12-RNAI constructs were synthesized by Genscript
(Piscataway, NJ). The PhABCG11-RNAI construct contained two spliced PhABCG11 cDNA
fragments corresponding to nucleotides 1234-1733 (in sense orientation) and 1234-1533 (in
antisense orientation to form a hairpin structure), while PhRABCG12-RNAI construct included two
spliced PhABCG12 cDNA fragments corresponding to nucleotides 225-724 (in sense orientation)
and 225-524 (in antisense orientation), and both constructs were synthesized with flanking AttL1
and AttL2 sequences. Both the PhABCG11 and PhABCG12 constructs were verified to target only
the desired genes using the Sol Genomics Network VIGS Tool (http://vigs.solgenomics.net/). Each
of the synthetic RNAI fragments was placed under the control of the petal development-specific
MYB1 promoter from Japanese morning glory (Ipomoea nil) (pDONRG-P4PIR-InNMYB1pro
vector, a kind gift courtesy of Dr. Y. Oshima) (Azuma et al., 2016) in the binary destination vector
R4pGWB5_stop_ HSP*! using the MultiSite Gateway Three-Fragment Vector Construction Kit
(Invitrogen, Carlsbad, CA). Transgenic P. hybrida plants were obtained via Argobacterium
tumefaciens (strain GV3101 18 carrying the final PhABCG11-RNAi or PhABCG12-RNAI

constructs) leaf disc transformation using a standard transformation protocol (Horsch et al., 1985).

6.3.2 Cuticular wax extraction and analysis

Protocol is included in Section 3.2.1.2 — Wax extraction and GC-MS analysis.

6.3.3 RNA extraction and qRT-PCR analysis

Sample collection, RNA extraction, and gRT-PCR was carried out as described previously
(Klempien et al., 2012) with minor modifications. Briefly, RNA was isolated from petals collected
at the indicated developmental stages and times of the day using the Spectrum Plant Total RNA
Kit (Sigma-Aldrich, St. Louis, MO, USA). Total RNA (2 pg) was treated by DNase | (Promega,
Madison, WI, USA) before reverse transcription to cDNA using a 5x All-In-One RT MasterMix
(Applied Biological Materials, Richmond, BC, Canada). Changes in PhABCG11 and PhABCG12
expression during flower development were analyzed by gqRT-PCR using elongation factor 1-a
(EF1-a) as a reference gene36,44. Relative quantification of PhABCG1, PhABCG11, PhABCG12,
PhDAHPS, PhEPSPS, PhCM1, PhCM2, and PhODOL1 transcripts were performed by gRT-PCR
relative to the reference gene PhUBQ10 (Adebesin et al., 2017; Qian et al., 2019). qRT-PCR data
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were analyzed according to the 2-22¢t method (Schmittgen and Livak,
gRT-PCR are listed in Table 6.1.

Table 6.1 — Primers used in this work

2008). Primers used for

Primer name Sequence Prupose
ABCGI1-RNAi-F S“TGTGCATCTTTCGTCTTTGGA-3' Cloning
ABCGI1-RNAI-R S“TGGGATGTCATTGGGGAGTC-3' Cloning
ABCGI2-RNAi-F S“TGGGAAGAAGAGGAGGTTGG-3' Cloning
ABCGI2-RNAiI-R  5-AGACGAGATAACCGTTCTTCCA-3' Cloning
PhABCG1 gRT F S“TGGCGGATTTTTTCGATTAC-3' qRT-PCR
PhABCGI1 gRT R 5“ACTCGTTCTTGAACATCCCTTCA-3' qRT-PCR
PhABCG11 gRTF  5-GACTCCCCAATGACATCCCA-3' qRT-PCR
PhABCGI11 gRTR  5-TGATATTGCCCCTGGAGTGC-3' qRT-PCR
PhABCGI2gRTF  5-TTTCCGTTTGCTGCCAGATC-3' qRT-PCR
PhABCGI2gRT R  5-TGTAAACCCCATGCCCCATA-3' qRT-PCR
PhCM1 gRT F S“CCTGCTGTTGAAGAGGCTATCA-3' qRT-PCR
PhCM1 gRT R 5“CAGGGTCACCTCCATTTTCTG-3' qRT-PCR
PhCM2 gRT F 5“TGCAACTACTGCTGCCTGTGAT-3' qRT-PCR
PhCM2 gRT R S“TCGTCAGAGCAATCCCTGAAT-3 qRT-PCR
DAHPS gRT F 5“CAAAGCTCCGTGTGGTCTTAAA-3 qRT-PCR
DAHPS gRT R S“TCCTGGGTGGCTTCCTTCTT-3" qRT-PCR
EPSPS gRT F 5“CACCCCACCGGAGAAACTAA-Y qRT-PCR
EPSPS gRT R 5“TGACGGGAACATCTGCACAA-3' qRT-PCR
ODO1-4 gRT F 5“CCACTCAAGAAAGAAGCAAATCTAAGT -3' gRT-PCR
ODO1-4 gRT R S“TGCCGCTGTGACATTTGTACTC-3' qRT-PCR
PhUBQ gRT F S“GTTAGATTGTCTGCTGTCGATGGT-3' qRT-PCR
PhUBQ gRT R 5“AGGAGCCAATTAAAGCACTTATCAA-3 qRT-PCR
PhEF1-a F 5“CCTGGTCAAATTGGAAACGG-3' qRT-PCR
PhEFl-a R 5“CAGATCGCCTGTCAATCTTGG-3' qRT-PCR
PhABCGI11 frag F  5-CTGCCTTTGTCGTGAGCAAC-3' Absolute
qRT-PCR
PhABCGI11 frag R 5-TCGCCAGGGATCTTTGGAAG-3' Absolute
qRT-PCR
PhABCGI12 frag F 5-AGAAAGGCTTAACGGGCACT-3 Absolute
qRT-PCR
PhABCGI12 frag R 5-ACAAAACAGATCACATGCAGCTT-3' Absolute
qRT-PCR
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6.3.4 Transmission electron microscopy

Small pieces (1 mm in diameter) of wild type and transgenic petals on day 2 postanthesis
were fixed in 2% paraformaldehyde and 2% glutaraldehyde in 0.1 M sodium cacodylate buffer.
After primary fixation, samples were rinsed and post-fixed in buffered 1% osmium tetroxide
containing 0.8% potassium ferricyanide. Subsequently, samples were dehydrated with a graded
series of ethanol, transferred into acetonitrile and embedded in EMbed-812 resin. Thin sections
(80 nm) were prepared on a Leica UC6 ultramicrotome and stained with 4% uranyl acetate and
lead citrate. Sections were imaged on a FEI Tecnai T12 electron microscope equipped with a
tungsten source and operating at 80 kV. Images were acquired in DM4 format on a Gatan Orius
SC200 camera and converted to obtain TIFF files. To analyze cuticle thickness in conical
epidermal cells from 20 transgenic and WT petals, cuticle thickness shown in TEM images was

measured by ImageJ software version 1.52a (Abramoff et al., 2004).

6.3.5 Cryo-scanning electron microscopy (cryo-SEM)

Wild-type and transgenic petals on day 2 postanthesis were mounted with OCT cryo-
sectioning media on a flat specimen holder and cryo fixed by immersion in a nitrogen slush using
a Gatan Alto 2500 Cryo-Preparation System (Gatan Inc. Pleasanton, CA). Samples were immersed
until liquid nitrogen boiling ceased, and then cryo transferred into the Gatan preparation chamber
set at -170°C. Samples were then immediately inserted into the SEM cryo stage set at -90°C to
sublimate surface frost and for initial viewing. Once frost free, samples were returned to the cryo-
preparation chamber, allowed to cool and halt sublimation before sputter coating with a platinum
target with 18 mA for 120 sec at -170°C. Final imaging was done at -140°C with an accelerating
voltage of 5 kV and spot size 3 on the Nova Nano 200 SEM (Hillsboro, OR).

6.3.6 Collection and analysis of plant volatiles

Floral volatiles were collected using headspace collections on columns containing 50 mg
Poropak Q (80-100 mesh) (Sigma-Aldrich) and analyzed by GC-MS as described previously

(Orlova et al., 2006; Adebesin et al., 2017). Briefly, emitted floral volatiles were collected from
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detached transgenic and control flowers on day 2 postanthesis from 6 PM to 10 PM. Subsequently,
~280 pL dichloromethane containing 52 nmol of internal standard (naphthalene) was used to elute
volatiles from collection columns for GC-MS analysis. Internal pools of volatiles from transgenic
and control tissues collected at 22:00 h on day 2 postanthesis were extracted according to 10 and
quantified by GC-MS as described previously (Orlova et al., 2006). Briefly, 0.5 g of petal tissue
was collected, ground to a fine powder in liquid nitrogen, and internal pools were extracted in 5
mL of dichloromethane containing 52 nmol of internal standard (naphthalene) for 12 h at 4°C with
shaking. Samples were concentrated to ~ 200 pL under a stream of nitrogen gas before analysis
by GC-MS.

6.3.7 Toluidine blue staining

Toluidine blue staining was performed following published protocol as follows (Tanaka et
al., 2004; Li-Beisson et al., 2009). Excised petals of petunia flowers on day 2 postanthesis collected
at 3 PM were submerged in 0.05% toluidine blue aqueous solution. Flowers were incubated for 2

or 4 h, as indicated, before imaging.

6.3.8 Water loss measurement

Water loss measurements were carried out according to (Zhang et al., 2005; Wang et al.,
2011) with some modifications. 2-day old petunia flowers (3 flowers per replicate) were detached
and left in ambient laboratory conditions. The fresh weight of the flowers was recorded at the

indicated times over 24 h to obtain total water loss rate.

6.3.9 Propidium iodide staining and confocal laser scanning microscopy

Petals of wild-type and PhABCG12-RNAI flowers collected at 3 PM on day 2 postanthesis
were stained in propidium iodide solution (10 pg/mL, Invitrogen, Carlsbad, CA) for 1 h with
shaking at room temperature. Confocal fluorescence microscopy was performed as described
previously (Yanagisawa et al., 2015; Adebesin et al., 2017) with minor modifications. Briefly,
propidium iodide-stained samples were excited with a 561-nm laser and images were recorded by
a 617/73 emission filter using a Zeiss LSM 880 Upright Confocal system and operated using Zeiss
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Efficient Navigation (ZEN)-Black Edition software (Zen 2.3 SP1, Carl Zeiss Inc., Oberkocken,

Germany).

6.3.10 Dewaxing of petunia petals

To determine the quantity of volatiles in petunia epicuticular waxes, petals on day 2
postanthesis were rapidly dipped in hexane (< 5 seconds) and then were lightly dried under the
fume hood to remove excess hexane. Care was taken to prevent full submersion of petals so that
only the adaxial surface of the flower touched the solvent. Hexane pools were independently
profiled for volatiles and wax quantity using GC-MS as described above, while dewaxed petals
were sampled for VOC internal pools and emissions as described above. Total cuticular volatile

fractions were determined according to the formula:

chex 1
CitOtal R (6.1)

Cuticular VOC fraction =

where C/*** is the volatile pool in the hexane fraction, Cf°! is the total volatile pool, and R is the

fraction of the total wax recovered during the dewaxing.

To test whether dewaxed flowers retained biosynthetic capability, dewaxed wild-type
petals were fed with 15 and 150 mM Phe and VOC internal pools and emission were subsequently
analyzed between 6 PM and 10 PM. In addition, PAL activity was measured in dewaxed and
nondewaxed wild-type petals on day 2 postanthesis as described previously (Kolosova et al., 20011
Maeda et al., 2010), except that assays were adapted to high-performance liquid chromatography
(HPLC) detection of cinnamic acid formation from L-Phe. In brief, 100 pl reaction mixture
containing protein samples from dewaxed and non-dewaxed petals (5-30 ug), 2 mM L-Phe, and
0.1 M sodium borate (pH 8.8) was incubated at room temperature for 1 h and then terminated by
adding 5 ul of 6 N HCI. After centrifugation, 10 pl of the supernatant was analyzed by HPLC
equipped with the Agilent Poroshell 120 EC-C18 column (3.0 x 150 mm x 2.7 um) held at 35°C
using an 8-min linear gradient of 5-70% acetonitrile in 0.1% formic acid at a flow rate of 0.4 mL
mint. Cinnamic acid was detected by UV absorbance (equation 6.1) at 270 nm and quantified

based on authentic standard. Control assays including (i) with all reaction components with boiled
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protein extracts; (ii) with all reaction components except protein extracts, and (iii) with all

components except for L-Phe, did not produce cinnamic acid.

6.3.11 Metabolic flux analysis with 3Cs-phenlylanine labeling

Wild-type and PhABCG12-RNAI-9 petunia corollas excised from flowers 2 days postanthesis
were placed in a cut 1.7-ml eppendorf tube contain 300 pl solution of 150 mM ring-labeled **Ce-
Phe (Cambridge Isotope Laboratories, Andover, MA). Emitted and internal pools of volatiles were
collected between 6 PM -10 PM as described above at 30-, 60-, 120-, and 240-min time points
after beginning of feeding and analyzed by GC-MS. Labeled volatiles were identified by M+6 and
M+12 (for VOCs with two aromatic rings) shifts in m/z and labeling percentage was determined
based on the peak areas of labeled and unlabeled volatiles. Metabolic fluxes were calculated by
applying mass balances and in vivo metabolite labeling profiles as described previously (Boatright
et al., 2004). Emission fluxes and time-dependent accumulation of internal pools were estimated
using linear regression, with the variances of the estimated slopes calculated using the standard
linear regression procedure described previously (Press, 2007). As fluxes are a function of the
linear regression and other experimental measurements, flux variances are derived by considering

the propagation of errors based on the following equation:

n

Z le <axl> (6.2)

i=1

where y = f(xyq, ..., Xp)-

6.3.12 Benzaldehyde feeding

Wild-type petunia corollas on day 2 postanthesis were collected at 9 AM and fed with 0 and
15 mM of benzaldehyde for 6 h, as described previously (Adebesin et al., 2017). Mock and
benzaldehyde-fed petunia corollas were collected at 3 PM, ground to a fine powder in liquid
nitrogen, and used for subsequent RNA extraction, cDNA synthesis, and qRT-PCR analysis as

described above.
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6.3.13 Calculation of volatile emission factor

Biosynthetic and emission fluxes were estimated from dynamic sampling of volatile
internal pools and emissions from detached transgenic and control petunia flowers on day 2
postanthesis from 6 PM to 10 PM. Time-dependent accumulation of volatile internal pools and the
rate of emission were estimated using linear regression, with propagation of regression and
experimental errors calculated using equation 2. Biosynthetic flux was determined from the mass
balance for an individual volatile:

dc¢;

E = Vsyn,i — Vemi,i (6_3)

where vgyn; and veni; are the biosynthetic and emission fluxes of a volatile compound i,

respectively. The volatile emission factor (VEF) is the ration between the emission and
biosynthesis of a volatile compound:

Vsyni (6.4)

6.3.14 Measurement of flower fresh weight, corolla diameter and corolla fresh weight

Flower fresh weight and corolla diameter of wild type, empty vector control and 3
independent PhABCG12-RNAi lines (7, 8 and 9) were measured on 2-day-old detached flowers
collected at 6 PM. Corolla fresh weight of all the above lines was recorded at 10 PM for 2-day-old

detached flowers after scent collection.

6.3.15 High humidity experiment

To test whether the phenotypic changes in PnABCG12-RNAI lines were caused by water
stress, 2-month-old wild-type and 3 independent PhABCG12-RNA.i lines (7, 8 and 9) were moved
from standard greenhouse conditions with a normal humidity (< 50%) to a growth chamber with

a high relative humidity (75%) and allowed to acclimate for 1 week. Then, 2-day-old flowers were
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collected at 6 PM and flower fresh weight was recorded and compared to that of control 2-day-old

flowers growing in the standard greenhouse conditions with normal humidity.

6.4 Results and Discussion

6.4.1 Generation of petunia flowers with altered cuticles

Our mathematical modeling of VOC emission predicted that the cuticle is the barrier with
the highest resistance that VOCs have to cross to be emitted to the atmosphere (Widhalm et al.,
2015). However, the specific role of the cuticle in emission has not been directly experimentally
evaluated. To determine whether cuticle of petunia flowers retains VOCs, cuticular waxes were
extracted from flowers on day 2 postanthesis, the developmental stage with the highest VOC
emission (Colquhoun et al., 2010), by briefly submerging the petals in hexane, and analyzing
recovered VOCs by GC-MS. This analysis revealed that cuticle holds 53 + 4% of total VOC

internal pools in wild-type petunia flowers (Fig. 6.1a).
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Fig. 6.1 — VOC distribution within cell and effect of PRABCG12 down-regulation on total wax
amount and cuticle composition in petunia flowers. a, Cellular VOC distribution in 2-day-old wild-
type petunia flowers. Data are means + S.E. (n = 4 biological replicates). b, PhRABCG12 mRNA
levels determined by gRT-PCR in buds (3-4 cm) of wild type (WT), empty vector (EV) control
and seven independent PhABCG12-RNAI lines. Data are shown as a percentage of PhABCG12
expression in WT set as 100% and are presented as means + S.E. (n = 3 biological replicates). ***
P < 0.001 by Student’s t-test. ¢, Total wax levels in 2-day-old flowers of WT, EV control and the
three transgenic lines with greatest reduction in PRABCG12 expression (lines 7, 8 and 9). d, Wax
composition by major constituent classes: acids, primary alcohols, n-alkanes, and alkyl esters in
in 2-day-old flowers of WT, EV control and transgenic lines 7, 8, and 9. In ¢ and d, data are means
+ S.E. (n=5). * P <0.05; **, P <0.01; *** P <0.001 by Student’s t-test.

Previous studies have shown that cuticle formation can be altered via perturbing transport
of wax precursors, as they have to move from the site of their biosynthesis at the endoplasmic
reticulum across the plasma membrane and through cell wall to be deposited at the cell surface
(Javelle et al., 2010). Although some steps of this export process remain poorly understood, it is
well established that transport of cuticular wax monomers across the plasma membrane requires
ABC transporters (reviewed in Yeats and Rose (2013)). In Arabidopsis, loss-of-function mutants
of any of three closely related transporters, AtABCG11, AtABCG12, or AtABCG13, result in
cuticle-deficient phenotypes (Pighin et al., 2004; Bird et al., 2007; Luo et al., 2007; McFarlane et
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al., 2010; Panikashvili et al., 2010; Panikashvili et al., 2011). While investigating transport of
VOCs across the plasma membrane, we identified 17 ABCG transporters expressed in petunia
flowers, two of which formed a clade with the three aforementioned Arabidopsis wax transporters
(Adebesin et al., 2017). These two putative petunia wax transporters, Ph9795 and Ph13519 are
designated as PhABCG11 and PhABCG12, respectively, as they exhibit 78%/86% and 66%/80%
identity/similarity to the corresponding AtABCG11 and AtABCG12. Expression of PhABCG12
was 53% higher than PhRABCG11, and mRNA levels of both genes were developmentally regulated,
with highest expression occurring early in flower development, consistent with the timing of
cuticle formation in flowers (Fig. 6.2). Expression of both PhRABCG11 and PhABCG12 did not
follow the developmental profile of scent biosynthetic genes, which have the highest levels on day
2 postanthesis (Colquhoun et al., 2010; Adebesin et al., 2017), and were 12- and 20-fold lower,
respectively, than PhABCG1 VOC transporter at that developmental stage (Adebesin et al., 2017).
Taken together, these results suggested that these two genes are promising targets for experimental

perturbation of cuticle properties for subsequent analysis of the role of cuticle in VOC emission.
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Fig. 6.2 — Expression profiles of PhRABCG11 and PhABCG12 in wild-type petunia flowers. a,
Absolute mRNA levels of PhABCG11 and PhRABCG12 were analysed by qRT-PCR in corollas of
buds (3-4 cm) at 3:00 PM and are shown as pg/200 ng total RNA. Data are means = S.E. (n =4
biological replicates). ***, P < 0.005 by Student’s t-test. b, Developmental PhABCG11 expression
profile in corollas from day -2 (buds, 2 cm) through day 7 post-anthesis determined at 3 PM. c,
Developmental PhABCG12 expression profile in corollas from day -2 (buds, 2 cm) through day 7
post-anthesis determined at 3 PM. Transcripts levels in b and ¢ were determined by gRT-PCR and
presented relative to the day of highest expression, set as 100%. Data are means £ S.E. (n =3
biological replicates).
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Therefore, we attempted to downregulate expression of each gene using RNAI approach
under the control of the petal-specific MYB1 promoter from Japanese morning glory (Azumaet al.,
2016). No transgenic lines with PhABCG11 downregulation were recovered, consistent with
previous reports on the Arabidopsis atabcgll mutants, which exhibited very severe phenotypes
including dwarfism, gametophyte sterility, and organ fusion (reviewed in Do et al. (2018)).
However, seven transgenic lines with varying levels of PRABCG12 suppression were obtained,
and three lines, PhnABCG12- 7, -8 and -9, with the greatest reduction in transcript levels (68-79%)
were selected for further analysis (Fig. 6.1b). Quantification of cuticular wax accumulation in these
lines revealed that total wax loads were reduced by 35-55% relative to wild-type and empty vector
control (Fig. 6.1c), while the chemical composition and the ratios between wax constituents were
not significantly altered (Fig. 6.1d and Fig. 6.3). The flowers of transgenic plants displayed visible
changes relative to wild-type and empty vector control (Fig. 6.4a upper panel). They were smaller,
had less smooth flower surface, reduced flower fresh weight and more translucent petals (Fig. 6.4a
and Fig. 6.5). Several independent approaches were used to assess changes in the cuticle, including
transmission electron microscopy (TEM), cryo-scanning electron microscopy (cryo SEM), and
toluidine blue (TB) staining. Analysis of conical epidermal cells by TEM revealed a 22% reduction
in cuticle thickness in petals of PhABCG12-9, the line with greatest reduction in PhABCG12
expression, relative to wild type (Figs. 6.4b, c, and Fig. 6.6). As cuticular defects can be detected
by increased permeability to TB (Tanaka et al., 2004), staining was performed. Indeed, petals from
transgenic lines, but not wild-type or empty vector control, exhibited Class Il staining (Tanaka et
al., 2004) with TB after 4 h of incubation (Fig. 6.4a lower panel). Examination of flower petals by
cryo-SEM revealed that some epidermal cells lost their conical shape and became flattened (Fig.
6.7). This morphological change was not uniform across the petal surface but affected
approximately 23% of the petal area (Fig. 6.8) and may be a result of petal-to-petal fusion prior to
flower opening, in agreement with the established role of cuticle in preventing organ fusion during
development (Luo et al., 2007; Panikashvili et al., 2011). In general, the plant cuticle protects
organs/tissues from excessive water loss (Bernard and Joubes, 2013). Consistent with reduction in
cuticle thickness, transgenic PhABCG12 RNA. flowers lost water faster than control plants (Fig.
6.9). However, observed phenotypic changes (Fig. 6.4a and Fig. 6.5) were not entirely attributable
to enhanced water loss, as growth of transgenic plants in growth chamber with higher relative

humidity did not recover to the wild type phenotype (Fig. 6.10). Overall, these results demonstrate
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that PhRABGC12 RNAI petunia lines have altered cuticle thickness, allowing analysis of the effect

of cuticle on VOC emission.
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Fig. 6.3 — Effect of PhABCG12 downregulation on individual wax constituents in cuticles of 2-
day-old petunia petals. Relative amounts of each wax constituent are presented as a percentage of
the total in their respective compound class. The major constituents identified are classified as (a)
saturated fatty acids, (b) primary alcohols, (c) n-alkanes, and (d) alkyl esters. Horizontal axis
represents the chain length (number of carbon atoms) for each constituent. Inset graphs show total
amount of each class (ug-g DW?). Data are means + S.E. (n = 5 biological replicates), **, P <
0.01; *** P <0.001 by Student’s t-test.

191



a WT EV PhABCG12-7 PhABCG12-8 PhABCG12-9

Cuticle thickness (nm)

TWT 9

1 . ! % :
d 400 Total g 160 Total f o0 Biosynthetic
o 2 emission . internal pools flux
- 300 [ B e 8 - 6004, °
!—.-c ek 1 1 % wokk :—C Tb}?
z z =2 %
i 200 o 0| ¢ o] 400
s °© o o RRR L WRK
5 E ' o S i
£ c 500 et £ i
< 100 = = 200 é
_ | 2 A | 2
WT 8

WTEV 7 8 9

Fig. 6.4 — Effect of PhABCG12 down-regulation on flower phenotype, cuticle properties and scent
network in petunia flowers. a, Representative 2-day-old petunia flowers from WT, EV control and
three independent PhABCG12-RNA.i lines (7, 8 and 9) before (upper panel) and 4 h after staining
with toluidine blue (lower panel). Scale bar, 1 cm. b, Representative transmission electron
microscopy (TEM) pictures of cross-sections of epidermal cells from adaxial petal surface of 2-
day-old WT and PhABCG12-9 flowers. Scale bar, 200 nm. ¢, Cuticle thickness measured in
conical epidermal cells of 2-day-old WT and PhABCG12-9 flowers as shown in b. Data are means
+ S.E. (n = 675 measurements for each). ***, P < 0.001 by Student’s t-test. Total emissions (d),
total internal pools (e) and biosynthetic fluxes (f) in 2-day-old flowers from WT, EV control and
three PhABCG12-RNAi lines 7, 8 and 9. Data are means + S.E. (n = 6 biological replicates in d; n

=6 - 16 biological replicates in e; and n = 4 biological replicates in f). *** P <0.001 by Student’s
t-test.
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Fig. 6.5 — Effect of PhABCG12 down-regulation on petunia flower phenotype. a, Representative
2-day-old flowers from wild type (WT), empty vector control (EV) and 3 independent PhABCG12-
RNA.I lines (7, 8 and 9). b, Corolla diameter, c, flower weight and d, corolla weight from WT,
empty vector (EV)-transformed flowers and 3 independent PhABCG12-RNAi lines (7, 8 and 9).
Data are means £ S.E. (n = 7 — 21 biological replicates). **, P <0.01; ***, P <0.005 by Student’s
t-test. Scale bar in a, 1 cm.
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Fig. 6.6 — Histogram showing wax thickness distribution in wild-type and PhABCG12 petunia
flowers. Cuticle thickness probability distribution in epidermal cells of 2-day-old wild type (WT)
and PhABCG12-RNAi line 9 flowers. To be consistent cuticle thickness was measured only in
conical cells. The distribution is presented as the probability of different cuticle thickness values
over 675 measurements. Data are means £ S.E. (n = 675 measurements). Measurements were taken
from discreet locations in a minimum of 11 cells per genotype.
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Fig. 6.7 — Effect of PhABCG12 down-regulation on flower epidermal cell morphology.
Representative cryo-scanning electron micrographs (cryo-SEM) of inner epidermal cells of 2-day-
old wild type (WT) and PhABCG12-9 petals. Black arrow points to normal conical cells, red arrow
points to abnormal epidermal cells.
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Fig. 6.8 — Representative cryo-SEM photographs showing the distribution of flattened cells in 2-
day-old PhABCG12-RNAi line 9 petals. a, Representative composite of 24 cryo-SEM pictures of
a petal from PhABCG12-9 flower. Patches of flatten cells are outlined in white. Scale bar, 500 pm.
b, Pie chart showing percentage of normal and abnormal (flattened) cells determined from 81 cryo-
SEM pictures from three distinct petal sections.
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Fig. 6.9 — Effect of PhABCG12 down-regulation on water permeability of petunia corollas.
Weights of detached 2-day-old flowers from wild-type, empty vector control (EV) and 3
independent PhRABCG12-RNA. lines (7, 8 and 9) were recorded over 24 h and expressed relatively
to starting weight. Data are means = S.E. (n = 4 biological replicates of three flowers each).
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Fig. 6.10 — Effect of high humidity on flower phenotype of 2- day-old PhABCG12-RNAI flowers.
a, Representative petunia flowers from wild type (WT), and three independent PhRABCG12-RNAI
lines (7, 8 and 9) grown under high (75%) or normal (< 50%) humidity. Scale bar, 1 cm. b, Fresh
weight of flowers from wild-type (WT) and three independent PhABCG12-RNAIi lines (7, 8 and
9) relative to corresponding WT measurements set as 100%, under high (grey background) and
normal (white background) humidity. Data are means + S.E. (n = 4 - 22 biological replicates). **,
P <0.01; *** P < 0.005 by Student’s t-test.

6.4.2 Cuticle serves as an essential member of the volatile metabolic network

The translocation of VOCs across the cuticle involves three physical processes: (i)
partitioning of VOCs from the aqueous cell wall into the nonpolar waxes, (ii) diffusion across the
cuticle, and (iii) vaporization of the VOCs from the cuticle surface into the atmosphere. Out of
these steps, it has been hypothesized that cuticular diffusion is the major barrier to VOC emission
(Widhalm et al., 2015), and therefore a thinner cuticle would be expected to permit increased VOC
release. However, metabolic profiling of emitted VOCs and their internal pools in transgenic
PhABCG12-RNAI flowers revealed that their total emission was unexpectedly reduced by 50-56%
(Fig. 6.4d) along with a decrease in internal pools by 31-43% relative to controls (Fig. 6.4e). Out
of nine individual Phe-derived 8 compounds emitted by petunia flowers, only two low-abundant
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compounds comprising < 1% of total released VOCs, phenylethylbenzoate and eugenol, remained
unaffected by changes in cuticle thickness (Fig. 6.11). The effect of PhABCG12 RNAI
downregulation on total VOC internal pools was opposite to that previously observed for RNAI
downregulation of PhABCG1 transporter, which transports VOCs across plasma membrane

(Adebesin et al., 2017), confirming differential effects of these two transporters on VOC emission.
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Fig. 6.11 — Effect of PhABCG12 down-regulation on emissions and internal pools of individual
benzenoid/phenylpropanoid volatiles in 2-dayold petunia flowers. Emission rates (a) and internal
pools (b) of individual VOCs in wild type (WT), empty vector (EV) control and three independent
PhABCG12-RNAI lines (7, 8 and 9). Data are means + S.E. (n > 6 biological replicates). *, P <
0.05; **, P < 0.01; ***, P <0.005 by Student’s t-test.

Reduction in both emission and internal pools of VOCs in transgenic lines indicates that

VOC formation is reduced. Indeed, evaluation of the total biosynthetic flux, determined as the sum

of total emission and the changes in corresponding internal pools over time, in control and
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transgenics flowers showed that biosynthesis was reduced by 52 + 7.8 % in PhABCG12 RNAI
transgenic flowers (Fig. 6.4f). Such reduction in VOC formation could occur at the level of
precursor availability or directly at the biosynthesis of volatile compounds. To determine where in
the scent biosynthetic network inhibition takes place, either upstream of volatile
phenylpropanoid/benzenoid compound synthesis (Phe biosynthesis) or downstream of Phe (VOC
biosynthesis), emission and internal pools were measured over a 4-h period in wild-type and
PhABCG12-9 flowers fed with 150 mM 3Cg-Phe and subjected to metabolic flux analysis (Fig.
6.12). Similar total biosynthetic fluxes in wild-type and transgenic flowers after Phe feeding
indicate that VOC biosynthetic capacity was not affected in PhRABCG12-RNA.i flowers (Fig. 6.12c),
suggesting that inhibition of VOC production occurred in the Phe biosynthetic network. To
determine whether reduced Phe production is the result of transcriptional regulation, we performed
gRT-PCR analysis of transcript levels for genes encoding proteins involved in Phe biosynthesis,

including (i) 3-deoxy-D-arabino-heptulosonate 7-phosphate synthase (DAHPS, which catalyzes
the first committed step in the shikimate pathway (Bentley and Haslam et al., 1990; Hermann and
Weaver et al., 1999, Fig. A2); (ii)) key 9 enzymes of the shikimate pathway (e.g. 5-
enolpyruvylshikimate 3-phosphate synthase, EPSPS) and Phe biosynthesis (chorismate synthases
CM1 and CM2) (Colquhoun et al., 2010; Qian et al., 2019), as well as (iii) petunia shikimate
pathway transcriptional regulator ODORANT1 (ODO1) (Verdonk et al., 2005). Expression of all

these genes were down-regulated in PhABCG12-RNA. lines relative to control from 33 to 62 %
on day 2 postanthesis, a time of flowers development with the highest VOC emission (Fig. 6.13).
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Fig. 6.12 — Metabolic flux analysis of benzenoid and phenylpropanoid VOCs from petunia flowers
supplied with 150 mM 3Ce- phenylalanine. Metabolic flux maps of 2-day-old wild-type (a) and
PhABCG12-9 (b) petunia petals fed with 150 mM *3Cg-Phe. Fluxes were obtained from time-
course measurements of label incorporation in the endogenous pools and headspace collections of
Phe-derived VOCs. Thickness of arrows reflect the relative value of fluxes normalized to the
incoming flux (turnover of 3Ce-Phe). BAlc, benzyl alcohol; BAId, benzaldehyde; BB,
benzylbenzoate; Eug, eugenol; IEug, isoeugenol; MB, methylbenzoate; 2-PE, 2-phenylethanol;
PEB, phenylethylbenzoate; and PhAld, phenylacetaldehyde. The total labeled biosynthetic (c) and
emission (d) fluxes shown in (&) and (b). Flux values are given in nmol-g FW-h!, and deviations
were calculated by propagation of measurement standard error (n = 3 biological replicates) and
regression error. *, P < 0.05 by Student’s t-test.
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Fig. 6.13 — Effect of PhABCG12 downregulation on expression of PhnDAHPS, PhEPSPS, PhCM1,
PhCM2, PhODO1 and PhABCGL in 2-day-old petunia flowers. Transcript levels in flowers from
wild type (WT), empty vector control (EV) and 3 independent PhABCG12-RNAi lines (7, 8 and
9) were determined by gRT-PCR at 3 PM and calculated relative to corresponding levels in wild
type, set as 100%. Data are means + S.E. (n = 3 biological replicates). *, P < 0.05; **, P < 0.01;
*** P <0.005 as determined by Student’s t-test.

While *Cs-Phe feeding compensated for the reduced internal pools in transgenics and led
to a similar isotopic labeling of internal pools in control and transgenic petals (Figs. 6.14a and c),
it was not able to restore emission in PhABCG12 silenced flowers over 4 h despite similar to
control isotopic labeling (Figs. 6.12d, 6.14b and d). If the cuticle is the primary resistance to net
movement of volatiles out of the cell (mass transfer), it is expected that Phe feeding would result
in higher VOC efflux from transgenic versus wild-type flowers. However, the lag in emission (Fig.
6.14b), which resulted in the inability of transgenic flowers to catch up to wild-type levels of total
emission despite a rapid buildup in internal pools (Fig. 6.14a), suggests the existence of
intracellular transport limitation(s) upstream of cuticle. Indeed, expression of PhABCG1, which
encodes the plasma membrane-localized transporter of phenylpropanoid/benzenoid compounds,
was reduced by 54% in transgenic flowers versus control (Fig 6.13), but membrane transport

capacity remains sufficient to sustain high emission under feeding conditions (Fig. 6.14b).
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Fig. 6.14 — Pool sizes and isotopic abundances of total endogenous (internal pools) and exogenous
(emitted) VOCs in control and PhRABCG12-9 petunia petals fed with 150 mM 3Cg-Phe. Total
internal pools (a) and emissions (b) of VOCs from wild-type (solid circles) and PhABCG12-9
(open circles) petunia corolla supplied with 150 mM *3Cg-Phe for 4 h. Isotopic labeling of internal
pools (c) and emitted volatiles (d) over 4 h, from 6 PM till 10 PM. Data are means + S.E. (n =3
biological replicates).

Reduction in cuticle thickness has differential effect on dynamics of individual VOC:s.

As biosynthesis of VOCs was reduced in PhABCG12-RNAi flowers, to account for this
reduction in comparative analysis of wild type and transgenics, we defined a VOC emission factor
(VEF) as 10 the ratio of emission flux to corresponding total biosynthetic flux (equation 6.4). A
VEF value approaching 1 indicates that VOC emission is controlled mainly by biosynthesis, while
VEF values lower than 1 reflect the existence of mass transfer limitations. VEF greater than 1
means that emission continues at a higher rate compared to decreasing biosynthesis. A reduction
in cuticle thickness in PhABCG12-RNAi flowers did not increase VEF but instead led to its
decrease (Fig. 6.15a), which was contrary to our hypothesis that a thinner cuticle would be more

permissive to VOC release. A comparison of VEF of individual volatiles produced in wild-type
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petunia petals revealed that two compounds, methylbenzoate and benzaldehyde, have the highest
values close to 1 (Fig. 6.15b). Out of all compounds emitted by petunia flowers, they have the
highest volatility based on vapor pressure (Table 6.2) and were more abundant in the mixture of
emitted volatiles with relatively small internal pools within the cell (Fig. 6.11). Indeed, emission
and biosynthetic fluxes overlaid for each of these two compounds when compared in wild-type
petunia flowers over a 15-h period (Fig. 6.15d), suggesting that methylbenzoate and benzaldehyde
emissions are driven solely by their biosynthesis. In contrast, volatiles with lower ambient vapor
pressures such as benzylbenzoate, isoeugenol, 2-phenylethanol, and benzyl alcohol (Table 6.2),
had lower VEF (Fig. 6.15b) and thus substantially larger internal pools relative to their
corresponding emissions (Fig. 6.11), when compared with methylbenzoate and benzaldehyde.
Moreover, these compounds displayed a clear delay between the peak of biosynthesis and emission,
and reduction in cuticle thickness did not change these patterns (Fig. 6.15e, Fig. 6.16a and b),
suggesting the existence of a mass transfer limitation for less volatile compounds. Thinner cuticles
in transgenics had negligible effect on VEF of methylbenzoate and benzaldehyde, but decreased
those of benzylbenzoate, isoeugenol, 2-phenylethanol and benzylalcohol (Fig. 6.15c). Thus, the
trend towards internal build up rather than 11 emission for only less volatile compounds in
transgenic petals (Fig. 6.15b) suggests that effect of cuticle thickness on VOC dynamics depends

on physicochemical properties of compounds.

Table 6.2 — Vapor pressure for benzenoid/phenylpropanoid volatile organic compounds produced
by Petunia hybrida flowers.

Compound Vapor pressure® (mmHg) at 25°C
Benzaldehyde 1.27x10°
Benzyl alcohol 9.40x107?
Benzylbenzoate 2.50%x10*
Eugenol 1.00x1072
Isoeugenol 1.00x1072
Methylbenzoate 3.80x10!
Phenylacetaldehyde 3.68x10?
2-Phenylethanol 8.68x107?
Phenylethylbenzoate 3.40x10°

&\/apor pressure data deposited in or computed by PubChem.
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Fig. 6.15 — Effect of PhABCG12 down-regulation on VEFs, emission and biosynthetic fluxes of
representative VOCs and cellular distribution of VOCs in 2-day-old petunia flowers. a, Overall
VEF for WT, EV control and three independent PhABCG12-RNA. lines 7, 8 and 9. Data are means
+ S.E. (n = 4 biological replicates). *, P < 0.05; **, P < 0.01; ***, P < 0.001 by Student’s t-test.
b, VEF of individual volatiles emitted by WT and PhABCG12-9 flowers (c), shown in order of
increasing compound volatility. Data are means = S.E. (n = 4 biological replicates). *, P < 0.05;
** P <0.01 by Student’s t-test. d, Emission (open circles) and biosynthetic (solid circles) fluxes
for benzaldehyde (BAId), methylbenzoate (MB) and (e) benzylbenzoate (BB) in WT (upper panels)
and PhABCG12-9 line (lower panels). Data are means + S.E. (n = 3 biological replicates). f,
Cellular VOC distributions in petunia flowers of EV control and three independent PhABCG12-
RNAI lines 7, 8 and 9. Data are means + S.E. (n = 4 biological replicates). ***, P < 0.001 by
Student’s t-test.
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Fig. 6.16 — Effect of PhABCG12 down-regulation on emission and biosynthetic fluxes of
individual benzenoid/ phenylpropanoid VOCs. Emission (open circles) and biosynthetic fluxes
(solid circles) for individual benzenoid/phenylpropanoid VOCs in 2-day-old wild-type (a) and
PhABCG12-9 (b) petunia flowers. BAlc, benzyl alcohol; IEug, isoeugenol; 2-PE, 2-phenylethanol,;
PhAId, phenylacetaldehyde. Data are means £ S.E. (n = 3 biological replicates).

Analysis of VOC internal pools’ distribution within the cell revealed that thinner cuticle
holds a smaller proportion of VOCs, 32 + 2% on average in transgenic plants (Fig. 6.15f) versus
53 + 4% of total internal pools in wild-type flowers (Fig. 6.1a). Reduction in cuticle thickness
decreased the relative cuticular abundance of all VOCs in transgenic petunia flowers relative to
control (Fig. 6.17a), leading to their accumulation within the cell. Previously, it has been proposed
and experimentally confirmed (Widhalm et al., 2015; Adebesin et al., 2017) that intracellular
buildup of VOCs has a detrimental effect on membrane integrity leading to cellular toxicity. To
test whether changes in VOC internal pools’ distribution would lead to similar damaging effects
despite an overall decrease in pool sizes in transgenic flowers, we performed staining with
propidium iodide, which diffuses into cells and stains nucleic acids only if plasma membrane is
disrupted (Rolny et al., 2011). Indeed, nuclei staining was observed in some cells of 2-day-old
PhABCG12-9 petunia petals but not in those of wild-type (Fig. 6.18), consistent with the observed
subcellular VOC redistribution.
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Fig. 6.17 — Effect of PhABCG12 down-regulation on cellular distribution of individual
benzenoid/phenylpropanoid VOCs in 2-day-old petunia flowers. a, Distribution of individual
VOCs in wild-type (WT), empty vector control (EV) and PhABCG12-RNA. lines 7, 8 and 9. VOCs
are shown in order of increasing volatility (left to right). Data are means + S.E. (n = 4 biological
replicates). *, P < 0.05; **, P < 0.01; ***, P < 0.005 by Student’s t-test. Relationships between
distribution of individual VOCs in the cuticle and their corresponding (b) vapor pressure and (c)
octanol-water partitioning. Data are means = S.E. (n = 4 biological replicates). BAlc, benzyl
alcohol; BAId, benzaldehyde; BB, benzylbenzoate; IEug, isoeugenol; MB, methylbenzoate; 2- PE,
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207



PhABCG12-9

Fig. 6.18 — Effects of PhABCG12 down-regulation on cell membrane integrity in petunia flowers.
Representative confocal microscopy images of 2-day-old wild type (WT) and PhABCG12-9
flowers stained with propidium iodide. Scale bars, 20 um.

Internal pools of VOCs with relatively higher ambient vapor pressures such as
benzaldehyde and methylbenzoate were more abundant in the wild-type cuticle relative to the rest
of the cell (> 90% of total internal pools, despite their small internal pool sizes) when compared
to that of less volatile compounds, and this trend was conserved in transgenic lines (Fig. 6.17a).
Cuticular VOC concentration is determined by the equilibria at both the cuticle-atmosphere and
cell wall-cuticle interfaces, which depend on compound relative volatility and octanol-water
partition coefficient (as a proxy for wax-water partitioning), respectively. Comparisons of
individual VOC distributions within the cell with corresponding compound volatility and octanol-
water partition coefficient (Fig. 6.17b and c) reveal that VOC volatility better correlates with their
partitioning in the cuticle. This suggests that the cuticle-atmosphere interface plays a greater role
in intracellular VOC distribution, consistent with the “pulling” effect of the atmosphere on
compounds with relatively high volatility. The poor correlation between VOC enrichment in the
cuticle and octanol-water partitioning coefficient may reflect existence of additional mechanisms,
such as previously proposed for VOC trafficking through the cell wall (Widhalm et al., 2015).

Taken together, our results show that (i) > 50% of VOC internal pools are stored in the
cuticle; (i) representation of compounds within the cuticle is correlated with their volatility and
VVOCs with higher volatility are more abundant in the cuticle relative to the rest of the cell; (iii)
reduction in cuticle thickness leads to redistribution of internal pools of VOCs between different
intracellular regions; (iv) cuticle provides little resistance for compounds with relatively high
volatility, but does limit diffusion of VOCs with lower volatility; and (v) cuticle is more than a

simple diffusion barrier, but a member of scent metabolic network. Cells are able to sense changes
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in VOC distribution within the cell as a result of decrease in cuticle thickness and feedback inhibit
VOC biosynthesis by transcriptional downregulation of Phe supply as well as VOC transport out

of the cell.

6.4.3 Reduction in cuticle thickness affects rhythmicity of VOC emission

Previously it has been shown that VOC emission from petunia flowers occurs in rhythmic
manner with highest flux at night (Verdonk et al., 2003; Kolosova et al., 2001) and is under control
of the circadian clock (Fenske et al., 2015). To dissect the effect of reduced cuticle thickness on
VOC dynamics around the peak of emission, floral volatiles and their internal pools were collected
from 2-day-old wild-type and PhABCG12-9 flowers over 15 h period. In wild-type flowers, a rapid
accumulation of internal pools was observed between 4 PM and 10 PM and 13 remained constant
until 4 AM (Fig. 6.19a). This increase in endogenous VOC internal pools correlated with a notable
peak in emissions (Fig. 6.19b) between 10 PM and 1 AM, and such profile was conserved for all
individual VOCs (Fig. 6.20). In contrast to wild-type flowers, rhythmicity in VOC emission was
practically absent in PhABCG12-9 flowers (Fig. 6.19b), while internal pools exhibited similar to
wild type profile, but only approached ~73% of the maximum value found in wild-type petals (Fig.
6.19a). Although transgenic petals still exhibited a clear temporal peak in accumulation of VOC
internal pools, the lack of a corresponding peak in emission suggests VOC redistribution upstream

of the cuticle, thus restricting their release from the cell.
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Fig. 6.19 — Total internal pools and emissions of benzenoid/ phenylpropanoid VOCs from 2-day-
old petunia flowers around peak of emission. Total internal pools (a) and emissions (b) of VOCs
collected from WT (solid circles) and PhABCG12-9 (open circles) flowers over 15 h period. Data
are means = S.E. (n = 3 biological replicates).
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Fig. 6.20 — Internal pools and emissions of individual benzenoid/phenylpropanoid VOCs from 2-
day-old petunia flowers around peak of emission. Internal pools (a) and emissions (b) of individual
VOC:s collected from wild-type (solid circles) and PhABCG12-9 flowers (open circles) over 15 h
period. Data are means £ S.E. (n = 3 biological replicates).

6.4.4 Impact of cuticle partial removal on rate of VOC emission and accumulation: an
independent strategy

In addition to the genetic approach, solvent-based dewaxing of petunia petals was used to
examine the impact of reduced wax coverage on VOC emission without the potential influence of

morphological changes observed in transgenic flower petals. Cuticle waxes were stripped from 2-
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day-old wild-type petunia flowers by briefly submerging the petals in hexane. The total wax
content, emission of VOCs and their internal pools were then analyzed over 4 h-period from 6 PM
till 10 PM, the time interval with highest emission (Kolosova et al., 2001). Dewaxing removed 70
+ 6% of wax and petals became susceptible to toluidine blue staining (Fig. 6.21a and b). Analysis
of VOCs in dewaxed flowers revealed that relative to the non-dewaxed control, total VOC
emission and internal pools were both reduced by over 80% at the end of the 4-h collection period
(Fig. 6.21c). To ensure that the decrease in VOC production is not due to a loss of petal metabolic
potential during dewaxing process, the activity of phenylalanine ammonia lyase (PAL), which
catalyzes the first committed step in the phenylpropanoid pathway was measured before and 4 h
after dewaxing and was found to be unchanged (Fig. 6.22a). Moreover, exogenous feeding of 14
dewaxed flowers with 150 mM Phe was able to recover 92 + 7% of the VOC emission observed
in fed non-dewaxed flowers (Fig. 6.22b) and resulted in similar total biosynthetic fluxes (Fig.
6.22c). The fact that feeding of dewaxed flowers with 150 mM Phe was able to recover only 62 +
10% of VOC internal pools, despite a similar to non-dewaxed flowers absolute increase in internal
pools upon feeding (1742 + 52 nmol-g FW versus 1510 + 277 nmol-g FW in non-dewaxed and
dewaxed petals, respectively; Fig. 6.22d), reflects the loss of the cuticular reservoir of VOCs.
Taken together these results demonstrate that (i) flowers remain metabolically active 4 h after
dewaxing and (ii) similar to PhRABCG12 RNAI transgenic flowers removal of cuticle leads to a
decrease in VOC production via feedback inhibition of Phe formation by internally accumulated
volatile compounds, thereby alleviating toxicity. Indeed, inducing internal VOC accumulation to
toxic levels by feeding with 15 mM benzaldehyde (Adebesin et al., 2017) was sufficient to
decrease expression of Phe biosynthetic genes, as well as ODO1 transcription factor and
PhABCG1 transporter (Fig. 6.23).
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Fig. 6.21 — Effect of dewaxing on corolla wax levels, cuticle permeability, VOC internal pools and
emissions in 2-day-old petunia flowers. a, Total wax levels before and after dewaxing of wild-type
and PhABCG12-RNAi line 9 flowers. Letters indicate statistically significant differences (P <
0.05). Data are means + S.E (n =4 biological replicates). b, Representative non-dewaxed and
dewaxed wild-type flowers 2 h after staining with toluidine blue. ¢, Emission fluxes and VOC
internal pools over a 4-h period in non-dewaxed (solid circles) and dewaxed (open circles) wild-
type and PhABCG12-RNAiI line 9 (d) flowers. Data are means £ S.E (n =4 biological replicates).
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Fig. 6.22 — Analysis of metabolic potential of petunia flowers after dewaxing. a, PAL activity
detected in non-dewaxed and dewaxed 2-day-old wild-type flowers in the beginning (6 PM) and
the end (10 PM) of scent collection period. Data are means = S.E. (n = 3 biological replicates).
PAL activity was not statistically different between non-dewaxed and dewaxed petals (P > 0.05
by Student’s t-test). b, Volatile emission from non-dewaxed and dewaxed wild-type flowers upon
feeding different (0O - 150 mM) Phe concentrations. ¢, VOC biosynthetic fluxes in non-dewaxed
(solid circles) and dewaxed (open circles) wild-type flowers fed with 150 mM Phe. d, Internal
VOC pools in non-dewaxed (solid circles) and dewaxed (open circles) wild-type flowers upon
feeding different (0 -150 mM) Phe concentrations. Data in b - d are means + S.E. (n = 4 biological
replicates).
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Fig. 6.23 — Effect of benzaldehyde feeding on expression of PhDAHPS, PhEPSPS, PhCM1,
PhCM2, PhODO1 and PhABCG1 in 2- day-old petunia flowers. Transcript levels in wild-type
flowers treated with 15 mM benzaldehyde for 6 h were determined by gRT-PCR at 3 PM and
calculated relative to corresponding levels in mock treated wild type flowers, set as 100%. Data
are means = S.E. (n = 3 biological replicates). *, P < 0.05; *** P < 0.005 as determined by
Student’s t-test.

6.4.5 Reduction in cuticle thickness shifts mass transfer resistance towards other cellular
barriers

Dewaxing of wild-type petunia petals led to an increase in VEF value (Fig. 6.24a), as these
flowers continue to emit VOCs, albeit at a low level, without changes in internal pools over the
sampling time (Fig. 6.21c) further supporting the hypothesis that reduction of cuticle decreases
overall resistance. As petal dewaxing reduces VOC formation, to determine whether the high VEF
value would be sustained under elevated VOC biosynthetic flux, dewaxed wild-type petunia petals
were fed with 150 mM Phe. Unexpectedly, an increase in VOC biosynthesis decreased VEF (Fig.
6.24a), which could occur only if VOCs accumulate inside the cell in the absence of cuticle sink,
thus demonstrating redistribution in the source of mass transfer resistance. VEF was also reduced
in non-dewaxed wild-type petunia petals fed with 150 mM Phe relative to the non-fed control and
was very similar to the VEF of dewaxed wild-type petals fed with 150 mM Phe (Fig. 6.24a).
Comparisons of individual VOC distributions within the cuticle with and without 150 mM Phe

feeding revealed that compounds with low relative volatility accumulate internally under high
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biosynthetic flux (Fig. 6.24b), suggesting a shift in mass transfer resistance source upon increased
VOC biosynthesis (Fig. 6.25).
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Fig. 6.24 Effect of dewaxing and Phe feeding on VEFs and cellular VOC distributions in 2-day-
old petunia flowers. a, Overall VEFs for non-dewaxed and dewaxed wild-type and PhABCG12-
RNAI line 9 flowers with and without feeding with 150 mM Phe over 4 h period from 6 PM till
10 PM. Data are means = S.E. (n =4 biological replicates). *, P <0.05; *** P <0.001 by Student’s
t-test. b, Cellular distributions of total (left panel) and individual VOCs (right panel) in non-
dewaxed wild type and PhABCG12-9 line (c) flowers with and without Phe feeding. Data are
means * S.E. (n = 4 biological replicates). *, P < 0.05; **, P < 0.01; ***, P < 0.001 by Student’s
t-test.
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Fig. 6.25 — Schematic presentation of shift in the mass transfer resistance sources upon reduction
in cuticle thickness. a, Schematic representation of VOC (red icons) feedback effect on
transcription of Phe biosynthetic genes. Black arrows represent enzymes, orange arrows represent
RNA translation, and green arrows represent gene transcription. Red lines show feedback
inhibition of Phe biosynthetic gene transcription by accumulating VOCSs via unknown mechanisms.
b, Overall resistance shown by a resistance-in-series model. The barrier with the highest
contribution to overall resistance to VOC (red icons) mass transfer out of the cells is shown by the
largest resistor symbol. Purple icon in plasma membrane represents previously characterized
PhABCGL transporter (Adebesin et al 2017).

To test if this effect was conserved in transgenic petals, PhRABCG12-9 RNAI flowers were
subjected to dewaxing (Fig. 6.21a). Similar to wild-type flowers, dewaxing of PhABCG12-9 petals
resulted in reduced emission flux and internal pool accumulation relative to the non-dewaxed
PhABCG12-9 petals (Fig. 6.21d). Like in wild-type flowers, dewaxing of transgenic petals led to
an increase in VEF (Fig. 6.24a), but the value remained below 1 and was still lower than that in
control dewaxed petals. Thus, despite an 85% reduction in wax amount in PhABCG12-9 petals
upon dewaxing relative to non-dewaxed wild-type petals (Fig. 6.21a), VOCs still continue to

accumulate internally (Fig. 6.21d). The inability to discharge the VOC internal pools upon
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combined RNAI reduction of cuticle thickness and dewaxing suggests that the resistance to mass
transfer in transgenic flowers has shifted from the cuticle to other sources of mass transfer
resistance, such as the plasma membrane and cell wall. Consistent with the shift in mass transfer
resistance source, feeding of PhABCG12-9 flowers with 150 mM Phe did not affect VEF (Fig.
6.24a), and similar to wild-type petunia flowers, led to the redistribution of VOC internal pools of
only compounds with low relative volatility (Fig. 6.24c).

Taken together, these results show that (i) cuticle serves as a significant resistance barrier
for VOC emission; (ii) without enough cuticle present to act as a sink, VOCs accumulate internally,
leading to inhibition of precursor formation to prevent toxicity; (iii) compounds with lower relative
16 volatility experience greater resistance at the cuticle; and (iv) other barriers, as a result of a shift

in the mass transfer resistance, control emission under high VOC biosynthetic flux

6.5 Conclusions

The cuticle is the final barrier VOCs cross before being released into the atmosphere. Our
results show that cuticle of petunia flowers holds > 50% of internal VOCs (Fig. 6.1a), thus acting
as the main site of intracellular VOC storage, and serving as the major source of mass transfer
resistance. However, it mainly provides resistance to VOCs with low relative volatility with
negligible effect on highly volatile compounds, physiological emissions of which largely depend
on their biosynthesis (Figs. 6.15, 6.17, 6.24). The latter compounds have small internal pools
relative to their emission flux, and these pools are predominantly allocated to the cuticle (Fig.
6.17a). To sustain efficient emission, VOCs have to accumulate in the cuticle and decreasing the
ability of cuticle to act as a concentrator/sink not only reduces overall emission (Figs. 6.4d and
6.21c), but also eliminates rhythmicity in VOC release (Figs. 6.17b and 6.19b). The inability for
VOCs, particularly those with low relative volatility, to build up in the cuticle due to a reduction
in its thickness via RNAIi downregulation of PhABCG12 transporter (Fig. 6.4a and c) leads to a
redistribution of internal VOC pools (Figs. 6.15f and 6.17a), thus resulting in cellular damage (Fig.
6.18). To mitigate this detrimental effect, cells reduce production of VOCs by decreasing
biosynthesis of the precursor Phe (Fig. 6.13 and Fig. 6.25a), a feedback effect that was also
observed in flowers after chemical dewaxing (Fig. 6.21) but could be bypassed by Phe feeding
(Fig. 6.22b and d). Finally, the decrease in cuticle thickness leads to a shift in mass transfer
resistance to other internal barriers (i.e. plasma membrane and cell wall), and this shift is more
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pronounced under high biosynthetic flux (Fig. 6.25b), likely reflecting the limited capacity of the
plasma-membrane localized VOC transporter, PRABCG1 (Adebesin et al., 2017). Taken together,
these results reveal that the cuticle, despite being biologically passive, is nonetheless an integral
member of the overall scent biosynthetic network.
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CHAPTER 7. CHARACTERIZING THE PHENOTYPES OF
GENETICALLY MODIFIED PLANT CUTICLES

7.1 Introduction

7.1.1 Characterization of cuticular phenotypes in genetically modified cuticles

The advent of genetic engineering has opened new avenues for studying the role of the
cuticle as a barrier between the plant and the environment. In Sections 3.2.2 and 6.2.1 we discussed
many of the major biochemical pathways leading towards the development of the plant cuticle and
how researchers have induced genetic perturbations to engineer plants with modified cuticles.
Using model wax compounds representing the crystallinity of plant cuticles, we found that an
abundance of crystalline waxes contributed to decreased diffusion across the cuticle. However, for
linking phenotypes to specific genetic modifications in plants, a major limitation remains in
quantifying the relationship between chemical composition and permeability, due to the large
number of wax components. Deviations in individual wax constituents may result in immeasurable
changes in physical properties such as melting behavior or absolute crystallinity. Despite this,
various methods to assess the phenotypes of genetically modified cuticles have provided insight
into the putative functions of numerous cuticle-associated genes (Kerstiens et al., 2006; Petit et al.,
2017).

Here, we assess the cuticle composition and crystallinity of cuticles from transformed
Petunia hybrida flowers generated from three independent genetic engineering strategies. First,
the Arabidopsis thaliana transcription factor AtMYB106 was overexpressed in petunia using the
petal-specific promoter MYB1 identified in Japanese morning glory known to be active during
early flower development (Azuma et al., 2016). In Arabidopsis, the knockout of AtMYB106
resulted in cuticle deficiencies identified by increased organ adhesion during development and a
reduction in the crystalline surface morphology (Oshima et al., 2013). Measurement of wax gene
transcript levels suggested that AtMYB106 regulates the expression of the transcription factor
WAX INDUCER1/SHINE1 (WIN1/SHN1) which induces the wax and cutin biosynthetic
pathways (Aharoni et al., 2004). The second transformant characterized was the down-regulation
by RNA interference of the petunia wax exporter PhRABCG12 (Pighin et al., 2004). In Chapter 6,
PhABCG12-RNAI lines were found to have a decreased cuticle thickness. Finally, cuticle
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biosynthesis genes CYP88A4, CYP77A6, and GPAT6 encoding for a m-hydroxylase, a fatty acid
midchain hydroxylase, and a glycerol 3-phosphate acyltransferase, respectively, were
overexpressed to induce increased cuticle development. Overexpression of CYP77A6/GPAT6 in
Arabidopsis resulted in enhanced quantities of crystalline nanoridges on leaf surfaces (Li-Beisson
etal., 2009). Using the methods developed for assessing the physicochemical properties of cuticles
in Chapters 3 and 6, we identify the major changes that are induced as a result of genetic

perturbations.

7.1.2 Motivations and objectives

Genetic modifications of plant cuticles can result in phenotypic changes such as modified
surface morphology, increased permeability, or increased organ adhesion during development, all
of which are attributed to the chemical composition of the cuticle. Due to large number of wax
constituents, determining which compounds contribute to an observed phenotype is difficult to
deduce. Connecting plant cuticle-associated traits with specific genes is of great importance for
the rational design of plants that can tolerate shifting climate patterns and rapidly evolving
ecosystems.

Using GC-MS, the compositions of three wax mutants in petunia flowers were quantified
to obtain changes in the distribution of individual wax constituents arising from the genetic
modification strategies. Finally, ATR-FTIR and XRD were used to determine the structural
characteristics of isolated and reconstituted petal cuticles.

7.2 Materials and methods

7.2.1 Plant materials and growth conditions

Wild-type and transgenic Petunia hybrida cv. Mitchell diploid (W115; Ball Seed Co., West
Chicago IL) were grown under standard greenhouse conditions with a light period from 6:00 h to
21:00 h. Transgenic constructs were synthesized by Genscript (Piscataway NJ). To ensure that
cuticle development is affected during early flower development, all modifications were
performed using the petal-specific promoter MYB1 from Japanese morning glory (Ipomoea nil)
which displays activity through floral organ development and predominantly in flower limbs

(Azuma et al., 2016). Transgene constructs for AtMYB106 overexpression, PhABCG12 silencing
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by RNA interference, and CYP88A4/CYP77A6/GPAT6 co-expression (nanoridge inducing —
NANOR) and the 1023-bp InMYB1 promoter were inserted into the destination vector
R4pGWB5_stop_HSP (Oshima et al., 2011) using the MultiSite Gateway Three-Fragment Vector
Construction Kit (Invitrogen, Carlsbad, CA). CYP88A4, CYP77A6, and GPAT6 were linked
using the viral self-cleaving 2A linker for co-expression of distinct peptides (Ha et al., 2010).
Transgenic P. hybrida plants were obtained via Argobacterium tumefaciens (strain GV3101
carrying the final AtMYB106, PhABCG12-RNAi and NANOR constructs) leaf disc transformation
using a standard transformation protocol (Horsch et al., 1985). Constructs for transgenic lines are

given in Fig. 7.1.

a InMYBpro:AtMYB106

inmyBpro  [NAMNBI06N 5P WAL
b InMYBpro:ABCG12-RNAi

InMYBpro I"Iy:B PhABCG12-RNAI
¢ InMYBpro:GPAT6-2A-CYP88A4-CYP77A6

Fig. 7.1 — Gene cassettes for generating transgenic petunia. All modifications were performed
using the petal-specific promoter MYB1 (shown in blue) from I. nil, with transgene sequences
(shown in orange) inserted into a destination vector R4pGWB5_stop_HSP (shown in purple) (a)
Down-regulation of PhABCG12 wax exporter (see Section 6.2.1). (b) Overexpression of the
AtMYB106 transcription factor (Oshima et al.,, 2013). (c) Overexpression of the
CYP88A4/CYP77A6/GPAT6 pathway for cutin biosynthesis to induce nanoridge formation on
petal surfaces (Li-Beisson et al., 2009). Co-expression of individual peptides was achieved using
the viral self-cleaving 2A-linker (shown in red).

7.2.2 Wax extraction and GC-MS analysis

Detailed procedure is presented in Section 3.3.3.

7.3 Fourier-transform infrared spectroscopy

Detailed procedure is presented in Section 3.4.3.
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7.3.1 X-ray diffraction

Detailed procedure is presented in Section 3.4.4.

7.3.2 Water loss measurement

Detailed procedure is presented in Section 6.3.8.

7.3.3 Statistical analysis

Multivariate analysis was performed using JMP, Version 14.0 (SAS Institute Inc., Cary
NC). Hierarchical clustering analysis was conducted using the relative abundance of individual
wax constituents identified and quantified by GC-MS analysis of cuticular wax extracts. The
Ward’s minimum variance method was used to perform the clustering analysis. Principal
Component Analysis (PCA) was applied on mass spectrometry data for dimensionality reduction

and exploratory analysis to interpret composition data.

7.4 Results and discussion

7.4.1 Wax chemical analysis of transgenic petunia cuticles

Several independent lines of petunia expressing PhABCG12 down-regulation by RNAI,
overexpression of AtMYB106, and overexpression of CYP77A6/GPAT6 (NANOR) were generated.
For each genotype, three lines expressing the greatest change relative wild-type transcript for their
respective genes were selected for wax composition screening (Fig. 6.1). To determine if genetic
modifications resulted in a measurable change in cuticle composition, transgenic and wild-type
petunia cuticle extracts were profiled for individual wax constituents using GC-MS analysis (Fig.
7.2a). Petunia flowers expressing PhABCG12-RNAI were found to have significantly decreased
wax content, with PhnABCG12-RNAI-9 exhibiting a decrease of 43-49% relative to the wild-type
control. In contrast, overexpression of AtMYB106 resulted in increased wax coverage relative to
wild-type flowers, with an overall increase of 19-24% total wax content measured in AtMYB106-
12. NANOR petunia lines overexpressing the cutin biosynthetic pathway did not exhibit any
increase in total wax content relative to the wild-type control. Despite changes in total wax amount,

analysis of wax composition revealed no significant changes across all transgenic petunia relative
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to the wild-type control when sorted by total wax compound class (Fig. 7.2b). Despite increases
in total primary alcohol quantities for AtMYB106 overexpression lines (-10, -12) (Fig. 7.2a), the

relative fraction of total alcohols in the cuticular waxes remained unchanged.

a b
1200 -
OAlkyl esters
o0 DAlkanes - 100 17 = ‘} M rE ‘} {“ rh Oother
o Alcohols FH :I: H DOAlkyl esters
DAcids Ea % | DOAlkanes
< . = 80 1= % :I: maliZS L D Alcohols
o L = Py :I: O Acids
> |FH R i T = | = g 1
2 2 e ||| L 1 ‘} aallE
Z 600 1 Ed - HH E {‘
: |bE : T
2 A e
=2 & 40 - |
%400 T +
= - @
L P
200 {0 [ H HH =+ 20 % {— +
. - -
] 'T' - : . 0 " ,
R 0 oA 0
R w"@“’@@"@“ Q(‘é\\\*\*&\'@\uﬁab & & &
\\ $ T\ A7 W07 0 $ \;O (8) fl, Q‘ _‘,‘Q;\ __&'\ .J\Q’,\ V\‘;\‘\‘\‘:\ ?“:\
NG «“‘H@@:\M\m @@o\»@@ W
& cf’ © ’&‘3\ & & <<‘> o Ll
) Q) \) s Vs
o¥ ¥ ¥ el

Fig. 7.2 — Effect of genetic modifications on wax amount and cuticle composition in petunia
flowers. (a) Total wax abundance in transgenic flowers on day 2 post-anthesis relative to wild-type
(WT) and empty vector (EV) control. (b) Wax composition by major constituent classes: fatty
acids, primary alcohols, n-alkanes, and alkyl esters. Data are means + S.E. (n = 5 biological
replicates). * P < 0.05, ** P < 0.01, *** P < 0.001 represent statistical differences with respect to
the empty vector control by Student’s t-test.
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Fig. 7.3 — Effect of genetic modifications on individual wax constituents of petunia petal cuticles.
(a) Dendrograms obtained from hierarchical clustering of individual lines profiled for wax
composition. (b) Principal component analysis of wax compositions of across the genetic
backgrounds.

To identify if individual constituents result in statistically measurable changes in the
overall composition, multivariate analysis of the mass spectrometry data was performed.
Clustering analysis was performed on the relative abundances of individual wax compounds
detected from wax extracts across all transgenic flowers (Fig. 7.3a). In general, the pattern for wax
constituent distribution remains largely conserved across all lines profiled, with the exception of a
few wax metabolites. For AtMYB106 lines, abundant alcohols such as 1-octadecanol and 1-
hexadecanol are found in higher proportions compared to the other lines. Additionally, 1-
hexacosanol was found in lower proportions in PhRABCG12-RNAIi lines compared to all other lines
profiled. For the five most abundant wax metabolites, n-nonacosane, n-heptacosane, 1-tetracosanol,
1-docosanol, and n-tetracosanoic acid, their relative abundances remained consistent across all
lines profiled. Despite the commonality in compositions, lines with unique genotypes were found
clustered in the same branch, with NANOR and AtMYB106 overexpression lines exhibiting the

closest wax composition profile with that of wild-type flower cuticles. Indeed, principal
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component analysis (PCA) of the abundance data further illustrates the similarity in wax
compositional profile between NANOR, AtMYB106, and wild-type petal cuticles (Fig. 7.3b),
suggesting that overexpression of cuticle pathways does little to modify the overall composition.
In general, the change in overall wax composition is negligible when considering wax metabolite

classes (acids, alcohols, etc.) but measurable changes can be found for individual wax constituents.

7.4.2 Physical characterization of transgenic cuticles

The structural integrity of the cuticle dictates its ability to protect the plant against
uncontrolled water loss. Measuring water loss from detached plant tissue is a valid method for
assessing this integrity (Isaacson et al., 2009). Two-day post-anthesis transgenic and wild-type
petunia petals were detached from their receptacles and total corolla fresh weight was measured
incrementally over twelve hours (Fig. 7.4). PhnABCG12-RNAi lines were found to have both
significantly decreased petal dry weight and total water content, suggesting that the decrease in
wax amount results in diminished ability to retain water (Fig. 7.4a). Even with decreased total
water content, PhnABCG12-RNAI lines demonstrate enhanced water loss compared to the wild-
type control upon detachment (Fig. 7.4b). Conversely, AtMYB206 flowers are found to have
increased water content, but with no difference in their petal dry weight (Fig. 7.4a). Increased wax
amount in AtMYB106 lines (Fig. 7.2a) likely contributes to increased water content, however, there
was no measurable improvement in their ability to protect against water loss compared to wild-
type petals (Fig. 7.4c). In NANOR lines, there was no measured change in water content (Fig. 7.4a)
or the rate of water loss (Fig. 7.4d). To determine if the rate of water loss is dependent on the
chemical composition, the total rate (mg-hr?) for individual lines was compared to the abundance
of individual wax constituents (Fig. 7.5a). In general, no trend was observed between the
abundance of individual compound classes (acids, alcohols, n-alkanes, alkyl esters). Additionally,
no significant trend was observed between wax amount and water permeability across all lines
(Fig. 7.5b). While the lack of correlation between permeability and cuticle abundance has been
noted in previous studies (Riederer and Schreiber, 2001), it may be that the engineered plants have

cuticles with limited variation in composition and amount.
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Fig. 7.4 — Water content and rate of water loss in detached transgenic and wild-type petunia petals.
(a) Total fresh weight of day 2 post-anthesis petunia flowers detached from their receptacles. Dry
weight was obtained upon desiccation in an oven for 2 hr; water content is given by the difference
in corolla fresh and dry weight. The water loss rate from detached petals measured over twelve
hours for WT, EV, (b) PhRABCG12-RNAI, (c) AtMYB106, and (d) NANOR flowers. Data are means
+ S.E. (n =5 biological replicates). * P <0.05, ** P < 0.01, *** P < 0.001 by Student’s t-test.
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Fig. 7.5 — Effect of wax composition and amount on the rate of water loss in transgenic and wild-
type petunia. (a) Effect of wax composition by compound class (fatty acids, primary alcohols, n-
alkanes, alkyl esters) on the rate of water loss in WT, EV, PhABCG12-RNAi (lines 7-9),
AtMYB106 (lines 10-12), and NANOR (lines 6, 7, 10). Data are means + S.E. (n = 5 biological
replicates).

ATR-FTIR absorbance spectra collected from freshly harvested day 2 post-anthesis
transgenic flowers indicate some changes with respect to the molecular arrangements found in the
cuticle (Fig. 7.6a). Petunia expressing down-regulation of PhABCG12 exhibit decreased peak
intensity for wax-associated vibrations relative to wild-type spectra, as seen by the decrease in
methylene stretching (at 2920 and 2850 cm™) and bending (at 1470 cm™) modes. Additionally,
there is a clear increase in intensity for the peak associated with the cell wall (at 1050 cm™),
indicating that the coverage of wax relative to other petal surface components has significantly
decreased. For AtMYB106-12 petals, there was a slight increase in the methylene stretching and
bending peak signals compared to wild-type, likely due to the increased wax coverage. No

significant changes were readily apparent between wild-type and NANOR lines.
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Fig. 7.6 — Effect of genetic modifications on cuticle structure. (a) ATR-FTIR absorbance spectra
for two-day old post-anthesis wild-type (WT), PhABCG12-RNAI-9, AtMYB106-12, and NANOR-
10 petunia petals freshly harvested. (b) XRD patterns obtained for reconstituted cuticles isolated
from two-day old post-anthesis WT, PhABCG12-RNAI-9, AtMYB106-12, and NANOR-10 petunia
petals.

Measurement of the X-ray diffraction patterns of reconstituted cuticles exhibited changes
with respect to crystalline symmetry (Fig. 7.6b). AtMYB106 cuticles were found to have increased
layer order based on increases in peak intensity at low diffraction angles. In addition, peaks at high
diffraction angles associated with the spacing between crystalline units were significantly
increased for AtMYB106 cuticles when compared to the other cuticles tested. An increase in
absolute crystallinity is also observed from the decrease in the amorphous halo centered at 26 =
19°. While chemical analysis of AtMYB106 cuticles revealed no significant change in composition
relative to wild-type, it is possible that the increase in crystalline wax compounds is coupled with
a decrease in amorphous cuticle components (cutin, cyclic compounds, etc.) that were not

measured by GC-MS. Despite this increase in cuticle crystallinity, AtMYB106 flowers did not
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demonstrate decreased water permeability relative to wild-type flowers. It may be that changes in
cuticle crystallinity result in negligible changes towards water loss, as plant cuticles may already
be well adapted towards protection against water loss. However, changes in crystallinity may still
contribute to limiting water loss under high temperature stress.

7.4.3 Summary and future directions

Plants produce a diverse array of secondary metabolites with numerous benefits relating to
cosmetics, flavoring, medicine, and renewable fuels. Genetic engineering plants to produce high
quantities of these desired biochemicals successfully requires a priori knowledge of the processes
and regulation governing plant secondary metabolism. In this dissertation, we have focused largely
on elucidating the role of the cuticle in the emissions of VOCs. In Chapter 3, we formulated a
model cuticle that represents the physicochemical properties of petunia flower petals. By varying
the proportions of individual wax constituents found in the cuticle, different structural
characteristics were observed by X-ray diffraction. In Chapter 4, a model cuticle was simulated
using molecular dynamics, and the diffusivities of various volatiles were measured over a broad
range of cuticle compositions. Taken together, we concluded that the chemical composition of the
waxes directly contributes to the crystallinity of the cuticle, an increase in which can result in
decreased flux across the cuticle. Chapter 5 highlighted the effects of varying temperature on the
crystalline morphology of the model cuticle as well as the effect on diffusion. While cuticles with
different compositions may have similar crystalline content, their thermal phase behavior can be
significantly different. Chapters 3-5 primarily serve to illustrate the importance of assessing the
integrity of the cuticle as it relates to chemical composition, positing that the distribution of wax
compounds serves as the major determinant towards permeability.

In Chapter 6, the effect of a genetically modified petunia petal cuticle on the observed
emissions and accumulation of VOCs was investigated. It was discovered that VOCs are localized
in high abundance in the cuticle, where they hyper-accumulate to sustain high emission rates.
Knock-down of a wax exporter resulted in thinner cuticles that were incapable of storing VOCs to
the same extent as wild-type cuticles, resulting in decreased emissions overall. Individual VOCs
were found to have different mass transfer resistances in the cuticle where compounds with higher
relative volatility experienced negligible resistance. Thus, the cuticle is found to add another level
of regulation in the VOC network, controlling the quantity and dynamics of VOC emissions. In
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this chapter, we further characterize the effects of other genetic modifications, such as the
overexpression of cuticle biosynthetic pathways. Overexpression of AtMYB106 in petunia flowers
led to increased wax coverage, while overexpression of the CYP77A6/GPAT6 pathway led to no
measurable increase in wax abundance. However, no transgenic line appeared to have a significant
change in wax composition, causing insignificant effect of composition on permeability.
Nonetheless, phenotypic changes could be observed in these transgenic lines when using physical
characterization techniques, suggesting that there are changes in the wax distribution that are not
readily identified by GC-MS analysis.

While there has been increased effort into establishing the physicochemical properties of
the cuticle with relation to many of its associated functions, the desired properties of an “improved”
cuticle remains elusive. As researchers continue phenotyping transgenic variants, there will be
increased sampling of cuticle chemical compositions and physical properties. Comprehensive
coverage of the literature in time may prove beneficial towards resolving the effects of wax
composition on permeability, phase behavior, resistance towards biotic stresses, etc. Deep learning
methods are already being implemented to establish relationships for various plant phenotypes
with various variables (Ubbens and Stavness, 2017; Namin et al., 2018). Additionally, molecular
dynamics simulations can be implemented for multi-component wax systems to study the effect
of small changes in chemical composition and to assess the impact of specific gene perturbations.
Accurate phenotype characterization and estimation of parameters such as kinetic rate constants
and diffusion coefficients will be be able to further progress the field of rational plant engineering

for improved crops.
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APPENDIX A. CHAPTER 2 SUPPORTING INFORMATION

2-Phenylethanol (2-PE) substrate stoichiometric balance:

8 COz + 29 ATP + 20 NADPH + NADH + O + 14 H,0 — 2-PE + 29 ADP + 20 NADP* + NAD*
+37 H* + 29 Pi + H20,

Lignin substrate stoichiometric balance (H/G/S lignin ratio of 2/66/32%):

10.118 CO, + 35.59 ATP + 27.472 NADPH + 2.118 Oz + 15.354 H,O — lignin + 33.472 ADP +
AMP + 1.118 adenosine + 27.472 NADP* + 43.708 H* + 34.59 P; + 2.118 PP;
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APPENDIX C. CHAPTER 4 SUPPORTING INFORMATION

Simulation Initialization File

The following script was used in LAMMPS to study the diffusion of volatile organic

compounds in the model cuticle as described in Chapter 4. The input file (.init extension) contains

information on the simulation conditions (force-field empirical form, minimization procedure,

equilibration procedure, operating conditions, etc.). Lines starting with # denote comments.

# lammps input file for polymer simulation with dilute ions

# VARIABLES

variable data name
variable settings name
variable log name
variable nSteps ramp
steps for the ramped anneal
variable nSteps equil

steps for the ramped anneal

variable avg freq
variable coords freq
variable thermo freq
variable dump4avg
variable vseed
variable ANNEAL TEMP

the initial anneal
variable FINAL TEMP
to during the final anneal
variable pressure

simulations

# Change the name of the log
log ${log name}

index
index
index

index
index
index
index
index
index
index
index

index

index

output #

242

wax 15 voc-5.data
wax 15 voc-5.1in.settings
wax 15 voc-5.1log

500000 # number of data

10000000 # number of data

1000
1000
1000
100
74357

400.0 # Temperature during

298.0 # Temperature ramped

1.0 # Pressure during the



fmmmmmmmm e e e
units real # g/mol, angstroms, fs, kcal/mol, K, atm,
charge*angstrom

dimension 3 # 3 dimensional simulation

newton off # use Newton's 3rd law

boundary p p p # periodic boundary conditions

atom style full # molecular + charge
f===========================================================

# FORCE FIELD DEFINITION
f===========================================================
special bonds 17 0.0 0.0 0.0 coul 0.0 0.0 0.0 # NO 1-

4 LJ/COUL interactions

pair style hybrid 1j/cut/coul/long 14.0 14.0 # outer LJ
outer Coul (cutoff values, see LAMMPS Doc)

kspace style pppm 0.0001 # long-range electrostatics

sum method

bond style harmonic # parameters needed: k bond,
r0

angle style harmonic # parameters needed: k theta,
thetal

dihedral style hybrid opls # parameters needed: V1, V2,
V3, V4

pair modify shift yes mix arithmetic # using Lorenz-

Berthelot mixing rules



# READ IN COEFFICIENTS/COORDINATES/TOPOLOGY
read data ${data name}

include S{settings name}

# SET RUN PARAMETERS
timestep 1.0 # fs
run_style verlet # Velocity-Verlet integrator

neigh modify every 1 delay 0 check no one 10000 # More relaxed

rebuild criteria can be used

# SET OUTPUTS
thermo style custom step temp vol density etotal pe ebond eangle
edihed ecoul elong evdwl enthalpy press

thermo modify format float %$20.10f

thermo ${thermo freq}

# DECLARE RELEVANT OUTPUT VARIABLES

variable my step equal step
variable my temp equal temp
variable my rho equal density
variable my pe equal pe

variable my ebon equal ebond
variable my eang equal eangle
variable my edih equal edihed
variable my evdw equal evdwl
variable my eel equal (ecoult+elong)
variable my ent equal enthalpy
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variable my P equal press

variable my vol equal vol

fix averages all ave/time ${dumpdavg} S (v _avg freq/v dumpdavg)
${avg freq} v my temp v my rho v my vol v my pe Vv my edih

v my evdw v.my eel v my ent v my P file thermo.avg

# INITIALIZE VELOCITIES AND CREATE THE CONSTRAINED RELAXATION FIX
velocity all create S{ANNEAL TEMP} ${vseed} mom yes rot yes
# DRAW VELOCITIES

fix relax all nve/limit 0.01
run 10000

unfix relax

# REINITIALIZE THE VELOCITIES AND CREATE THE ANNEALING FIX
velocity all create S{ANNEAL TEMP} ${vseed} mom yes rot yes
# DRAW VELOCITIES

fix mom all momentum 1000 linear 1 1 1 angular # Zero out system
linear and angular momentum every psS

fix anneal all npt temp S${ANNEAL TEMP} S${FINAL TEMP} 100.0 iso
S{pressure} S${pressure} 1000.0 # NPT, nose-hoover 100 fs T

relaxation

# CREATE COORDINATE DUMPS FOR ANNEAL
dump anneal all custom ${coords freqg} anneal.lammpstrj id type x

y z
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dump modify anneal sort id format float %20.10g

# RUN RAMPED ANNEAL
run ${nSteps ramp}

unfix anneal

# RUN EQUILIBRATION PHASE AT FINAL TEMP

fix anneal all npt temp S{FINAL TEMP} S{FINAL TEMP} 100.0 iso
S{pressure} S${pressure} 1000.0 # NPT, nose-hoover 100 fs T
relaxation

run ${nSteps ramp}

unfix anneal

undump anneal

# UPDATE REBUILD CRITERIA
neigh modify every 1 delay 10 check yes one 10000 # More relaxed

rebuild criteria can be used

# UPDATE RUN PARAMETERS AND CREATE FIX
fix equil all npt temp ${FINAL TEMP} ${FINAL TEMP} 100.0 iso
S{pressure} S${pressure} 1000.0 # NPT, nose-hoover 100 fs T

relaxation

# CREATE COORDINATE DUMPS FOR EQUILIBRIUM
dump equil all custom S${coords freqg} equil.lammpstrj id type x y
Z

dump modify equil sort id format float %20.10g
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# RUN EQUIL
run ${nSteps equil}
unfix equil

undump equil

# WRITE RESTART FILES, CLEANUP, AND EXIT

write restart wax 15 voc-5.end.restart
write data wax 15 voc-5.end.data pair 1ii
unfix averages
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